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Abstract

A Chemical Biology Toolbox for Studying A-to-1 RNA Editing

By Steve D. Knutson

RNA carries and transports information within cells to significantly influence their function
and behavior. After transcription, RNA is also extensively modified by a number of enzymes to
further alter this information. Adenosine-to-inosine (A-to-l) editing is one of the most widespread
and impactful RNA modifications, and is catalyzed by adenosine deaminases acting on RNA
(ADARSs). Editing is essential for a number of biological processes, and dysfunctional editing is
directly linked to several disease pathologies. Despite this major importance, our overall
understanding of A-to-l editing is quite limited. In particular, existing technical challenges obscure
the true prevalence and landscape of A-to-l editing in the human transcriptome, and it is unclear
why certain sites are edited over others and what precise function they each serve. While it is
known that dysregulated editing is linked with numerous diseases, the exact molecular and
cellular mechanisms responsible for this relationship are also poorly understood. We also have
indirect evidence that different cell types and tissues display vastly different editing patterns, but
there are no approaches to measure these differences. As a result, we have little understanding
of how this heterogeneity affects overall tissue and organ function which might contribute to
disease. Given these limitations, the primary goal of my research has been to develop improved
tools to better probe A-to-I RNA editing and characterize its biological functions. This thesis aims
to highlight these efforts, and in Chapter 1 | will first provide an overview of the biological roles of
A-to-l editing and summarize current methodology for studying and harnessing this modification.
In Chapters 2 and 3, | then describe explorations of inosine labeling using acrylamide derivatives
to enable affinity enrichment and chemical profiling of A-to-I edited transcripts. In Chapters 4 and
5, | develop a protein-based platform for binding and detecting inosine in RNA using
Endonuclease V (EndoV), and highlight the powerful applications that have been leveraged from
these investigations. In Chapter 6, | describe our use of the covalent denaturant glyoxal as a
synthetic nucleic-acid modification which enables thermoreversible control over the structure and
activity of a variety of biomolecular constructs. Finally, in Chapter 7 | summarize the implications
of these present studies, discuss opportunities for advancing each technology platform, and

describe future perspectives and challenges for studying A-to-I RNA editing.
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Chapter 1

Introduction

1.1 RNA Modifications

RNA is a key information-carrying biomolecule that controls cellular function in all living
organisms. After transcription, RNA molecules undergo a host of processing and modification
steps to yield mature transcripts. In addition to capping, polyadenylation, and splicing steps that
yield mature mRNA," individual nucleobases within transcripts can also be modified by a number
of enzymes. These processes are now described as ‘RNA editing’ or ‘epitranscriptomic
modifications’ (Figure 1.1)*° and they affect nearly all types of RNA and encompasses a
significant and increasing number of known modifications. Figure 1.1b displays a select group of
these modified bases, and while there are many (>100) additional modifications known and more
continue to be discovered, these highlighted alterations are the most prevalent in the human
transcriptome and significantly influence RNA coding and function.?* Adenosines in particular are
frequently edited in humans, and different modifications are installed by several enzyme classes.
Adenosine-to-inosine (A-to-l1) conversions are catalyzed by adenosine deaminases acting on
RNA (ADARs) (Figure 1.1b), which in turn alter the base pairing properties of the nucleobase.
Similar to epigenetic modifications in DNA, methylation of certain nucleotides in RNA is emerging
as a widespread cellular event for tuning RNA function and regulating gene expression.® In
particular, N°-methyladenosine (m°A, Figure 1.1b) has been identified as the most frequent RNA
editing event in humans’® and appears to both enhance protein translation'® and promote phase-
separation of different transcripts into cytosolic granules."''? Additional methylation of m°A at the
2' OH position (m®Am) is also prevalent, and is enriched at the 5' termini of mMRNAs.” Uridines can
also be converted into pseudouridine (¥), and while originally discovered as a common

modification in both transfer RNA (tRNA) and ribosomal rRNA (rRNA)," these edits have now
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Figure 1.1 RNA editing introduces chemical and structural alterations to different nucleobases. a)
General schematic of RNA editing as a post-transcriptional processing step. b) Selected chemical
structures of several known modified ribonucleosides, with key molecular changes highlighted in color.
Reproduced with permission.™

been detected in thousands of human mRNAs.">"® Similarly, cytidines can be converted to N*-
acetylcytidine (ac*C),"'® 5-hydroxylmethylcytidine (hm°C),' and 5-methylcytidine (m°C),° with
each of these modifications playing key roles in translational quality control and RNA stability. The
discovery of these modifications represents an exciting new frontier in RNA biology, and
determining their precise cellular functions will likely yield significant insight into basic cellular
physiology. However, elucidating these roles has presented a significant challenge for the field

and required creative strategies to detect and map these events. A-to-l editing especially



exemplifies this challenge and promise, and subsequent sections of this chapter describe this

modification in greater detail.

1.2 A-to-l RNA Editing and ADAR Enzymes

Adenosine-to-inosine (A-to-l) editing is one of the most widespread and impactful RNA
modifications, and is catalyzed by adenosine deaminases acting on RNA (ADARs).?" A-to- editing
is also one of the most highly conserved modifications, occurring in many eukaryotic species and
is especially enriched in metazoans (animals).?? Deamination changes the structure and hydrogen
bonding pattern of the nucleobase, and resulting inosines instead hybridize with cytosine to
effectively recode these sites as guanine (Figure 1.2). RNA editing is widespread in both coding
and non-coding transcripts, producing dramatic changes in overall cellular function. Editing of
mRNAs can directly alter protein sequences through modification of codons, or by altering splice
sites and regulatory elements in untranslated regions. A-to-l editing events in non-coding RNAs,
particularly microRNA (miRNA) and small-interfering RNA (siRNA) precursors, can also produce
significant changes in their biosynthesis, trafficking, specificity, and gene regulation properties, in
turn dramatically affecting overall cellular behavior.?*#* Although modified by a separate but
similar class of enzymes, certain transfer RNAs (tRNAs) also undergo A-to-l editing in the N34
wobble position of anticodons, allowing these tRNAs to recognize multiple codons during

translation.?>? While it is unknown why RNA editing first evolved, its pervasiveness across

eukaryotes and participation in critical biological processes underscores its broad importance.
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Figure 1.2 Structural alterations resulting from A-to-l RNA editing. a) Adenosine deamination is
catalyzed by ADAR enzymes, incorporating oxygen from water and releasing ammonia (NHs). b) Editing
introduces a basepairing change, with inosine (I) preferentially hybridizing with cytidine (C).



ADAR1 and ADAR?2 are the primary enzymes responsible for catalyzing A-to-1 editing in
humans.?"2* ADARs have strong affinity for double-stranded RNA (Figure 1.3),%' and widespread
Alu elements throughout the transcriptome form long inverted repeats which are extensively
edited.?”? Interestingly, while ADARSs can edit adenosines in fully complementary RNA duplexes,
they appear to demonstrate greater activity toward mismatched base pairs, particularly in
structural bulges when adenosine is opposite cytidine.?**® Conversely, editing activity is
decreased on adenosines in very short (>15 bp) or only partly duplexed neighboring regions,
strongly suggesting that RNA secondary structure plays a critical role in editing site selectivity.?’
Nearest neighbor motifs in dsRNAs and other local regulatory sequence elements are also

beginning to emerge as integral to ADAR targeting.*® 3
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Figure 1.3. ADAR substrate recognition and catalytic mechanism. a) Crystal structure (PDB 5HP3) of
the deaminase domain from human ADAR2 (red) bound to a dsRNA substrate (gray) with target adenosine
(magenta). b) Key active site residues surround the adenosine substrate and facilitate deamination. Zinc
co-factor shown as a green sphere. c) ADAR catalytic mechanism. A coordinated water molecule is
activated by a glutamic acid in the active site, facilitating C® hydroxide attack. Glutamate then participates
in a proton shuttling sequence to form a C® carbonyl and release ammonia (NHs3).



Mechanistically, ADARs convert adenosine to inosine through an exocyclic deamination
as shown in Figure 1.3. The target adenosine is first “flipped out” (Figure 1.3a) to position the
nucleobase into the enzyme active site. Zinc is a vital cofactor in ADAR catalysis, with a conserved
H394, C451, C516 triad stabilizing the cation and facilitating coordination with a water molecule
(Figure 1.3b,c).®® A key proton-shuttling glutamate residue (E396) first deprotonates this water
molecule to generate a reactive zinc-hydroxide that attacks C® of adenosine to form a hydrated
tetrahedral intermediate. E396 then abstracts a proton from the newly formed O° hydroxyl,
protonating the N® amino group and enabling the release of ammonia (Figure 1.3¢).>* 3

Structurally, ADARs are highly conserved and modular, containing discrete domains for
dsRNA binding, nuclear trafficking, and catalytic deamination (Figure 1.4).%** ADARs 1, 2 and
3 are the predominant isoforms in animals, with ADARs 1 and 2 responsible for the majority of
editing activities. ADAR1 is the primary enzyme for catalyzing A-to-l editing in non-coding and
repetitive RNA regions, while ADAR1 appears to be implicated in protein recoding activities in key
mMRNA editing events. ADAR1 is further divided into two variations; a larger ~150 kDa enzyme
(ADAR1p150) and a smaller ~110 kDa (ADAR1p110) isoform, and the expression of these
variants appears to be regulated on independent promoters.®** While ADAR1p110 is
constitutively expressed, ADARp150 biosynthesis is upregulated in response to certain external
stimuli, including interferon.> ADAR1p110 also importantly lacks a nuclear export signal (NES),

requiring mediation by Ran-GTPases for nucleocytoplasmic shuttling.*® ADAR1 also contains a
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Figure 1.4 Structural domains of ADAR enzymes. These include Z-DNA binding domains (Za and Zf,
blue), double-stranded RNA binding domains (dsRBD,purple), and deaminase domains (red). Boxes
indicate relative position and size of each domain. Figure reproduced with permission.3®



Z-DNA binding domain, and though the precise function of this domain remains unclear, some
studies have pointed towards a role in the formation and processing of cytoplasmic stress
granules.*®*2 ADAR1 and 2 can generally be found across all cell and tissue types, but ADAR3 is
distinct in that is expressed exclusively in the brain, and uniquely contains an arginine rich motif
for binding ssRNAs.** ADAR3 also mysteriously displays little enzymatic editing activity despite
containing a functional deaminase domain. While its definitive roles remain elusive, some
investigations have suggested a downregulating function for ADAR3 based upon its observed
competition with ADARs1 and 2 for RNA substrates, decreasing overall editing frequencies.*
Homodimerization of ADARSs also appears to be a requirement for efficient deamination. Although
this activity is mediated by dsRNA binding domains, it also occurs independently of actual dsRNA
binding.***®* ADAR3 does not display this dimerization ability, possibly due to a lack of one or
more of these domains, which may also explain its non-editing behavior. Together, it is
increasingly apparent that ADAR regulation is complex, and the molecular principles by which

ADARSs recognize and target specific transcripts and particular bases are still not fully understood.

1.3 Biological Functions and Disease Mechanisms

A significant number of A-to-l sites have been catalogued in the human transcriptome (>
5 million),?> 4" and several apparent functional roles have emerged. Because inosine base pairs
with cytosine and thus results in a functional A-to-G transition (Figure 1.1b), these alterations can
directly modify codon sequences within mMRNAs and subsequently impart amino acid substitutions
in proteins (Figure 1.5a). These recoding events generate critical complexity and diversity in the
cellular proteome, and serve several key functions. mMRNA editing is especially prevalent in the

brain,*&-

where different ion channel and neurotransmitter receptor mRNAs undergo precise A-
to-I modification to create structural changes in the resulting proteins and adjust ion permeability
and membrane potential.®>*® In particular, mMRNA encoding the ionotropic glutamate receptor

GRIA2 undergoes precise A-to-l editing to induce a GIn-Arg recoding event, which importantly
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Figure 1.5 A-to-l editing in mRNA recodes amino acids. a) Universal genetic code table depicting codon
sequences for each amino acid. Start (AUG) and stop codons (UAA and UAG) are highlighted, and red
arrows depict possible transitions imparted by A-to-l editing. Table adapted from Griffiths et al. 2004. b)
RNA editing of the GRIA2 ionotropic Ca®* glutamate receptor channel alters physiological function. A-to-I
editing of a glutamine (GIn, Q) codon recodes this to arginine (Arg, R), significantly perturbing ion
permeability of the channel.

alters channel permeability to Ca®" (Figure 1.5b).5> %* Several classes of both neurotransmitter
receptors® 5% and ion channels® require this type of mRNA recoding for proper neuronal
activity, and dysregulation of this process is directly responsible for brain development
disorders,®" *° glioblastoma,* and neurodegeneration.®®%! Further, alterations in neurotransmitter
editing has also been linked to depression, schizophrenia, metabolic dysregulation, and obesity.%%
% Numerous key proteins involved in cytoskeleton organization,®® intracellular transport,®® and
metabolic signaling® also undergo A-to-l recoding, and many cancer types have been directly
linked to aberrations in these events.®®*’* Abnormal mRNA editing is also generally prevalent in
cancer throughout the body, and off-target A-to-l transitions in many oncogene and tumor
suppressor transcripts provide a direct molecular link between RNA editing and cancer
pathology.”>" ™ Interestingly, overall editing activity also varies between different tissue and cell
types, underscoring the vital role of A-to-1 editing in creating intercellular diversity and specialized
tissue function.?> 2 Moreover, recoding patterns also change significantly during tissue

development and are often required for stem cell differentiation.?> "% Small regulatory RNAs are



also extensively edited, in turn modulating the specificities and biogenesis of small-interfering
RNAs (siRNAs) and microRNAs (miRNAs) and affecting global gene expression patterns.?*
Despite the significant functional importance of these sites, the vast majority of editing
actually occurs in repetitive, non-coding RNA sequences.?* *" In particular, these sites are found
in Alu elements embedded throughout the transcriptome and are common in non-coding regions
of MRNA.?"-8" Although unclear, Alu elements are thought to have originated from spontaneous
duplication of the signal recognition particle RNA gene (7SL) sometime during rodent and primate
evolutionary divergence, and now represent a major type of transposable element in humans and
other primates. 8 Additionally, because of their high frequency (>10.7% of the human genome),®®
these are also classified as short interspersed nuclear elements (SINEs) in DNA. RNA transcribed
from these Alu elements are especially important in the context of ADAR-mediated A-to-I editing,
in that they are comprised of long (~300 bp) inverted repeats that adopt extensive dsRNA
structures, which are efficiently recognized and edited by ADAR1 (Figure 1.6).?" 8! Alu editing

22,47

locations account for millions of A-to-| sites in humans, and may explain why editing activity

is generally much higher in humans and primates compared to other mammals.?
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Figure 1.6 A-to-l editing of Alu element repeats. Alu elements are typically comprised of “forward” and
“reverse” segments, which form inverted repeats in RNA transcripts and associate into long dsRNA
structures. These are then recognized and edited extensively by ADAR enzymes.



Interestingly, widespread Alu RNA editing also appears to be a play a critical cellular
function in humans. Unmodified dsRNA within the cytosol is typically indicative of viral infection
and is quickly recognized by a suite of sensor proteins that activate the innate immune system.®®
Alu editing sites embedded throughout the transcriptome are now thought to help mark host
cellular RNA as “self’ and regulate these inflammatory pathways. 2" 23 8-8 Unsurprisingly,
malfunctions in this type of A-to-I editing are directly linked to several types of disease. ADAR1
editing of these Alu elements appears to be a critical molecular event during embryonic
development, and genetic deletion of ADAR1 in mice is typically a lethal phenotype before birth.
80. 8991 Thjs js thought to occur because of uncontrolled innate immune activation in certain
developing tissues, which in turn activates cytotoxic interferon responses and results in large-
scale tissue death and deformation. 8 912 Similar dysregulation of this process in humans is also
implicated in autoimmune disease, including both systemic lupus and Aicardi-Goutieres
syndrome.®% Several types of cancer also exhibit ADAR1 overexpression and hyperactive Alu
editing, which is theorized as a potential mechanism of evading normal immune system
checkpoints and surveillance.”® %

Despite its importance, our overall understanding of A-to-I editing regulation, function, and
dynamics is significantly limited. In particular, while many sites have been identified (> 5 million),*”
% the true prevalence and landscape of A-to-l editing in the human transcriptome is largely
unknown, and it is unclear why certain sites are edited over others and what precise biological
function they each serve. These knowledge gaps are especially problematic for therapeutic site-
directed RNA editing strategies, which rely on the substrate preferences and inherent efficiencies
of the natural ADAR machinery.*® While global dysregulation of editing is also linked with
numerous diseases, the exact molecular and cellular mechanisms responsible for this relationship
are poorly understood. Similarly, because we lack tools to rapidly measure differences in ADAR

activity between different cell and tissue types, we have little understanding of how this

heterogeneity might contribute to disease. Gaining a deeper understanding of these and other
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RNA modification patterns would provide invaluable information regarding disease progression.
Moreover, addressing these knowledge gaps would lead to the identification of novel druggable

protein and RNA targets and advance the development of new diagnostic tools.

1.4 Detecting A-to- RNA Editing

Because of its importance, there is great interest in developing technologies to robustly
map A-to-| sites and determine their biological significance. Early efforts were devoted to isolating
and characterizing different ADAR isoforms, and yielded strong insight into editing mechanisms
and substrate specificities.?=* % More recently, a powerful workflow developed to map ADAR
binding sites in RNA with both high resolution and throughput.'" This method, termed irCLASH
(infrared crosslinking, ligation, and sequencing of hybrids), identifies ADAR binding sites by
crosslinking the enzymes to RNA and then isolating and sequencing these regions. Interestingly,
this revealed that ADARs bind ~50 bp footprints in tandem pairs on long RNA duplexes,
corroborating earlier notions that ADAR dimerization is critical for activity.** '° Because irCLASH
can isolate specific ADAR isoforms, this method also elucidated key binding differences for both
ADAR1 and ADAR2, revealing unique signatures for both protein-recoding (predominantly
ADAR2) and Alu-type (ADART1) editing sites. This study was also notable for mapping ADAR3
binding sites, which have been notoriously difficult to characterize because the enzyme does not
introduce detectable editing sites in RNA. Interestingly, irCLASH datasets demonstrated that
ADARS binding sites significantly overlapped with ADAR2 regions, suggesting it may compete
with ADAR?2 for these editing substrates to negatively regulate overall editing levels.'®" Although
biochemical characterization of ADAR enzymes has provided some insight into editing
mechanisms,?*3% ' these approaches indirectly infer editing site locations, and it still remains
unclear why some A’s are edited over others or how editing rates at individual sites are regulated.
Moreover, several fundamental questions remain as to how editing is differentially regulated

between different cell types and at varying stages of development.
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Accurately identifying A-to-I RNA editing sites in the transcriptome is key for elucidating
these roles, and robust correlation between editing activity and disease pathology will enable full
leveraging of this molecular signal as a diagnostic biomarker. One of the first analytical methods
developed for inosine detection relied on RNase T2 degradation of RNA followed by
phosphorylation of each ribonucleotide with P*2. Using thin-layer chromatography (TLC), labeled
ribonucleotides could then be resolved and imaged using autoradiography, and when compared
to an internal inosine standard, A-to-l content in different samples could be estimated. This study
was significant in that it provided the first estimate of tissue-level A-to-l editing activity in rat
mMRNA, and this technique has also been used to estimate ADAR editing kinetics in chemically
synthesized RNA substrates.’* '® However, this method is also technically challenging, suffers
from low precision and utilizes hazardous material, and has thus not been widely adopted outside

of these experiments.

N RO CGAGTTAGGTGGG
| TNueiH-N

U DNA

N
A:U
basepairing 5/\/\ /\/ \K/ \ //\

O
| CG GTTGGGTGGG
E/I(NH IIIII Y\?
11141 NJ
o RNA

I:C
basepairing

Figure 1.7 A-to-l editing sites can be identified with Sanger sequencing. a) Structural alterations
introduced by A-to-1 editing, with inosine being functionally recoded as guanosine (G). b) This base pairing
change can be identified in Sanger sequencing traces. Sample traces from genomic DNA and reverse-
transcribed RNA are aligned to illustrate this change. An A-G transition is highlighted, indicating the
presence of an editing site with 100% conversion.
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Because inosine is decoded as guanine by polymerases, these sites can also be reliably
detected by identifying A-G conversions between DNA and RNA samples. In particular, target
RNA can be reverse transcribed and analyzed using Sanger sequencing, and A-to-I sites can be
reliably inferred by comparing matched genomic DNA to reverse-transcribed RNA samples
(Figure 1.7). While this is effective for sites that are robustly converted (100% editing frequency
is shown in Figure 1.7b), most A-to-| sites undergo very low or variable editing frequencies,?? and
these sites can be highly challenging to detect using Sanger sequencing. In particular, editing
rates below ~15-20% are nearly impossible to distinguish from typical Sanger baselines.
Additionally, Sanger is a low-throughput method and further requires prior knowledge of candidate
sites to design specific primers, and is thus significantly limited in its ability for large-scale mapping
of A-to-1 editing sites in the human transcriptome.

To circumvent these limitations, newer methods have incorporated chemical labeling
strategies to identify RNA modifications. In particular, acrylonitrile labeling has been used to

49.193 which reacts through a type of Michael addition to form N'-

modify and detect inosines,
cyanoethylinosine (ce'l) (Figure 1.8). While this chemistry has been known for some time, it was
only recently discovered that ce'l also arrests reverse transcription. This finding was then
leveraged into a new epitranscriptomic sequencing tool known as “inosine chemical erasing
sequencing” (ICE-seq)."® In this method, acrylonitrile-labeled RNAs produce truncated cDNA
transcripts, eliminating their amplification by PCR for sequencing (Figure 1.8b). Thus, when
comparing the sequencing data of treated and untreated RNA, regions that contained inosines
are “erased” from sequencing chromatograms (Figure 1.8b). This can also be coupled with high-
throughput analysis algorithms for identifying new sites, and represented a significant
improvement in detection workflows for A-to-l site discovery. However, this method is also still

limited in sensitivity as it still requires identification of A-G transitions in “untreated” samples, and

hence suffers from the same limitations as other Sanger-based methods.
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Figure 1.8 Acrylonitrile reacts with inosine and chemically alters Sanger sequencing results. a)
Inosine undergoes Michael addition with acrylonitrile to form N'-cyanoethylinosine. B) Because these
adducts are on the Watson-Crick-Franklin face of the nucleobase, they arrest reverse-transcription and
“erase” A-G transitions.

The development of high-throughput RNA sequencing (RNA-seq) has improved this
sensitivity problem and enables detection of editing events in single RNA molecules, and is now
the most widely adopted method to identify editing sites.'® While this still relies on the sequence
change introduced by A-to-l editing and enables high-throughput identification of inosine in
transcripts, editing sites are still quite rare in the context of total RNA (~0.1 — <0.01% of all
nucleotides).?* 1% Additionally, key edited transcripts can be low in copy number and actual editing
rates at individual sites are often highly variable.? RNA-seq is also limited to capturing small
“‘windows” of RNA, making this technique inconsistent and prone to random sampling errors.
Because of these challenges, RNA-seq requires excessive amounts of RNA input material,
specialized instrumentation, and very high numbers of sequencing reads to achieve sufficient

depth and coverage for accurate A-to-I calling.’®'%” Overexpression of ADARSs is also linked with
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many types of cancer,®® """ and both under->* %1% and over-editing”® % %

phenotypes have
been observed in other disorders. While global editing signatures could serve as a vital diagnostic
biomarker in these examples, current methods to profile inosine abundance rely on the same
RNA-seq technology described above and thus suffer from the same limitations that necessitate
large investments in material and time, and require lengthy computational pipelines to generate
a single metric.?® At present, there is significant demand for technologies that both sensitively

identify and map individual editing sites as well as rapidly profile the overall abundance of inosine

in cellular RNA samples.

1.5 Summary and Conclusions of this Dissertation

Despite the critical importance of this process in cellular function, our overall
understanding of A-to-I editing is significantly limited, and this incomplete knowledge is the direct
result of technical challenges associated with current methods for detecting, studying, and
controlling this modification. Given these limitations, the primary goal of my research has been to
develop improved tools to better probe A-to-I RNA editing and characterize its biological functions.
In this thesis, we describe in detail our investigations of chemical and biological strategies for
engineering these new methods.

Building off observations that inosine can be directly labeled with Michael acceptors,*® 1%
we first construct acrylamide derivatives that can selectively react with inosine in RNA to yield a
detectable signal. As an initial demonstration, we first synthesized acrylamidofluorescein to
enable fluorescent detection of inosine in RNA transcripts (Chapter 2). We then expanded this
chemistry into a generalizable phenylacrylamide scaffold that allows “clickable” installation of any
fluorophore or small molecule payload to A-to-l sites, enabling rapid characterization of editing
activity in small RNA substrates (Chapter 3). While these reagents were feasible for labeling small
RNA substrates, acrylamide and acrylonitrile derivatives also display off-target labeling with other

nucleobases (particularly those containing nucleophilic nitrogens) and were hence less-suited for
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use with complex cellular RNA samples. Looking to Nature for a solution to this molecular
recognition challenge, we then describe how we harnessed the exquisite ability of Endonuclease
V (EndoV) to recognize and bind inosine-containing RNAs. In particular, we first developed
EndoVIPER (Endonuclease V immunoprecipitation enrichment) as a method to selectively enrich
A-to-l edited transcripts prior to RNA-seq, roughly doubling the amount of newly identified editing
sites compared to standard workflow (Chapter 4). Building off of these results, we then leverage
EndoV’s highly specific binding affinity for inosine in RNA to construct a chemiluminescent
immunoassay for direct detection of global A-to-l editing signatures in cellular RNA (Chapter 5).
We find that this method is comparable to existing RNA-seq computation workflows for detecting
inosine content with a dramatic reduction in both lead-time and cost. Lastly, we utilize the covalent
denaturant glyoxal, which was a key step in our EndoV-based workflows, as a synthetic nucleic
acid modification. Glyoxalation of different substrates affords thermoreversible control over
virtually any nucleic acid, positioning this a vital platform for constructing stimuli-responsive
materials medicine, biocomputing, and nanotechnology. Additionally, our demonstration expands
our notions of how nucleic acid modifications may be leveraged in different synthetic applications.
| then finally summarize current perspectives gained from these developments, and discuss future
initiatives for optimizing and deploying these new technologies in a variety of biological contexts

(Chapter 7).
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Chapter 2
Chemical Labeling and Affinity Capture of Inosine-Containing RNAs Using

Acrylamidofluorescein®

2.1 Abstract:

Adenosine-to-inosine (A-to-I) RNA editing is a widespread and conserved post-
transcriptional modification, producing significant changes in cellular function and behavior.
Accurately identifying, detecting, and quantifying these sites in the transcriptome is necessary to
improve our understanding of editing dynamics, its broader biological roles, and connections with
diseases. Chemical labeling of edited bases coupled with affinity enrichment has enabled
improved characterization of several forms of RNA editing. However, there are no approaches
currently available for pull-down of inosines. To address this need, we explore acrylamide as a
labeling motif and report here an acrylamidofluorescein reagent that reacts with inosine and
enables enrichment of inosine-containing RNA transcripts. This method provides improved
sensitivity in the detection and identification of inosines towards a more comprehensive
transcriptome-wide analysis of A-to-l editing. Acrylamide derivatization is also highly
generalizable, providing potential for the labeling of inosine with a wide variety of probes and

affinity handles.

*Adapted from Ref. 1 with permission from Knutson, S. D.; Ayele, T. M..; Heemstra, J. M. Bioconjugate Chemistry,
2018, 29(9), 2899-2903. Copyright 2018 American Chemical Society.
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2.2 Introduction:

RNA is extensively edited after transcription. Adenosine-to-inosine (A-to-1) conversion is
of one of the most common and impactful forms of editing and is catalyzed by adenosine
deaminases acting on RNA (ADARs).? Resulting inosines base pair with cytidine and are
effectively decoded as guanosine by cellular machinery. A-to-l editing occurs in both coding and
non-coding RNA transcripts, eliciting dramatic changes in overall cellular function and behavior.
Editing of mRNA can alter protein sequence through direct modification of codons or by altering
splice sites and regulatory elements in untranslated regions. A-to-l editing events are also
extensive in non-coding RNAs, including microRNA and small-interfering RNA precursors,
significantly altering their biosynthesis, trafficking, specificity, and gene regulation properties.®®
Accurately identifying A-to-I RNA editing sites in the transcriptome is necessary to improve our
under-standing of these modifications and their biological functions. A recently developed method
to map A-to-l editing locations employs chemical modification of inosines with acrylonitrile to form

N'-cyanoethylinosine (Figure 2.1a).5’

Termed inosine chemical erasing sequencing (ICE-seq),
this technique leverages the observation that inosine cyanoethylation inhibits Watson-Crick base
pairing and effectively arrests reverse transcription at A-to-l editing sites. Resulting truncated
cDNAs fail to undergo PCR amplification and are “erased” from RNA sequencing chromatograms,
allowing bioinformatic detection of editing sites. Although ICE-seq has improved the accuracy and
scalability of mapping and discovering A-to-I RNA editing sites, this method is also limited in
sensitivity, as labeled inosine-containing transcripts cannot be enriched. Additionally, while
millions of A-to-l sites have been identified across the human transcriptome, actual editing rates
at these sites are highly variable and dependent on cellular and environmental cues, rendering
them difficult to detect, characterize, and measure with these techniques. This is particularly true
in coding RNAs, where I/A ratios can range anywhere from <0.001-5% depending on tissue type

or external stimuli.>"° Together, these challenges mask the overall prevalence and true landscape

of A-to-I RNA editing across the transcriptome.
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Figure 2.1 Chemical labeling of inosine. a) Acrylonitrile and b) acrylamidofluorescein produce N' addition
products. c) Acrylamidofluorescein labeling enables affinity capture of transcripts containing inosine.

The ability to enrich A-to-I edited transcripts from more complex total RNA samples would
largely address this limitation and allow for deeper interrogation and characterization of the
epitranscriptome. Approaches using chemical labeling and/or antibody immunoprecipitation to
capture edited transcripts have enabled significant advances in identifying and cataloging a
number of other RNA modifications, including N'- and N°-methyladenosine, 5-methylcytidine, 5-
hydroxymethylcytidine, and pseudouridine (W)."""® While a previous study reported the
production of antibodies targeting inosine for the enrichment of tRNAs, this method also displayed
adsorptivity to other nucleobases and has not been further demonstrated in any other contexts.?

Thus, no generally applicable methods currently exist for the derivatization and/or enrichment of
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inosines in RNA, significantly limiting both depth and sensitivity in identifying and studying A-to-I
RNA editing dynamics across the transcriptome.

In the design of a reagent for affinity capture of inosine-containing RNAs, we hypothesized
that an acrylamide electrophile would provide similar reactivity towards inosine as acrylonitrile,
while offering the structural flexibility to install an affinity handle for enrichment. This reagent would
provide both fluorescent labeling of inosines and the ability to perform affinity capture of A-to-I
edited RNA transcripts using a commercially available anti-fluorescein antibody (Figure 2.1b,c).
Here, we develop and evaluate this strategy and demonstrate the first generalizable inosine-
reactive electrophile for fluorescent detection and affinity enrichment of inosine-containing

transcripts.

2.3 Results and Discussion:

To test our hypothesis, we first carried out a facile synthesis to generate
acrylamidofluorescein (Figure 2.2). After designing and synthesizing the acrylamidofluorescein
reagent, we assessed initial labeling performance by reacting acrylamidofluorescein and
acrylonitrile with each of the major ribonucleosides: inosine (l), pseudouridine (W¥), uridine (U),
guanosine (G), adenosine (A), and cytidine (C). Closely mimicking the ICE reaction conditions, a
mixture comprising 50 mM ribonucleoside and 250 mM of either acrylonitrile or

acrylamidofluorescein was prepared in 50:50 triethylammonium acetate:ethanol at pH 8.6.

HO HO,

o -
pyridine
O S T D
o oA,
o) H 0

5-aminofluorescein acrylic acid acrylamidofluorescein

Figure 2.2 Synthesis of acrylamidofluorescein.
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Figure 2.3 Reactivity characteristics of acrylamidofluorescein. a) Representative HPLC traces
depicting the reaction between inosine and acrylamidofluorescein over 24 hours. Disappearance of inosine
() correlates with the appearance of a new putative N1-fluoresceinacrylamidoethylinosine (FAE1I) product
peak. b) ESI-MS analysis confirming mass identity of FAE1] product. ¢) Reactivity panel of acrylonitrile and
acrylamidofluorescein with ribonucleosides after 24 hours. d) Dependence of reaction rate constants on pH
for the major reacting nucleosides inosine (l) and pseudouridine (V).

The solutions were incubated at 70 °C and the reaction was monitored by HPLC over 24 hours.
As illustrated in Figure 2.3a, disappearance of inosine peaks is clearly shown along with the
formation of a new product peak in both 254 nm and 494 nm chromatograms. This product peak
was isolated and analyzed using ESI-MS and MS/MS analysis, confirming the identity of the
predicted N'-fluoresceinamidoethylinosine (FAE'l) product (Figure 2.3b). Using ribonucleoside
peak areas in the chromatograms, we determined the ratio of reacted vs unreacted ribonucleoside
to calculate average conversion percentages for each base at various time points over 24 hours
(Figures 2.3c, A6).

While acrylamidofluorescein and acrylonitrile exhibit similar reactivity trends, it is clear
from the data that acrylonitrile has higher reaction efficiency (Figures 2.3d, A6). This is likely due
to the difference in electron withdrawing properties between the two reagents, which contributes

significantly to the kinetics of addition reactions.?"?? Given that the amide group is less
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withdrawing than the nitrile moiety, these results are then unsurprising. Regardless,
acrylamidofluorescein and acrylonitrile display similar overall labeling selectivity, exhibiting major
product formation with | and W, minimal reactivity with U and G, and virtually no reactivity with A
and C throughout extended reaction times. While both reagents display reactivity with ¥, these
observations are consistent with previous studies using acrylonitrile and serve to demonstrate the
similar reactivity profiles of both acrylonitrile and acrylamidofluorescein. Indeed, the first reports
of acrylonitrile-nucleoside labeling demonstrated its robust reactivity with N' on both inosine and
W 2122 To further validate addition of acrylamidofluorescein at N' of inosine, we assessed the
effect of pH on reaction rates. Early characterizations of acrylonitrile reactivity with inosine showed
that cyanoethylation is strongly pH dependent, suggesting N' deprotonation is required for
reactivity. Similarly, the data in Figure 2.3d illustrate the direct correlation between reaction rate
and pH and highlight the preferred reactivity with inosine at ~pH 8.5-8.6, consistent with the known
pKa values of N' for inosine (8.7)?® and pseudouridine (9.5).2* Taken together with the MS spectra,
these results strongly support the predicted N' addition to inosine and further suggest a similar
labeling mechanism of acrylamidofluorescein compared with the well characterized chemistry of
acrylonitrile.

Given the promising results of our reagent with ribonucleosides, we next sought to
demonstrate acrylamidofluorescein labeling of inosine in RNA oligoribonucleotides. As a test
system for these studies, we chemically synthesized two short RNAs containing a 5 Cy5
fluorescent label and an adenosine (RNA-A-Cy5) or inosine (RNA-I-Cy5) at a defined position.
We subjected each of these RNAs to acrylamidofluorescein labeling and denaturing PAGE
analysis. As shown in Figure 2.4a, fluorescein labeling is clearly observed in RNA-I-Cy5 with
increasing reaction times, and the labeled product exhibits a slight decrease in migration rate. In
comparison, only a faint signal is observed for RNA-A-Cy5, even after a 48 hour reaction time.
Given that the presence of inosine is the only molecular difference between these two RNA

strands, these data are indicative of selective fluorescein addition at this nucleotide position.
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Figure 2.4. RNA labeling with acrylamidofluorescein. a) Denaturing PAGE analysis of synthetic
oligoribonucleotides labeled with acrylamidofluorescein. b) Densitometric quantification  of
oligoribonucleotide labeling.

Densitometric analysis was performed on the labeled RNA bands in the gels and normalized to
standard amounts of fluorescein and Cy5-labeled control oligo nucleotides. These data were then
used to calculate labeling yield as a function of reaction time (Figure 2.4b), which illustrates good
selectivity for labeling of RNA-I-Cy5 compared to RNA-A-Cy5. This experiment also highlights the
importance of reaction time in maximizing inosine labeling efficiency while maintaining selectivity,
as we observe optimal RNA-I:RNA-A labeling ratios at approximately 24 hours. While longer RNA
transcripts can undergo hydrolysis in mild alkaline conditions at elevated temperatures, these
data demonstrate the stability of shorter RNA segments under our reaction conditions. We

envision the use of this labeling method with high-throughput RNA-seq workflows, which require
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Figure 2.5. Labeling and affinity enrichment of inosine-containing RNAs. a) Workflow for quantifying
pulldown efficiency with acrylamidofluorescein labeling and immunoprecipitation. b) Fold enrichment of
inosine-containing oligoribonucleotides from varying mixtures.

fragmentation of longer RNAs prior to library preparation and amplification. This fragmentation
step is employed upstream of chemical labeling and pulldown in the analogous strategies

11-12,18-18, 25 and thus our results indicate

described above for mapping other RNA modifications,
compatibility with these platforms.

Encouraged by these results, we sought to establish feasibility for our ultimate goal of
enriching inosine-containing transcripts via immunoprecipitation (IP) of labeled oligonucleotides.
To test this approach, we utilized the same RNA sequences from the previous experiment but

labeled the inosine and adenosine variants with Cy5 and Cy3, respectively, to allow for

simultaneous fluorescence-based quantification of each species. RNA-I-Cy5 and RNA-A-Cy3
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were combined in varying ratios, subjected to acrylamidofluorescein labeling, and then affinity
captured using an anti-fluorescein monoclonal antibody and protein A/G magnetic beads. After
extensive washing, bound oligoribonucleotides were eluted and quantified using a fluorescence
plate reader (Figure 2.5a). Final concentrations of RNA-A-Cy3 and RNA-I-Cy5 after pull-down
were compared to input ratios to calculate fold-enrichment. As shown in Figure 2.5b,
acrylamidofluorescein labeling coupled with IP enables upwards of 7-fold enrichment of inosine-
containing oligoribonucleotides, with the highest enrichment factors achieved for samples

containing the lowest ratios of the inosine-containing RNA.

2.4 Conclusion:

Chemical modification strategies coupled with affinity capture have significantly improved
the sensitivity and accuracy in sequencing, mapping, and characterizing several modified RNA
bases.""® However, there are no extant methods for enriching A-to-I edited transcripts, greatly
limiting our ability to understand the true scale and impact of A-to-I modifications on cell and tissue
function. Here we address this challenge through the synthesis of a novel acrylamidofluorescein
reagent that chemically labels inosine and enables the enrichment of A-to-l edited transcripts.
While the observed reactivity between acrylamidofluorescein and WY may seem problematic for
the effective isolation and enrichment of inosine-containing transcripts from biological samples,
W is found predominantly in ribosomal RNAs and tRNAs, and thus effective fractionation of total
RNA samples can remove significant quantities of this modified base. In coding RNAs, | also
vastly outnumbers W, with current estimates of ~500:1 |:¥.® '8 % Additionally, methods have now
been developed to selectively label and/or deplete W from total RNA pools using biotinylated

carbodiimide reagents.®

We envision that acrylamidofluorescein could be coupled with
carbodiimide labeling to achieve simultaneous selective modification and separate enrichment of
transcripts containing | and W, respectively. We also recognize the potential to improve

enrichment by reducing reactivity with the natural ribonucleosides U and G, and efforts are
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underway to explore alternative acrylamide structures toward this goal. Regardless, given the
present lack of methods for isolating inosine-containing RNAs, the research presented here
represents a critical first step toward integrating chemical labeling and enrichment methods for
this important application.

A-to-1 RNA editing is among the most widespread epitranscriptomic modifications and is
integral to a variety of cellular processes. Additionally, direct links to malfunctions in A-to-l RNA
editing are being rapidly discovered for a growing number of diseases. Robust identification and
characterization of these RNA modifications is vital to understanding their biological function and
dynamics. The research reported here is anticipated to advance the study of A-to-I RNA editing
by enabling a more comprehensive and deeper detection of inosines in the transcriptome through
pre-enrichment of edited transcripts from complex RNA mixtures. While our initial investigation
utilized acrylamidofluorescein, the acrylamide scaffold offers considerable flexibility for the
attachment of other affinity handles and functional probes. Thus, we envision that our labeling
and affinity capture approach can be expanded into a rich toolbox for elucidating the true scale

and dynamics of A-to-1 editing.
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2.5 Materials and Methods:

Synthesis of Acrylamidofluorescein

To a solution of 5-aminofluorescein (1.00 g, 2.88 mmol) in pyridine (8.00 ml, 98.9 mmol),
N-(3- dimethylaminopropyl)-N’-ethylcarbodiimide hydrochloride (828 mg, 4.32 mmol) and acrylic
acid (0.390 ml, 5.76 mmol) were added and left to stir at room temperature overnight. Once the
5- aminofluorescein was consumed, as determined by TLC, the reaction was dried under reduced
pressure to form a crude oil. The crude oil was added into 20 mL of 10% sodium hydroxide and
extracted using dichloromethane. The organic layer was collected and acidified by adding
concentrated hydrochloric acid until orange precipitates formed. The product was then vacuum
filtered and dried to yield 0.930 g (80.7%) of orange powder. '"H NMR (400 MHz, DMSO-d6) &
10.93 (s, 1H), 8.47 (s, 1H), 7.96 (d, J = 8.6, 1H), 7.22 (d, J = 8.2, 1H), 6.77 (s, 2H), 6.53-6.68 (m,
5H), 6.35 (d, J = 16, 1H), 5.84 (d, J = 11.3, 1H). "*C NMR (400 MHz, DMSO-d6) & 168.9, 164.2,
160.9, 152.8, 141.2, 132.0, 130.0, 128.2, 127.7, 126.7, 125.4, 114.8, 113.7, 110.6, 102.7. HRMS

m/z (ESI) calcd for C23H1sNOs (M+H)+ 402.09776, found 402.09658.

Ribonucleoside Labeling and HPLC Analysis

Ribonucleosides inosine, guanosine, adenosine, cytidine and uridine were purchased
from Sigma Aldrich Corporation (St. Louis, MO). Pseudouridine was obtained from MP
Biomedicals LLC (Santa Ana, CA). Labeling reaction mixtures were comprised of 50 mM
ribonucleoside and 250 mM reagent (acrylonitrile or acrylamidofluorescein) in 50:50
EtOH:reaction buffer. Phosphate buffered saline (PBS) was used for reactions from pH 6.5-7.5
and 1M triethylammonium acetate (TEAA) for pH 8.0-10.5. Reactions were incubated at 70 °C for
the time periods indicated. Reversed-phase HPLC analysis was performed on an Agilent 1260
Infinity Il system using a 4 um, 150 x 4.6 mm Phenomenex Synergi Fusion-RP 80A C18 column.
Samples were prepared in a stationary phase solution of 5% acetonitrile in PBS. Acrylonitrile

reactions were analyzed using an isocratic mobile phase of 5:95 acetonitrile:water.
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Acrylamidofluorescein reactions were analyzed using a linear mobile phase gradient from 5% to

45% acetonitrile in water over 25 minutes. All mobile phases contained 0.1% trifluoracetic acid.

RNA Oligoribonucleotides
RNA oligoribonucleotides were custom designed and synthesized from Integrated DNA
Technologies (Skokie, IL). Edited and non-edited controls were synthesized with either Cy5 or

Cy3 at the 5’ terminus as shown below.

RNA-I-Cy5 5’ Cy5/GACACAUCCGCICAGCAACGAG 3
RNA-A-Cy3 5’ Cy3/GACACAUCCGCACAGCAACGAG &
RNA-A-Cy5 5’ Cy5/GACACAUCCGCACAGCAACGAG &

Oligoribonucleotide Labeling and PAGE Analysis

In triplicate, 1000 pmol of either RNA-A-Cy5 or RNA-I-Cy5 was added to a 0.1 mL solution
of 250 mM acrylamidofluorescein in 50:50 EtOH:TEAA buffer and adjusted to pH 8.6. Reactions
were incubated at 70°C. At indicated time points, crude reaction mixture was diluted 1:200 in tris-
EDTA pH 7.5 buffer and ethanol precipitated. Samples were resuspended in Tris-EDTA buffer
and quantified via Cy5 fluorescence. 1 pmol of each purified sample was loaded into each well,
resolved on a 10% denaturing polyacrylamide gel, and imaged with a GE Amersham Typhoon.
Densitometric quantification of bands was performed using Imaged software. Each sample was
normalized by comparing intensity of purified reaction bands to known amounts of RNA-I-Cy5 and
a fluorescein labeled DNA oligonucleotide. Percent conversion was defined as the molar ratio of

fluorescein to Cy5 for each well. All reactions were analyzed in triplicate.
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Oligoribonucleotide Labeling and Immunoprecipitation Pulldown
In triplicate, varying mixtures of RNA-I-Cy5 and RNA-A-Cy3 were prepared in a 0.1 mL solution
of 250 mM acrylamidofluorescein in 50:50 EtOH:TEAA buffer, adjusted to pH 8.6, and incubated

at 70 °C for 24 hours. Mixtures were defined as follows:

Input Ratio (RNA-I-Cy5:RNA-A-Cy3) pmol RNA-I-Cy5 pmol RNA-A-Cy3
1:1 500 500
1:10 100 1000
1:100 10 1000
1:10* 1 1000
1:10° 0.1 1000

After incubation, crude reaction mixtures were diluted 1:10 in tris-EDTA pH 7.5 buffer and ethanol
precipitated. Samples were resuspended in 0.5 mL PBS + 0.05% tween 20 (PBST). An excess
of monoclonal mouse anti-fluorescein antibody (MIF2901, Thermo Fisher Scientific, Rockford, IL)
was added to each tube and incubated with end over end rotation for 2 hours at 4 °C. 0.02 mL of
Protein A/G magnetic agarose beads (Thermo Fisher Scientific, Rockford, IL) was then added to
each tube and incubated with end over end rotation for an additional 2 hours at 4 °C. Beads were
then washed extensively with PBST, and bound oligoribonucleotides were eluted by heating to
95 °C for 20 minutes. Eluates were analyzed on a BioTek Cytation 5 spectrophotometer, and Cy5

and Cy3 concentrations were determined by correlating to a standard curve of RNA-I-Cy5 and

[RNA-I1-Cy5]finai/[RNA-A-CY3]final
RNA-I-CY5)initial/[RNA-A=CY3linitial -

RNA-Cy3. Fold-enrichment was defined as [
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Chapter 3

Chemical Profiling of A-to-l RNA Editing Using a Click-Compatible Phenylacrylamide'

3.1 Abstract:

Straightforward methods for detecting adenosine-to-inosine (A-to-1) RNA editing are key
to better understanding its regulation, function, and connection with disease. We address this
need by developing a novel reagent, N-(4-ethynylphenyl)acrylamide (EPhAA), and illustrating its
ability to selectively label inosine in RNA. EPhAA is synthesized in a single step, reacts rapidly
with inosine, and is “click”-compatible, enabling flexible attachment of fluorescent probes at
editing sites. We first validate EPhAA reactivity and selectivity for inosine in both ribonucleosides
and RNA substrates, and then apply our approach to directly monitor in vitro A-to-I RNA editing
activity using recombinant ADAR enzymes. This method improves upon existing inosine chemical
labeling techniques and provides a cost-effective, rapid, and non-radioactive approach for
detecting inosine formation in RNA. We envision this method will improve study of A-to-1 editing

and enable better characterization of RNA modification patterns in different settings.

*Adapted from Ref. 1 with permission from Knutson, S. D.; Korn, M. M.; Johnson, R. P.; Monteleone, L. R.; Dailey, D.
M.; Swenson, C. S.; Heemstra, J. M. Chemistry—A European Journal, 2020, 26(44), 9874-9878. Copyright 2020
Chemistry Europe.
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3.2 Introduction:

RNA is chemically modified by a number of enzymes after transcription, in turn influencing
RNA stability, localization and activity within the cell. Adenosine-to-inosine (A-to-1) RNA editing is
one of the most widespread modifications, and is performed by adenosine deaminases acting on
RNA (ADARs) (Figure 3.1a).? Adenosine deamination changes the molecular structure and
hydrogen bonding pattern of the nucleobase, and resulting inosines instead base pair with cytidine
to effectively recode these sites as guanosine. Editing sites within protein-coding mRNAs directly
alter amino acid sequences and produce different protein isoforms. Non-coding RNAs also
undergo extensive editing, including microRNAs and small-interfering RNAs, significantly altering
their biosynthesis, localization, and gene regulation properties.** A-to-l editing is essential for a
number of biological processes including tissue development,>® neurological function,” and
immune system activation.® Dysfunctional editing is also directly linked with autoimmune
diseases,® % neurological disorders,'" and several types of cancer.'*"

Despite this importance, our overall understanding of A-to-I editing regulation is limited. In
particular, while many sites have been identified (> 5 million),"'® it is unclear why certain sites
are edited at higher frequency than others and what precise function they each serve.'® Efforts to
map A-to-l locations and ADAR binding sites have revealed that editing patterns are highly

complex and variable in humans,? 71

and the precise mechanisms by which ADAR enzymes
bind to and edit specific RNA sequences remain unclear. This gap is also significant for
therapeutic site-directed RNA editing strategies,® as both the design and precise implementation
of this machinery is reliant on a thorough understanding of ADAR regulation.

Detecting inosine formation in RNA is of central importance for characterizing editing
mechanisms. While high-throughput RNA sequencing (RNA-seq) is commonly employed for large
scale detection and mapping of A-to-I sites,? this method is also costly, prone to random sampling

errors, and requires complex bioinformatic analyses.?*?® Alternatively, model reactions using

ADAR enzymes with small RNA substrates (~20-50 nt) have yielded substantial insights into how
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Figure 3.1. Formation and detection of inosine in RNA. a) A-to-l editing is catalyzed by adenosine
deaminases acting on RNA (ADAR, red). b) Inosine nucleobases can be detected by reacting with Michael
acceptors to yield N' addition products.

certain RNA sequences and structural motifs are recognized and edited.'® *?” Although A-to-
sites are “visible” as A-G transitions in Sanger sequencing,??° these methods require relatively
large RNA substrates (>300-400 nt), and are incompatible with the small RNA strands that are
ideal for these experiments. To detect inosine in smaller substrates, adenosines within chimeric
RNA strands are often internally radiolabeled with P32, After ADAR editing, RNA substrates are
then digested with nuclease P1 and A-to-l nucleotide changes are detected with autoradiographic
thin layer chromatography.?* 26?” While this method is effective, it is also time-consuming to
construct each RNA substrate, and assays using these radioactive materials require specialized
training, instrumentation, and waste disposal protocols. Alternatively, deamination can be
detected by incorporating alkyne-modified or fluorogenic thiolated-adenosine analogues into
RNA substrates,***' but these approaches can introduce structural alterations into RNA targets
that impact ADAR targeting, and they require lengthy phosphoramidite monomer synthesis.
Direct chemical detection of A-to-I editing would circumvent these assay limitations, and
inosine has been shown to react with Michael acceptors to yield N' addition products (Figure
3.1b).*2 In particular, a recent approach utilized acrylonitrile to alkylate inosines for reverse-
transcription termination sequencing. Termed “inosine chemical erasing sequencing” (ICE-seq),
this technique improved the accuracy of detecting A-to-I sites using Sanger sequencing, but also
suffered from significant limitations in sensitivity, and requires matched DNA and RNA samples
for each assay.®® Subsequent work derivatized acrylonitrile for use in “clickable”-biotinylation and

enrichment of A-to-l edited transcripts.** While acrylonitrile is a promising scaffold for chemical
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detection of inosine, derivatizing these reagents is difficult and requires several synthetic and
purification steps. Alternatively, we recently reported an acrylamidofluorescein reagent that
enables fluorescent detection and enrichment of inosine in RNA.* While our initial study
demonstrated feasibility, acrylamidofluorescein also displayed poor solubility and was restricted
to fluorescein addition. However, acrylamide scaffolds are simple to modify, and we were
interested in elaborating upon this architecture to develop an improved and more generalizable

inosine probe.

3.3 Results and Discussion:

Toward this goal, we first screened potential acrylamide scaffolds for inosine reactivity
using our previously established reaction conditions (50:50 EtOH:1M triethylammonium acetate
pH 8.6, 70 °C) (Figure 3.2b). Acrylamide and N-phenylacrylamide were both highly reactive
toward inosine, whereas alkylacrylamide scaffolds (mPEG acrylamide and N-
hydroxyethylacrylamide) gave little to no product formation (Figures 3.2b, B1). Interestingly, N-
phenylacrylamide is structurally similar to acrylamidofluorescein (Figure 3.2b), and it is likely this
moiety exhibits sufficient electron-withdrawing properties consistent in other Michael acceptors.

We next sought to derivatize N-phenylacrylamide to enable secondary functionalization
with fluorescent probes using copper-catalyzed azide-alkyne cycloaddition (CuAAC), or “click”
chemistry. We quickly identified 4-ethynylaniline as a commercially available, alkyne-
functionalized intermediate, enabling us to employ a one-step coupling with acrylic acid to yield
N-(4-ethynylphenyl)acrylamide (EPhAA, Figure 3.3). After verifying product identity (Figures B2-
B4), we tested EPhAA for reactivity with inosine and confirmed appearance of the expected
addition product N'-ethynylphenylamidoethylinosine (EPhAE'l) by HPLC and ESI-MS analysis
(Figures 3.4.a-b, B5, B7). Deprotonation of N' on inosine is known to mechanistically drive this
reaction,® and so to further confirm that EpHAA undergoes addition at this position, we tested

our labeling reaction across different pH values (Figure 3.4c).
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As expected, we observed a steep increase in reaction rates consistent with the known
pKa value of inosine N' (~8.7).% In assembling reaction mixtures, we also noted improved
solubility of EPhAA compared to acrylamidofluorescein, and we were able to double our normal
working concentrations to ~500 mM. As expected, this resulted in more rapid overall reaction
kinetics, and when compared to our previous reagent, we observed a ~2-3-fold increase in
conversion percentages at similar reaction times (Figure 3.4d).>® Next, we incubated EPhAA
with the remaining ribonucleosides uridine (U), guanosine (G), adenosine (A), and cytidine (C)
(Figure 3.4d, B5). In this test, we observed robust selectivity towards |, and while U and G have

similar acidic nitrogens that can be labeled with Michael acceptors,® ¢ N

on inosine displays
much higher nucleophilicity and reactivity with these reagents,* and off-target labeling was only
observed at extended reaction times. Acrylonitrile and acrylamide reagents are also known to
react with pseudouridine (¥),* and we determined that our reagent exhibited similar reactivity
characteristics, as we observed the expected N' addition product (Figure B5f, B6, B8). While this
off-target reactivity may seem problematic, the primary application we envision for our EPhAA
reagent is detecting inosine in model RNA strands to monitor ADAR activity, and W can be omitted
from these substrates. Additionally, if assays necessitate the use of cellular RNA or require ¥
content, existing carbodiimide reagents can be employed to selectively block and deplete W
sites.3*4° Lastly, we assessed general EPhAA stability by incubating the reagent in the absence
of ribonucleoside, and while we observed some degradation of the reagent in our labeling
conditions, this effect was minimal and only seen in extended reaction times (Figure B5g).

With our validated reagent in hand and given our ultimate goal of detecting ADAR-
mediated A-to-l editing, we next sought to label inosine in RNA oligonucleotides. ADARs
commonly deaminate double-stranded RNA substrates at A:C mismatches, “flipping out” the
target A into the active site to leave behind an “orphan C” base.?**' To mimic this, we synthesized
a target strand inspired by an mRNA hairpin (HER1) that undergoes editing by human ADAR1

(hADAR1) at a defined site (Figure 3.5a).* To detect inosine, we planned to use CuAAC to install
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Figure 3.5. Validating chemical detection of inosine in RNA. a) Sequence and structure of the model
HER1 RNA hairpin substrate with target A (red) and the orphan C base (black). b) EPhAA labelling and
PAGE analysis of different simulated RNA editing rates and c) densitometric quantification of signal
(arbitrary units, A.U.) across reactions. Values represent mean with S.D. error bars (n = 2).

a fluorophore after EPhAA labeling. We first wanted to verify that our click-labeling conditions
were optimal, so we subjected an alkyne-functionalized DNA oligonucleotide to a standard
CuAAC protocol with a picolyl azide-functionalized Cyanine5 fluorophore (Cy5-N3).*> As shown in
Figure B9, we observed complete labeling of the alkyne-modified strand, indicating these
conditions would be compatible with our workflow. Given our previous data showing background
labeling of U and G nucleotides at very long reaction times (Figure. 3.4d), we were next interested

in optimizing EPhAA labeling time to minimize off-target attachment. To test this, we reacted
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HER1 RNA A and | substrates with EPhAA for increasing amounts of time in independent
duplicate trials followed by CuAAC labeling (Figure B10). In RNA | samples, we expectedly saw
a rapid appearance of a major product band, indicative of inosine fluorescent chemical labeling.
RNA A did not produce significant signal, but did exhibit a “smear” in longer reaction times, likely
indicating a mixture of products resulting from off-target labeling at U and G residues. This
distribution was also observed in RNA | reactions with extended labeling times, further
corroborating this hypothesis. We also stained all RNA species in gels using SYBR gold to assess
overall labeling efficiency (Figure B10). Although we did not achieve full conversion of the RNA
| strand, we identified 6 hours as an optimal EPhAA reaction time to achieve robust selectivity
(~60-fold |1 vs A labeling, Figure B10b). In particular, when compared to our previous
acrylamidofluorescein reagent, we achieved significantly better selectivity (~60-fold vs ~8-fold)

).% Lastly, given our ultimate goal of detecting

and with much shorter reaction times (6 h vs 24 h
RNA editing, we were also interested in assessing the linearity of our method for measuring
different A-to-I editing “rates.” To test this, we performed a series of duplicate labeling reactions
using varying ratios of A and | substrate while keeping the total amount of RNA constant. As
shown in Figures. 3.5b-c, inosine content was highly proportional to fluorescent intensity and we
observed linearity between these variables (R* = 0.95, r = 0.98), providing additional confidence
that our method could accurately measure A-to-1 editing activity.

Finally, we wanted to directly illustrate the utility of our method for detecting ADAR-
mediated A-to-l editing. Given that HER1 is selectively recognized and edited by hADAR1, we
first expressed and purified recombinant deaminase domains from this enzyme. Additionally, we
prepared a mutant hAADAR1 enzyme (E1008Q) which displays increased catalytic activity and
speed, likely by providing enhanced stability of the orphan C nucleobase (Figure 3.6a).%**' We
envisioned that these enzyme variants would be a suitable test of our labeling method and further
validate this approach for detecting catalytic deamination differences arising from biochemical

variations in ADAR enzymes. As shown in Figures. 3.6b-d, we performed in vitro deamination
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Figure 3.6. Chemical detection of ADAR1-mediated A-to-l RNA editing. a) ADAR1 amino acids interact
with the orphan C base, with the E1008Q point mutation providing increased stability and overall catalytic
efficiency. b) Overall workflow for detecting A-to-l editing with EPhAA labeling and CuAAC. c) EPhAA
labelling and PAGE analysis of in vitro A-to-I RNA editing reactions. d) Densitometric quantification of signal
across different RNA editing reactions using wild type (WT, black) and E1008Q mutant (red) ADAR
enzymes. Values represent mean with S.D. error bars (n = 2).
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experiments on our HER1 RNA A substrate with both enzymes, and we were able to fluorescently
detect A-to-l conversion and robustly distinguish activity between wild type ADAR and the
hyperactive E1008Q mutant. In addition to plotting overall editing activity, we also estimated initial
velocities (vi) for both enzymes and observed ~14-fold increase in turnover speed for the E1008Q
mutant (Figure B11), which is in close agreement with previous activity comparisons of these

hADAR1 isoforms.?*

3.4 Conclusions:

A-to-I RNA editing is a widespread post-transcriptional modification that is essential for a
variety of cellular processes, and aberrant RNA editing is directly linked to a number of diseases.
Despite progress in characterizing A-to-1 editing regulation and dynamics, significant gaps remain
in our understanding of why certain sites are edited more than others, and what functional roles
these editing events play. Simple and straightforward methods for detecting inosine formation in
RNA and measuring ADAR activity are integral to addressing these knowledge gaps. In this work,
we show the development and validation of a novel reagent, N-(4-ethynylphenyl)acrylamide
(EPhAA), as an economical and rapid chemical labeling method for assaying A-to- RNA editing
in vitro. This reagent is simple to synthesize, improves upon existing labeling approaches, and
robustly detects inosine in RNA. We envision this method will be a valuable tool to complement
existing techniques for characterizing ADAR mechanisms and deciphering A-to-l RNA editing
signatures in a variety of contexts. In particular, we view EPhAA labeling as a cost-effective and
rapid method to elucidate the effects of RNA sequence and structure on ADAR editing activity in
vitro, better assess the biochemical impact of disease-relevant ADAR mutations on pathological
A-to-l editing, and accurately measure the activity of engineered recombinant enzymes for site-

directed RNA editing.
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3.5 Materials and Methods:
Inosine labeling with acrylamide derivatives and HPLC analysis

Acrylamide, N-phenylacrylamide, and N-hydroxyethylacrylamide were purchased from
Sigma Aldrich Corporation (St. Louis, MO). mPEG-acrylamide (MW 1000 g/mol) was purchased
from Creative PEGWorks (Chapel Hill, NC). Inosine ribonucleoside was purchased from Sigma
Aldrich Corporation (St. Louis, MO). Labeling reaction mixtures were comprised of 50 mM inosine
and 250 mM of each acrylamide derivative in 50:50 EtOH:1M triethylammonium acetate (TEAA)
pH 8.6. Reactions were incubated at 70 °C for the time periods indicated. Reversed-phase HPLC
analysis was performed on an Agilent 1260 Infinity Il system using a 4 ym, 150 x 4.6 mm
Phenomenex Synergi Fusion-RP 80A C18 column. Samples were prepared in a stationary phase
solution of 5% acetonitrile in PBS. Acrylamide, mPEG-acrylamide, and N-hydroxyethylacrylamide
reactions were analyzed using an isocratic mobile phase of 5:95 acetonitrile:water. N-
phenylacrylamide reactions were analyzed using a linear mobile phase gradient from 5% to 45%
acetonitrile in water over 15 minutes. All mobile phases contained 0.1% trifluoracetic acid. Percent
conversion in each reaction was defined as the inosine peak area relative to unreacted inosine at

the same time point without any reagent.

Synthesis of N-(4-ethynylphenyl)acrylamide

Unless otherwise noted, all starting materials were obtained from Sigma Aldrich
Corporation (St. Louis, MO) and were used without further purification. Flash column
chromatography was carried out using silica gel 60 (230-400 mesh). '"H NMR chemical shifts are
expressed in parts per million (8). Mass spectra were obtained on an Agilent 6230 TOF LC/MS.
To a solution of 4-ethynylaniline (2.0 g, 17.1 mmol), 0.2 eq hydroxybenzotriazole (462.1 mg, 3.42
mmol), and 1.2 eq 1-ethyl-3-(3-dimethylaminopropyl)carbodiimide (3.934 g, 20.52 mmol) in
anhydrous pyridine (30 mL, 372.4 mmol) under N> was added 1.2 eq of acrylic acid (1.41 mL,

20.49 mmol). The reaction was stirred at room temperature overnight. Consumption of 4-
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ethynylaniline was confirmed by TLC in 1:1 hexanes:ethyl acetate. The crude reaction mixture
was diluted in 50 mL ethyl acetate and washed sequentially with water and brine. The aqueous
layer was back-extracted twice with ethyl acetate, and the collected organic layer was dried with
MgSO. and filtered. The organic layer was concentrated under reduced pressure and purified by
column chromatography (1:1 hexanes:ethyl acetate). The purified product was concentrated
under reduced pressure and dried in vacuo to yield 1.26 g (42%) of a salmon-colored powder. 'H
NMR (400 MHz, DMSO-d6) & 10.29 (s, 1H), 7.65 (d, J = 8.5 Hz, 2H), 7.40 (d, J = 8.3 Hz, 2H),
6.40 (dd, J=17.6, 10.0 Hz, 1H), 6.29 —6.19 (m, 1H), 5.78 — 5.70 (m, 1H), 4.06 (s, 1H). "*C NMR
(400 MHz, DMSO-d6) 5 163.73, 139.97, 133.23, 132.85, 132.78, 132.04, 127.87, 119.60, 116.81,

83.96, 80.44. HRMS m/z (ESI) calculated for C11H1oNO (M+H)* 172.0762, found 172.0637.

Ribonucleoside labeling and HPLC analysis

Ribonucleosides inosine, guanosine, adenosine, cytidine and uridine were purchased
from Sigma Aldrich Corporation (St. Louis, MO). Pseudouridine (W) was purchased from Santa
Cruz Biotechnology (Santa Cruz, CA). Labeling reaction mixtures were comprised of 50 mM
ribonucleoside and 500 mM N-(4-ethynylphenyl)acrylamide reagent in 50:50 EtOH:reaction
buffer. Phosphate buffered saline (PBS) was used for reactions from pH 6.5-7.5 and 1M
triethylammonium acetate (TEAA) for pH 8.0-10.5. Reactions were incubated at 70 °C for the time
periods indicated. Reversed-phase HPLC analysis was performed on an Agilent 1260 Infinity Il
system using a 4 uym, 150 x 4.6 mm Phenomenex Synergi Fusion-RP 80A C18 column. Samples
were diluted 1:100 in a stationary phase solution of 5% acetonitrile in PBS. Reactions (1 pL
injection) were analyzed using a linear mobile phase gradient from 5% to 45% acetonitrile in water

over 15 minutes. All mobile phases contained 0.1% trifluoracetic acid.
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DNA oligonucleotide click labeling and PAGE analysis
A FAM labeled DNA strand with an internal alkyne modification (5-octadiynyl deoxyuridine,

i50ctdU) was purchased from Integrated DNA Technologies (Skokie, IL) as shown below.
Alkyne DNA 5 FAM/AGCAGCAGGACG/i50ctdU/AGCAGAACAGAC 3’

100 pmol of alkyne DNA was CuAAC labeled in a total volume of 100 pL using the Click-&-Go
Plus Labeling Kit (Click Chemistry Tools, Scottsdale, AZ) according the manufacturer’s protocol.
Reactions were given either 1 pL of DMSO (vehicle) or 1 yL of a 5 mM Cy5 picolyl azide (Click
Chemistry Tools, Scottsdale, AZ) solution in DMSO. Reactions were incubated for 1 hour at room
temperature, after which they were ethanol precipitated and resuspended in 20 uL nuclease-free
water. 1 pmol of each sample was resolved on a 10% denaturing polyacrylamide gel and imaged

with a GE Amersham Typhoon RGB scanner.

HER1 RNA labeling selectivity
Custom RNA oligonucleotides were purchased from the University of Utah DNA synthesis

core facility (Salt Lake City, UT) as shown below.

HER1 RNA A 5 CCCGCCAACCCCGAGUUAGCGGGC &

HER1 RNA | 5 CCCGCCAACCCCGAGUUIGCGGGC 3

In duplicate, 100 pmol of either HER 1 RNA A or HER1 RNA | was added to a 0.1 mL solution of
500 mM N-(4-ethynylphenyl)acrylamide in 50:50 EtOH:TEAA buffer, adjusted to pH 8.6, and
incubated at 70 °C for the indicated time points. Samples were then ethanol precipitated and
resuspended in 20 pL nuclease-free water. RNA was then CuAAC labeled using the Click-&-Go
Plus Labeling Kit and 1uL of a 5 mM Cy5 picolyl azide solution in DMSO (Click Chemistry Tools,
Scottsdale, AZ). Reactions were incubated for 1 hour at room temperature, after which they were
ethanol precipitated and resuspended in 10 pL nuclease-free water. 20 pmol of each sample was

resolved on a 10% denaturing polyacrylamide gel, stained with SYBR gold (Thermo Fisher
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Scientific, Rockford, IL), and imaged with a GE Amersham Typhoon RGB scanner. Densitometric
quantification of product bands was performed using ImageJ software. Fold selectivity was

defined as the Cy5 lane intensity of RNA | divided by RNA A.

HER1 editing rate linearity
In duplicate, varying mixtures of HER1 RNA | and HER1 RNA A were prepared in a 0.1
mL solution of 500 mM N-(4-ethynylphenyl)acrylamide in 50:50 EtOH:TEAA buffer, adjusted to

pH 8.6, and incubated at 70 °C for 6 hours. Mixtures were defined as follows:

Editing Rate (%) pmol HER1 RNA A pmol HER1 RNA |
100 0 100
75 25 75
50 50 50
25 75 25
15 85 15
10 90 10
5 95 5
25 97.5 25
0 100 0

After labeling, samples were then ethanol precipitated and resuspended in 20 uL nuclease-free
water. RNA was then CuAAC labeled using the Click-&-Go Plus Labeling Kit and 1uL of a 5 mM
Cy5 picolyl azide solution in DMSO (Click Chemistry Tools, Scottsdale, AZ). Reactions were
incubated for 1 hour at room temperature, after which they were ethanol precipitated and
resuspended in 10 yL nuclease-free water. 20 pmol of each sample was resolved on a 10%
denaturing polyacrylamide gel and imaged with a GE Amersham Typhoon RGB scanner.
Densitometric quantification of bands was performed using ImageJ software. Linear regression

and Pearson r correlation analysis was performed using GraphPad Prism 8 software.
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hADAR1 WT and E1008Q overexpression and purification

hADAR1 wildtype (WT) and hADAR1 E1008Q deaminase domains were generally
expressed and purified as previously described (Macbeth and Bass, 2007; Matthews et al., 2016).
Mutagenesis of human ADAR1 (hADAR1) deaminase domain was performed using QuickChange
XL Site-Directed Mutagenesis (Agilent, Santa Clara, CA) and transformed into XL10-Gold
Ultracompetent cells (Agilent, Santa Clara, CA). S. cerevisiae BCY123 cells were transformed
with a pSc-ADAR construct encoding hADAR1 WT or hADAR1 E1008Q. Cells were streaked on
yeast minimal medium minus uracil (Cm-ura) plates. A single colony was used to inoculate a 15
mL Cm-ura starter culture, which was shaken at 300 r.p.m. at 30 "C overnight. The starter culture
was used to inoculate 1.5 L yeast growth medium. After cells reached an optical density between
1 - 2, cells were induced with 165 mL of sterile 30% galactose, and protein was expressed for 6
h. Cells were collected by centrifugation and stored at -80 °C. Cells were lysed in 20 mM Tris-
HCI, pH 8.0, 5 % glycerol, 1 mM BME, 750 mM NaCl, 30 mM imidazole, 0.05 % Triton X-100
supplemented with cOmplete EDTA-free protease inhibitor (Sigma Aldrich, St. Louis, MO). Cell
lysate was clarified by centrifugation (18,000 rpm, 60 min). Lysate was passed over a 5 mL Ni-
NTA column, which was then washed with 50 mL of wash | buffer (20 mM Tris-HCI, pH 8.0, 5 %
glycerol, 1 mM BME, 750 mM NaCl, 30 mM imidazole) and 100 mL of wash Il buffer (20 mM Tris-
HCI, pH 8.0, 5 % glycerol, 1 mM BME, 350 mM NaCl, 30 mM imidazole. Protein was eluted with
20 mM Tris-HCI, pH 8.0, 5 % glycerol, 1 mM BME, 400 mM imidazole and 350 mM NaCl. Fractions
containing protein were dialyzed against 50 mM Tris-HCI, pH 8.0, 10 % glycerol, 1 mM DTT, 5
mM EDTA, pH 8.0, 0.01 % NP-40 and 200 mM KCI. Protein concentration was determined
through BSA standards visualized by SYPRO Orange (ThermoFisher Scientific) staining on SDS-
polyacrylamide gels. Purified protein was stored at -70 °C in 50 mM Tris-HCI, pH 8.0, 10 %

glycerol, 1 mM DTT, 5 mM EDTA, pH 8.0, 0.01 % NP-40 and 200 mM KCI.
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In vitro deamination assays

In duplicate for each time point, 100 pmol HER1 RNA A was mixed with 20 pmol of WT or
E1008Q hADAR1 enzyme in 20 yL 10 mM Tris HCI pH 7.5, 8.5 mM EDTA, 0.001% Nonidet P-
40, 3% glycerol and 40.5 mM potassium glutamate. Each reaction was incubated at 37 °C for the
indicated time periods, after which deaminated RNAs were immediately extracted using the
Monarch RNA Cleanup Kit (New England Biolabs, Ipswitch, MA). Samples were eluted in 10 yL
nuclease-free water and mixed with a 90 pL solution of 500 mM N-(4-ethynylphenyl)acrylamide
in 50:50 EtOH:TEAA buffer. Reactions were adjusted to pH 8.6 and incubated at 70 °C for 6
hours. After labeling, samples were then ethanol precipitated and resuspended in 20 pL nuclease-
free water. RNA was then CuAAC labeled using the Click-&-Go Plus Labeling Kit and 1uL of a 5
mM Cy5 picolyl azide solution in DMSO (Click Chemistry Tools, Scottsdale, AZ). Reactions were
incubated for 1 hour at room temperature, after which they were ethanol precipitated and
resuspended in 10 yL nuclease-free water. 20 pmol of each sample was resolved on a 10%
denaturing polyacrylamide gel and imaged with a GE Amersham Typhoon RGB scanner.
Densitometric quantification of bands was performed using Imaged software. %Editing was
calculated using a standard curve of labeling reactions consisting of defined mixtures of HER1 A
and | RNA oligos as described earlier. For analysis of initial velocities (below), linear regression

was performed using GraphPad Prism 8 software.
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Chapter 4
Selective Enrichment of A-to-l Edited Transcripts from Cellular RNA
Using Endonuclease V"
4.1 Abstract:

Creating accurate maps of A-to-l RNA editing activity is vital to improving our
understanding of the biological role of this process and harnessing it as a signal for disease
diagnosis. Current RNA sequencing techniques are susceptible to random sampling limitations
due to the complexity of the transcriptome, and require large amounts of RNA material,
specialized instrumentation, and high read counts to accurately interrogate A-to-l editing sites. To
address these challenges, we show that Escherichia coli Endonuclease V (eEndoV), an inosine-
cleaving enzyme, can be repurposed to bind and isolate A-to-l edited transcripts from cellular
RNA. While Mg?* enables eEndoV to catalyze RNA cleavage, we show that similar levels of Ca?*
instead promote binding of inosine without cleavage and thus enable high affinity capture of
inosine in RNA. We leverage this capability to demonstrate EndoVIPER-seq (Endonuclease V
inosine precipitation enrichment sequencing) as a facile and effective method to enrich A-to-I
edited transcripts prior to RNA-seq, producing significant increases in the coverage and detection
of identified editing sites. We envision the use of this approach as a straightforward and cost-
effective strategy to improve the epitranscriptomic informational density of RNA samples,

facilitating a deeper understanding of the functional roles of A-to-I editing.

*Adapted from Ref. 1 with permission from Knutson, S. D.; Arthur, R. A.; Johnston, H. R.; Heemstra, J. M. Journal of
the American Chemical Society. 2020, 142(11), 5241-5251. Copyright 2020 American Chemical Society.
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4.2 Introduction:

Adenosine-to-inosine (A-to-1) RNA editing is an abundant post-transcriptional modification
found in animals. Catalyzed by adenosine deaminases acting on RNAs (ADARs), this reaction
alters both the chemical structure and hydrogen bonding patterns of the nucleobase.? Inosines
preferentially base pair with cytidine, effectively recoding these sites as guanosine. A-to-1 editing
is widespread across the transcriptome and present in most types of RNA. In mRNA, these sites
are primarily found in repetitive and untranslated regions, affecting transcript stability, localization,
and interactions with cellular pathways. mRNA editing sites can also augment transcript splicing
and directly alter amino acid sequences in open reading frames.®> Additionally, A-to-l editing
modulates the target specificities and biogenesis of small-interfering RNAs (siRNAs) and
microRNAs (miRNAs), in turn affecting global gene expression patterns and overall cellular
behavior.* A-to-l editing continues to be implicated in a variety of critical biological processes
including embryogenesis, stem cell differentiation, and innate cellular immunity.* ° Dysfunctional
A-to-l editing has also been linked with numerous disease processes such as autoimmune
disorders and several types of cancer.®’ Recent work has also demonstrated A-to-I editing as a
vital driver of human brain development and overall nervous system function, and dysregulated
activity has similarly been implicated in a variety of neurological disorders including epilepsy,
amyotrophic lateral sclerosis, glioblastoma, schizophrenia, autism, and Alzheimer’s disease.®'*

Robust identification and detection of A-to-l sites is vital to understanding these broader
biological roles, regulation dynamics, and relationships with disease. Because inosine is decoded
as guanosine during reverse transcription, most contemporary methods utilize high-throughput
RNA sequencing (RNA-seq) to identify editing sites from A-G transitions.’® While seemingly
simple, the natural complexity of cellular RNA and large dynamic ranges between individual
transcripts renders RNA-seq inherently susceptible to random sampling and technical variability,
making it challenging to consistently capture and detect RNA editing events, especially in light of

the relative scarcity of A-to-l editing sites. Although ~5 million sites have been identified across
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the transcriptome, ¢

inosine content is low in the context of total cellular RNA, appearing in
relatively few actual reads in RNA-seq datasets. This can be attributed to the fact that many key
edited transcripts are expressed at low copy number. Moreover, the editing rates at individual
sites can be very low or only conditionally active, and can differ significantly across cell and tissue
types, individual organisms, developmental stages, and disease states.'®?' Because of these
technical challenges in RNA-seq, stringent bioinformatic analyses are also crucial for accurate
detection, and extensive computational screening is needed to separate true A-to-l sites from
sequencing errors, single-nucleotide polymorphisms (SNPs), somatic mutations, or spurious
chemical alterations in RNA.#

These limitations can be overcome in part by using significant quantities of starting RNA
material and/or collecting very large numbers of sequencing reads to achieve sufficient depth and
coverage for accurate A-to-l calling. Alternatively, microfluidic or droplet-based PCR methods
have been developed to specifically amplify regions of interest prior to RNA-seq, achieving greater
sensitivity in detecting editing activity at focused A-to-l sites.”® However, amplification-based
enrichment is also significantly lower in throughput, susceptible to PCR bias, and requires both
specialized instrumentation and prior knowledge of the target transcripts. While current
approaches enable characterization of A-to-l editing and have yielded substantial insights into the
“inosinome” in a variety of different species and tissues,'® these methods remain impractical,
expensive, and time consuming. Together, present technical limitations have made it challenging
to both characterize existing A-to-1 editing activity as well as increasingly difficult to discover new
editing sites, restricting our overall understanding of these epitranscriptomic dynamics.

Enriching A-to-l edited transcripts prior to sequencing would largely address these
challenges by depleting RNAs that otherwise lead to “wasted” sequencing reads while also
helping to validate the editing sites that are observed. Despite the simplicity of this idea, effective
methods to specifically target and isolate inosine in RNA have remained elusive. While a previous

report detailed the generation of inosine-targeting polyclonal antibodies for isolating modified
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tRNAs, these were also found to cross-react with several other nucleobases, and this research
has not been reproduced.?* We and others have also explored inosine chemical labeling
strategies using acrylamide and acrylonitrile derivatives, and while these approaches are feasible
for labeling and capturing inosine-containing RNAs, these reagents also irreversibly modify
transcripts with adducts that inhibit reverse transcription, and inherently display off-target
reactivity with pseudouridine and uridine, limiting enrichment efficiency.?>? Taken together, these
attempts to improve A-to-I editing detection through enrichment remain limited and do not address
existing technical challenges. As a result, the most widely used approach for detecting A-to-I sites
remains a standard RNA-seq workflow followed by bioinformatic detection. In pursuit of alternative
enrichment methods, we identified EndonucleaseV (EndoV), a conserved nucleic acid repair
enzyme capable of recognizing and binding to inosine. In prokaryotes, EndoV cleaves
downstream of inosine lesions resulting from oxidative damage in DNA to promote base excision
repair.?” In humans and other metazoans, EndoV has now been implicated in the metabolism of
A-to-l edited RNAs.?¢% We hypothesized that if cleavage activity could be selectively suppressed
without compromising recognition and binding, then EndoV could be leveraged for enriching A-
to-l edited RNAs. While human EndoV (hEndoV) appears to be a good candidate toward this
goal, its biological functions and substrate preferences are still not entirely known. Recent studies
have identified possible affinity toward both unedited double-stranded RNA (dsRNA) and
ribosomal RNA (rRNA), properties which could be problematic for use in cellular RNA samples.*
Interestingly, these reports also showed that Escherichia coli EndoV (eEndoV) was both specific
and highly active toward inosine in single-stranded RNA (ssRNA) and exhibited minimal sequence
bias.?** These observations, as well as the commercial availability of a purified recombinant
enzyme, encouraged us to explore eEndoV for the pulldown and enrichment of A-to-l edited
transcripts. Herein we demonstrate EndoVIPER-seq (Endonuclease V inosine precipitation

enrichment sequencing) as a novel and effective approach to bind and isolate inosine-containing
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transcripts prior to RNA-seq, producing significantly improved coverage and detection of A-to-I

editing sites in cellular RNA.

4.3 Results and Discussion:

Structural analyses have revealed that EndoV requires Mg?* as a cofactor for inosine
recognition and strand scission (Figure 4.1b).>' Similar studies have shown that replacing Mg
with Ca?" facilitates binding of EndoV to inosine-containing substrates without supporting
catalysis.®?> Thus, we hypothesized that supplementing eEndoV with Ca* would enable
enrichment of inosine-containing RNAs from cellular RNA. As an initial test of feasibility, we
synthesized a pair of Cy5-labeled oligoribonucleotides having either A or | in a defined position
and evaluated eEndoV activity in the presence of both cations. Consistent with previous reports,
we observed not only specific cleavage activity towards inosine in ssRNA (RNA 1) when
benchmarked against a non-edited control (ssRNA A), but also an obligate Mg?* requirement for
cleavage (Figure 4.1c). After verifying that EndoV was unable to cleave target strands in the
presence of increasing amounts of Ca?* (Figure C1), we next evaluated the effect of Ca*
supplementation on the ability of eEndoV to bind and isolate inosine-containing ssRNA. The
recombinant enzyme is fused to a maltose-binding protein (MBP) tag, conveniently enabling us
to implement a magnetic IP workflow using anti-MBP functionalized beads, which we term
EndoVIPER (Endonuclease V inosine precipitation enrichment, Figure 4.1e). We used this
method to attempt pulldown of both ssRNA A and ssRNA | in the presence of variable amounts
of Ca*, while monitoring the initial, unbound (flowthrough), and elution fractions after washing
(Figure 4.1f). Not surprisingly, omitting Ca*" produced little binding of either oligonucleotide,
supporting the idea that both recognition and cleavage of inosine is mediated through divalent
cations. Increasing amounts of Ca** from 0-10 mM improved binding efficiency substantially,
approaching ~80% recovery with excellent selectivity (~350-fold over pulldown of RNA A).

Additional supplementation beyond 10 mM Ca?* quickly decreased pulldown efficiency and
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Figure 4.1. eEndoV recognizes inosine in ssRNA. Supplementation with Ca?* enables high affinity
binding and selective immunoprecipitation of inosine-containing ssRNAs. a) Chemical alterations of
adenosine-to-inosine RNA editing catalyzed by ADAR enzymes. b) Crystal structure (PDB 2W35) of
eEndoV (green) complexed with ssDNA (purple), illustrating recognition of inosine (red) in a nucleic acid
substrate and Mg?* (cyan) positioned adjacent to cleavage site. c) Oligoribonucleotide test sequences with
putative cleavage site (arrow) and PAGE analysis of digestion reactions with eEndoV illustrating specificity
toward RNA | and confirming Mg?* requirement for cleavage. d) Mg?* or Ca?* supplementation modulates
eEndoV activity towards inosine-containing RNA substrates between cleavage and binding. €) EndoVIPER
schematic targeting a Cy5-labeled ssRNA using recombinant eEndoV-MBP fusion protein and anti-MBP
magnetic beads. f) Representative PAGE analysis of initial (1), flowthrough (FT) and eluate (E) EndoVIPER
fractions, illustrating the effects of Ca?* supplementation on pulldown efficiency. g-h) Densitometric analysis
of pulldown efficiency for A- and I-containing RNA. i) Quantification of eEndoV binding affinity towards
ssRNA | (red) and ssRNA A (blue) using MST. Values represent mean with standard deviation, and Kgy
denotes mean with 95% confidence interval. (n = 3).

selectivity (Figure 4.1g,h), and while unconfirmed, these results likely arise from electrostatic
shielding of the negative charge on the RNA phosphodiester backbone, disrupting interactions
with key amino acid residues on the protein. In any case, we selected 5 mM Ca?* as a suitable
concentration for maximizing both recovery and selectivity. We then applied these conditions to

measure the binding affinity of eEndoV for each RNA substrate using microscale thermophoresis
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Figure 4.2. eEndoV binding favors ssRNA over dsRNA substrates. a) Schematic of dsRNA target
annealing and b) duplex verification by 10% native PAGE. c) MST analysis of eEndoV binding affinity
towards dsRNA A and d) dsRNA | targets using MST. Values represent mean with standard deviation. (n
= 3) e) Representative PAGE analysis of initial (1), flowthrough (FT) and eluate (E) EndoVIPER fractions
when tested with various dsRNA targets. f) Densitometric analysis of EndoVIPER efficiency for dsRNA
targets. Values represent mean with standard deviation (n = 2). Unpaired t-test was performed for all
samples against ssRNA | pulldowns (*** denotes p = 0.0003 and **** denotes p < 0.0001).

(MST) and observed low nanomolar affinity for ssRNA | and no measurable binding to the ssRNA
A control (Figure 4.1i).

While these results were encouraging, we also recognized that ADAR primarily targets
structured duplexes,?® and thus the majority of inosine likely resides in the context of dSSRNA. We
were concerned that eEndoV may have difficulty interacting with inosine in these substrates in
our native binding conditions, so we synthesized several complementary RNA strands to both
ssRNA A and ssRNA | targets with differing bases opposite the A/l position. After annealing these
strands together (Figures 4.2a-b), we assessed eEndoV affinity and EndoVIPER performance
with each of the duplex constructs (Figures. 4.2c-f). The enzyme exhibited no detectable binding

with any unedited dsRNA A substrates, yet binding affinity towards dsRNA | combinations was
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highly variable and dependent on the identity of the opposing base in the complementary strand.
In particular, a fully complementary duplex (dsRNA I:C) showed virtually no detectable binding by
both MST and EndoVIPER (Figures. 4.2d-f), while mismatches ranging from I:U to I:G
demonstrated increased binding in both assays. These results are also intriguing in that they are
consistent with prior studies of eEndoV on DNA repair,®' together indicating an approximate
substrate preference of ssI>>> dsl:G > dsl:U > dsl:C. While interesting, these results posed a
challenge to our ultimate goal of designing an unbiased approach to enriching A-to-l edited
transcripts from cellular RNA, and we recognized the need to reduce or eliminate RNA secondary
structure in order to mitigate the effect of these affinity biases.

Ouir first attempt involved reducing the ionic strength of our buffer conditions, as duplex
formation is highly dependent on the presence of cations. While we initially chose 5 mM Ca?** for
the pulldown step, our results indicate that ~1-10 mM Ca?" produce similar pulldown efficiencies
(Figure 4.1g). These tests also employed a standard Tris-buffered saline (19 mM Tris, 137 mM
NaCl, 2.7 mM KCI, pH 7.4), and we recognized that lower concentrations of monovalent cations
may be tolerated. To explore these options, we assayed conditions having varying concentrations
of each cation and found that removing KCI altogether and reducing CaCl, to 1 mM resulted in
highly similar binding affinity and EndoVIPER performance (Figure C2). However, we also found
that NaCl concentrations below 100 mM resulted in a significant increase in non-specific binding
(Figure C2). Despite some promising results, both EndoVIPER and MST analyses indicated that
this approach remained insufficient for opening RNA duplexes in our system, and that binding
remained highly dependent on structure (Figure C3).

We next investigated stronger chemical methods to fully denature potential dsRNA
targets. While several non-covalent denaturants, including formamide and urea, are effective in
unfolding stable RNA structures, these also act on proteins, and we doubted it would be possible
to denature RNA structure while maintaining native eEndoV activity. Due to these concerns, we

searched for covalent methods to reversibly denature RNA prior to EndoVIPER. We required a
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reagent that 1) rapidly reacts with RNA under non-degrading conditions, 2) stably maintains RNA
in a single-stranded state, 3) does not interfere with eEndoV binding, and 4) can be fully removed
for downstream sequencing. We were inspired by previous reports of glyoxal modification of
RNA, as this reagent reacts readily with amines on the Watson-Crick-Franklin face to form stable
adducts that interfere with basepairing and RNA secondary structure.® While glyoxal can react
with A, C, and G, the N, N°-dihydroxyguanosine adduct is by far the most stable (Figure 4.3a).>*
Importantly, glyoxal does not react with inosine, an observation that has been leveraged to study
A-to-l locations through RNase T1-mediated cleavage assays.**¢ While this appeared promising,
we were uncertain if RNA glyoxalation would be compatible with eEndoV binding. To assess this,
we first subjected our ssRNA | and ssRNA A oligoribonucleotides to glyoxal treatment using
previously reported conditions, and observed the expected upward shift in molecular weight when
analyzed via 20% PAGE (Figure C4a). We then analyzed binding affinity of eEndoV towards
each of the treated RNAs. Surprisingly, we observed a slight improvement in affinity toward
glyoxalated ssRNA |, as well as some increased non-specific response towards ssRNA A at
higher concentrations of eEndoV (Figure C5a). We hypothesized that installation of hydrophilic
groups capable of hydrogen bonding with the protein might be responsible for this non-specific
activity. We also theorized that lower concentrations of eEndoV would likely confer improved
specificity, so we titrated the amount of eEndoV used in the pulldown step and observed a clear
optimum for both selectivity and efficiency at 100 nM enzyme (Figures C5b-d). Next, we repeated
our full performance assay on dsRNA A and | duplex combinations. We first treated the target
and complementary strands with glyoxal and unsurprisingly observed no duplex formation
between glyoxalated RNAs and their complementary strands via 10% native PAGE (Figure 4.3d).
We then tested binding affinity (Figure 4.3e,f) and EndoVIPER efficiency (Figures 4.3g,h) on the
denatured RNA duplexes and observed equivalent performance across all RNA | combinations,
indicating successful elimination of structural biases in eEndoV binding. While we were

encouraged by these results, intermolecular duplexes are relatively easy to disrupt, so we also
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Figure 4.3. Glyoxal treatment disrupts RNA secondary structure and enables unbiased pulldown of
inosine in both ssRNA and dsRNA. a) Schematic of glyoxal addition to the Watson-Crick-Franklin face
on guanosine residues, forming a N’,N?-dihydroxyguanosine adduct. b) General reaction conditions for
installation and removal of glyoxal adducts on test RNA strands. c) Disruption of dsRNA target annealing
by glyoxal treatment and d) verification by 10% native PAGE. e) MST analysis of eEndoV binding affinity
towards glyoxal-treated dsRNA A and f) dsRNA | targets using MST. Values represent mean with standard
deviation. (n = 3) g) Representative PAGE analysis of initial (1), flowthrough (FT) and eluate (E) EndoVIPER
fractions when tested with various glyoxal-treated dsRNA targets. h) Densitometric analysis of EndoVIPER
efficiency for glyoxal-treated dsRNA targets. Values represent mean with standard deviation (n = 2).
Unpaired t-test was performed for all samples against ssRNA | pulldowns (** denotes p = 0.0045 and
“ns” indicates no significant difference).

wanted to ensure that glyoxal treatment prior to EndoVIPER was similarly robust in RNAs having
a highly stable internal secondary structure. To test this, we designed a hairpin substrate
representing a “worst case” RNA target due to its high melting temperature (Figures C6a,b).
When we chemically denatured this hairpin with glyoxal, we observed almost identical
EndoVIPER performance compared to previous experiments (Figures C6d-f). Together, these
data demonstrated that we could overcome even strong secondary structure to enable pulldown

with little to no effect on selectivity or enrichment of edited RNAs. However, due to the preferential
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reaction of glyoxal with guanosine,* we were also concerned about the possibility that G bases
adjacent to or near an inosine site could inhibit eEndoV binding. To address this concern, we
synthesized a “G heavy” RNA strand as an additional “worst case” test substrate (Figure C7a),
and we again observed nearly identical pulldown and binding affinity towards this substrate
(Figure C7b-d). While there was a slight increase in overall binding affinity when measured by
MST (Figure C7d), there was no detectable difference in pulldown performance (Figure S7c).
Together, these experiments demonstrated that our optimized EndoVIPER protocol is robust and
displays minimal bias in vitro, and thus we were ready to test our method in a high-throughput
sequencing workflow using cellular RNA.

We selected human brain mRNA to quantify EndoVIPER-seq performance, as this tissue
is known to have high A-to-I editing activity and would thus provide ample editing sites to validate
our method. Additionally, nervous system tissue is a biologically interesting setting for exploring
the enrichment and clinical detection of RNA editing sites crucial for neurological function or
indicative of disease. To prepare for the ultimate step of high-throughput sequencing, we needed
to randomly fragment our starting RNA material into smaller strand lengths. We recognized that
this step would also fortuitously decrease any remaining likelihood of secondary structure
formation, enhancing the resolution and performance of our pulldown. Inspired by the approaches
in other RNA pulldown workflows,* we targeted fragment sizes of ~200-500 nt, and found that ~1
minute treatment time with Mg®" at 94 °C was sufficient to yield the desired size distribution
(Figures C8a,b).

While glyoxal removal is well-characterized and has been used previously in both Sanger

3536 we also wanted to confirm that this step was compatible with

and RNA-seq applications,
EndoVIPER performance. We first subjected fragmented mRNA to full glyoxalation and
deprotection, while maintaining an identical untreated sample as a control. We then reverse

transcribed cDNA for two neuronal ionotropic receptor mMRNAs having known A-to-I| editing sites,
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Figure 4.4. EndoVIPER-seq enables enrichment and high-throughput analysis of A-to-l RNA editing
sites. a) Schematic of EndoVIPER-seq workflow. Cellular RNA is first randomly hydrolyzed into ~200-500
nt fragments, followed by glyoxal denaturation. A-to-l edited RNA is then enriched by eEndoV pulldown,
followed by glyoxal removal, library preparation and high-throughput sequencing. b) Mean number of sites
between duplicate RNA-seq and EndoVIPER-seq samples shows significantly increased (unpaired t-test,
p = 0.03) detection of called A-to-I positions. c) Merged datasets cross-referenced against known databases
show that detection of both novel and existing A-to-l sites is enhanced by EndoVIPER. Box and whisker
plots show that d) read coverages and e) editing rate at all A-to-I editing sites (n = 73,578) are significantly
increased by EndoVIPER (paired t-tests, p = < 0.0001). Means are denoted by black crosses. f) Box and
whisker plot of calculated fold enrichment at all sites (mean, black cross = ~38-fold, n = 73,578 sites). g)
Sequence motif analysis compiled from the top 200 most enriched transcripts. Red arrow denotes A/l site.
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GRIA2 and KCNA1 (Figure C9a).***° Using real-time PCR (RT-PCR), we monitored the
amplification of both transcripts and observed no kinetic difference between untreated and
glyoxalated/deprotected mRNA samples, indicative of complete glyoxal removal (Figure C9b).
We also confirmed the compatibility of glyoxalation/deprotection with Sanger sequencing, as we
not only observed identical electropherogram traces between samples, but also detected the
known A-to-1 editing sites in both transcripts for both control and treatment samples (Figures C10,
C11). Together with previous studies using glyoxal in sequencing workflows,*3¢ these
experiments confirm that glyoxal denaturation is fully reversible and does not interfere with critical
EndoVIPER library preparation steps.

With these conditions established, we next sought to directly benchmark EndoVIPER to
the currently used RNA-seq methodology, and so we fragmented 2 ug of mRNA and divided this
material into duplicate “RNA-seq” and “EndoVIPER-seq” groups (500 ng each), and EndoVIPER
samples were subjected to the enrichment workflow (Figure 4.4a). After all samples underwent
deprotection using heat, all samples were analyzed for size distribution and integrity, confirming
that our full workflow could be completed without appreciable RNA degradation (Figure C8c).
We then prepared libraries using ~4 ng of each respective RNA-seq and EndoVIPER-seq mRNA
and proceeded to sequencing. To assess and measure A-to-l editing across samples, we
employed a read aligner optimized for RNA editing (RASER*) as well as the specialized
REDITools script package and associated filtering steps.*' From these analyses, it was
immediately apparent that the total number of identified sites was significantly higher in
EndoVIPER samples (mean 34,084 sites), achieving ~1.8-fold more called A-to-l editing sites
compared to RNA-seq without enrichment (mean 19,308 sites, Figure 4.4b). We also merged
grouped data and screened these sites against the RADAR," REDIPortal,'® and DARNED"
databases, observing a large increase in both existing and novel A-to-I locations in EndoVIPER
samples (Figure 4.4c). Although the number of newly identified sites was larger than we expected

in both sample groups (RNA-seq 19,515 novel positions out of 31,310 total called sites versus
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EndoVIPER 27,429 novel positions out of 56,744 total called sites) it is worth noting that these
databases catalog sites only when detected in several genome-matched donors across many
RNA-seq experiments. Our experiment utilized commercially available brain mRNA (Takara Bio)
isolated and pooled from a small number of donors, and larger scale verification studies are
needed to further characterize these candidate sites. In any case, we applied consistent
computational assessment between RNA-seq and EndoVIPER-seq samples and reliably
observed a large increase in the detection of both known and novel editing sites, demonstrating
the effectiveness of our method for increasing the sensitivity of detecting A-to-l editing. As a
further measure to functionally validate our method, we merged and aligned all RNA-seq and
EndoVIPER datasets (73,578 sites) and compared both coverage and editing rate at each
detected A-to-I location. We observed a significant increase in both metrics across paired sites,
indicating that EndoVIPER-seq selectively enriched A-to-l edited RNAs (Figures 4.4d,e). We also
observed, on average, ~38-fold enrichment from read coverage values across all sites, with >75%
of these sites displaying equivalent or significantly increased sequencing depth (Figure 4.4f).
Because of the inherent complexity of cellular RNA, we were curious whether EndoVIPER
enrichment was affected by individual transcript abundance. When we plotted read coverage
against enrichment scores for all sites detected in RNA-seq samples, we expectedly observed an
overall decrease in fold enrichment with increased abundance (Figure C12). However, the overall
correlation between these two variables was poor (R? = < 0.005), indicating that EndoVIPER is
capable of enriching edited RNA transcripts across a large dynamic range of relative abundance.
To ensure that eEndoV did not display a sequence context bias, we compiled the top 200 most
enriched A-to-l sites and performed a sequence motif analysis. We observed no discernable
consensus surrounding the editing site in highly enriched transcripts, suggesting minimal
EndoVIPER sequence bias (Figure 4.4g). While certainly desirable towards our goal, this activity
is also somewhat expected given the canonical role of eEndoV in agnostic, genome-wide

surveillance and repair of oxidative lesions in DNA.?":3
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Figure 4.5. EndoVIPER-seq enhances detection of clinically relevant A-to-l editing sites. Read
coverage heatmaps in upregulated RNA editing sites of interest, in a) brain development (462 sites), b)
autism spectrum disorder (403 sites), c) schizophrenia (115 sites) and d) protein recoding events in
glioblastoma (31 sites), demonstrating increased coverage of important editing sites in EndoVIPER treated
samples. Heatmap columns display both replicate RNA-seq datasets for RNA-seq and EndoVIPER-seq
samples, and each row denotes an individual editing site scaled to illustrate low (blue) and high (red) read
coverage between groups.

A-to-l editing is critical for normal brain development and function, and editing activity has
now been identified as a reliable, differential biomarker in a number of neurological disorders.
Detection of these pathological editing events is likely to be a vital component of future RNA-
based diagnostic applications, and thus we sought to employ EndoVIPER-seq for monitoring

specific editing sites of interest to demonstrate its utility for improving such epitranscriptomic
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characterization. In particular, we applied RNA-seq and EndoVIPER datasets toward four specific
editing site panels, assessing read coverage at 462 editing sites upregulated in postnatal brain
development,® 403 increased editing events found in autism spectrum disorder, 115 sites with
increased editing activity in schizophrenic patients,' and 31 hyperedited protein recoding events
implicated in glioblastoma carcinogenesis.” * We directly compared read coverage at these sites
in both RNA-seq and EndoVIPER-seq samples, and saw a consistent overall increase in total
read coverage at these positions (Figures 4.5a-d). We also expressed these data as the number
of “edited reads” containing inosine by multiplying coverage with respective calculated editing rate
at each site, and this trend was expectedly similar (Figure C13). Together, these data indicate
that EndoVIPER-seq both increased coverage at sites of interest as well as improved specific
detection of pathological, edited transcript isoforms, positioning this method as a valuable tool for

future clinical epitranscriptomics applications.

4.4 Conclusions:

As a scientific community, we now understand that A-to-l RNA editing is a vital post-
transcriptional change affecting a variety of essential cellular pathways. Additionally, dysregulated
editing underlies the molecular pathogenesis of many diseases, and is particularly important in
the human nervous system. However, the true landscape and prevalence of A-to-l editing in the
transcriptome remains unknown, and the total amount of A-to-l sites in the transcriptome is
estimated to be significantly greater than those currently found in existing databases. Mapping
and determining the precise function of individual editing sites is difficult due to current technical
limitations in RNA-seq experiments, which display high sampling variability and remain
challenging to specifically apply toward A-to-l editing. These studies also require specialized
instrumentation for focused library preparation on a small number of sites, or use costly “brute-

force” approaches that require large amounts of input RNA material and very high sequencing
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depth. Together, these challenges make it increasingly difficult to access the epitranscriptomic
data landscape in RNA-seq experiments.

Herein we present EndoVIPER as a new method for the affinity pulldown of inosine-
containing transcripts from cellular RNA, overcoming many of the limitations outlined above and
significantly improving detection and characterization of A-to-I RNA editing in complex samples.
We first assess and verify that eEndoV displays high affinity and selectivity for inosine in RNA,
and we chemically optimize our conditions to eliminate bias arising from different structural motifs.
We then validate and demonstrate EndoVIPER-seq with brain mRNA, and show a significant
increase in the ability to detect and discover A-to-l sites. In addition, we show the utility of this
method for focused characterization in four panels of biologically relevant A-to-l sites, illustrating
the power of our method in detecting critical RNA editing events in brain development, autism,
schizophrenia, and glioblastoma. EndoVIPER is simple, straightforward, and flexible, and is easily
implemented in standard library preparation workflows for RNA-seq experiments in different
biological contexts. Additionally, our approach utilizes low-cost, commercially available reagents
with little to no modification, enabling researchers to obtain significantly more epitranscriptomic
data with smaller amounts of input RNA material. There remains opportunity for further
improvement regarding EndoVIPER efficiency and selectivity, and we look forward to evaluating
the performance of different EndoV orthologs, as well as exploring directed evolution strategies
to further enhance binding affinity and selectivity. We also plan to extensively apply our overall
strategy toward much larger scale studies of A-to-l editing across multiple individuals, tissues,
and disease states, in turn providing a more detailed understanding of the overall inosine
landscape in humans. To our knowledge, EndoVIPER is also the first demonstrated repurposing
of an enzyme “reader” toward binding and enriching edited RNA transcripts, and our results
provide strong evidence for the versatility of this strategy for isolating other epitranscriptomic or

epigenetic modifications using their cognate readers. Extending this approach to other modified
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nucleotides would generate a new toolbox for characterizing the corresponding transcriptional
changes, and we plan to explore this in the immediate future.

Together, this report details a simple yet powerful new tool to complement existing
epitranscriptomic sequencing technologies. The overall ease of use and accessibility of this
method create potential for broad utility in many research disciplines. We anticipate that this will
significantly improve our understanding of the dynamics and global regulation of A-to-l RNA
editing across a multitude of biological contexts, further probing the potential of this
epitranscriptomic mark to reveal critical information about biological function and disease

progression.

4.5 Materials and Methods:

RNA Oligoribonucleotides
All oligonucleotides used in this study were custom designed and purchased from Integrated DNA

Technologies. Complete sequences are shown below:

ssRNA | 5 Cy5 AAGCAGCAGGCUIUGUUAGAACAAU 3
ssRNA A 5 Cy5 AAGCAGCAGGCUAUGUUAGAACAAU 3’
complementary RNA C 5" AUUGUUCUAACACAGCCUGCUGCUU &
complementary RNA U 5" AUUGUUCUAACAUAGCCUGCUGCUU &
complementary RNA G 5" AUUGUUCUAACAGAGCCUGCUGCUU 3’

G ssRNA 5 Cy5 AAGCAGCAGGGGIGGUUAGAACAAU 3’
Hairpin RNA | (hRNA , below)

5’ Cy5 AAGCAGCAGGCUIUGUUAGAACAAUAAGUGUUCUAACACAGCCUGCUGCUU 3
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RNA Cleavage Assays

10 pmol of either ssRNA | or ssRNA A was incubated in the presence or absence of both
Mg?* at a 10 mM final concentration and/or 9 pmol recombinant eEndoV (New England Biolabs)
in a total volume of 10 uL. Final buffer conditions in all reactions were 10 mM Tris, 125 mM NacCl,
15 uM EDTA, 150 yM DTT, 0.025% Triton X-100, 30 ug/ml BSA, 7% glycerol, pH 7.4. Reactions
were incubated for 1 hour at 25 °C, followed by a 10 min heat inactivation at 85 °C. Reaction
products were separated using 10% denaturing PAGE, and gels were imaged with a GE
Amersham Typhoon RGB scanner using 635 nm excitation laser and the Cy5 670BP30 emission
filter. To test cleavage in the presence of Ca®*, 10 pmol of ssRNA | was incubated with 840 nM
eEndoV with either 10 mM MgCl; or variable amounts of CaCl; (0, 0.1, 0.5, 1, 2.5, 5, 10 and 20
mM) in a total volume of 50 pL. Final buffer conditions in all reactions were 19 mM Tris, 137 mM
NaCl, 3 mM KCI, 15 yM EDTA, 150 uM DTT, 0.025% Triton X-100, 30 ug/ml BSA, 7% glycerol,
pH 7.4. Reactions were incubated at room temperature for 3 hours, after which a 3 yL sample

was taken for 10 % denaturing PAGE analysis as described above.

EndoVIPER Magnetic IP Assays

For our initial binding tests (Figure 4.1e), 10 pmol of either RNA | or RNA A was combined
with 840 nM eEndoV and variable amounts of CaCl. (0, 0.1, 0.5, 1, 2.5, 5, 10 and 20 mM) in a
total volume of 50 pL. Final buffer conditions were 19 mM Tris, 137 mM NaCl, 3 mM KCI, 15 uM
EDTA, 150 uM DTT, 0.025% Triton X-100, 30 ug/ml BSA, 7% glycerol, pH 7.4. Reactions were
incubated at room temperature for 30 min, after which a 3 pL sample (initial, I) was taken and set
aside for later analysis. Separately, 70 yL of anti-MBP magnetic bead slurry (New England
Biolabs) was washed extensively with a buffer containing 19 mM Tris, 137 mM NaCl, 3 mM KCl,
7% glycerol, and variable amounts of CaCl. (0, 0.1, 0.5, 1, 2.5, 5, 10 and 20 mM), pH 7.4. After
washing, beads were resuspended in eEndoV-RNA samples and incubated at 25 °C for two hours

with end-over-end rotation. Magnetic field was applied to the beads and a 3 pL sample (unbound,
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UB) of the supernatant was saved for later analysis. Beads were washed extensively with
respective buffer containing variable amounts of Ca?*, and resuspended in 50 uL 19 mM Tris, 137
mM NacCl, 3 mM KCI, 47.5% formamide 0.01% SDS, pH 7.4 and heated to 95 °C for 10 min.
Magnetic field was applied and a 3 pL final sample (eluate, E) of the supernatant was taken of
each reaction. Collected fractions were analyzed using 10% denaturing PAGE, and gels were
imaged using a GE Amersham Typhoon RGB scanner. Densitometric quantification of bands was
performed using Imaged software. % Bound is expressed as a band intensity ratio of unbound
versus initial fractions. % Recovered was defined as the intensity ratio of eluate versus initial
fractions. Fold-selectivity was calculated as the ratio of ssRNA | versus ssRNA A recovery
percentages. For experiments utilizing RNA duplexes (Figure 4.2e), stock constructs were first
annealed as described in the later section and 10 pmol of this duplex was used for pulldown using
the same protocol as outlined above. For buffer optimization experiments (Figures C1,2), this
pulldown procedure was identical to our initial studies above while altering the components of the
buffer as outlined in the figure. We will refer to these optimal formulations as 1X EndoVIPER (EV)
binding buffer (19 mM Tris, 100 mM NaCl, 1 mM CaClz, 15 uM EDTA, 150 uM DTT, 0.025% Triton
X-100, 30 pug/ml BSA, 7% glycerol, pH 7.4.) and 1X EV wash buffer (19 mM Tris, 100 mM NaCl,
1 mM CaCl,, 7% glycerol, pH 7.4). To identify optimal eEndoV concentrations (Figures C4b-d),
the pulldown procedure was performed by combining 10 pmol of glyoxalated ssRNA | or ssRNA
A with 25 nM, 50 nM, 75 nM, 100 nM, 150 nM 200 nM, 400 nM, or 840 nM eEndoV in 1X EV
binding buffer and bead-purified with 1X EV wash buffer as described above. Final elution was
performed in 50 yL 0.5 M triethylammonium acetate (TEAA) pH 8.6, 47.5% formamide 0.01%
SDS (“1X EV elution buffer”) and heated to 95 °C for 10 min, after which samples were analyzed
and imaged using 10% denaturing PAGE as described earlier. For pulldown analysis of the hairpin
RNA | substrate (RRNA I, Figure C6d), 10 pmol of glyoxalated and untreated RNA was incubated

with 100 nM eEndoV in 1X EV binding buffer and purified, eluted and analyzed as described
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earlier using 1X EV wash and EV elution buffers respectively. 10 pmol of “G heavy” RNA strand

(G ss RNA |, Figure C6b), was tested in an identical manner using 1X EV buffers.

Microscale Thermophoresis (MST)

For our initial binding studies (Figure 4.1h, 4.2¢c,d), varying amounts of eEndoV were
combined with 6 fmol of respective ssRNA or dsRNA targets in a final volume of 20 pyL and allowed
to incubate for 30 min at room temperature. Final buffer conditions in these samples were 19 mM
Tris, 137 mM NaCl, 3 mM KClI, 5 mM CacCl, 15 uyM EDTA, 150 yM DTT, 0.025% Triton X-100, 30
pug/ml BSA, 7% glycerol, pH 7.4. After incubating, samples were loaded into NT.115 standard
glass capillaries. MST experiments were performed using a Nanotemper Monolith NT.115 Pico
instrument. All measurements were analyzed using the Pico-RED filter with 12% LED intensity
and 40% laser power. Data were fitted using GraphPad Prism 8 analysis software to determine
Kq values. Binding tests were performed in triplicate in separate trials. For subsequent
experiments (Figures 4.3e,f, C4a, C5f, C6d), RNAs were treated with glyoxal and purified as
described below and incubated in 1X EV binding buffer and analyzed with the Nanotemper

instrument using the same settings as our initial studies above.

RNA Duplex annealing

To assess duplex formation, 100 pmol of each RNA pair (untreated or glyoxalated) were
mixed together in 19 mM Tris, 137 mM NaCl, 3 mM KCI, pH 7.4. Mixtures were heated to 95 °C
for 5 minutes and slowly cooled to room temperature over the course of approximately 1 hour. 10
pmol of annealed construct was then loaded onto a 10% native non-denaturing polyacrylamide

gel and imaged with a GE Amersham Typhoon RGB scanner.
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Glyoxal treatment and deprotection

For our initial tests of RNA glyoxalation (Figure C4a), 5 ug of ssRNA A or ssRNA | was
added to 100 uL of 50% DMSO, 6% glyoxal (Sigma Aldrich) in nuclease-free water. Samples
were reacted for 1 hour at 50 °C and ethanol precipitated. 10 pmol of treated and purified RNA
was then analyzed by 10% denaturing PAGE and imaged using a Typhoon RGB scanner. To
remove glyoxal adducts (Figure C3b), 10 pmol of treated and purified RNA was added to 50 pL
0.5 M TEAA pH 8.6, 47.5% formamide, 0.01% SDS and heated to 95 °C for 0, 0.5, 1, 2, 5, 10, 15,
and 20 minutes. 5 uL of these reactions were directly analyzed by 20% denaturing page and

imaged as described earlier.

mRNA glyoxal deprotection, Real-Time PCR, and Sanger sequencing

2 pg human brain mRNA (Takara bio, whole brain tissue pooled from 8 Caucasian males,
ages: 43-66) was fragmented for 1 minute at 94 °C using the NEBNext® Magnesium RNA
Fragmentation Module (New England Biolabs) and ethanol precipitated. Purified pellet was then
dissolved in nuclease-free water and quantified using a NanoDrop™ spectrophotometer (Thermo
Fisher Scientific). 1 ug of fragmented mRNA was then reacted for 1 hour at 50 °C in 100 L of
50% DMSO, 6% glyoxal (Sigma Aldrich) in nuclease-free water, followed by ethanol precipitation.
Purified pellet was then dissolved in 200 uL of 1X EV elution buffer and glyoxal was removed by
heating to 95 °C for 10 min. RNA was then purified with the Monarch® RNA Cleanup Kit and
eluted in nuclease-free water. To ensure full removal of glyoxal adducts, RNA was then incubated
at 65 °C for 2 hours in 100 yL 50% DMSO in 137 mM NaCl, 2.7 mM KCI, 8 mM NazHPO,, and 2
mM KH2PO4, pH 7.4 followed by ethanol precipitation, resuspension in nuclease-free water, and
quantification using a NanoDrop™ spectrophotometer. In separate tubes, 100 ng of untreated or
deprotected mRNA fragments were combined with 20 pmol of gene specific reverse primer
(GRIA2 reverse primer 5° CCACACACCTCCAACAATGCG 3 and KCNAT reverse primer &’

CTCGGTGGTAGAAATAGTTGAAATTGGACAC 3') and heated to 70 °C for 10 minutes and then



88

placed on ice. cDNA was then synthesized at 42 °C for 1 hour using OneTaq® M-MuLV reverse
transcriptase (New England Biolabs). 10 uL of each cDNA reaction was then mixed with 10 pL of
2X iTaq Universal SYBR Green Supermix (BioRad) and 10 pmols of gene specific forward and
reverse primers (GRIA2 forward 5° GAGAACTTGTATATGGGAAAGCTGATATTGC 3’, GRIA2
reverse 5 CCACACACCTCCAACAATGCG 3, KCNA1 forward 5
GAATCTTCAAGCTCTCCCGCCAC 3, KCNA1 reverse 5
CTCGGTGGTAGAAATAGTTGAAATTGGACAC 3’). PCR reactions were monitored in real-time
using a LightCycler® 96 instrument (Roche) using the following thermal cycling program: 94 °C
for 3 min, followed by 45 cycles of (94 °C for 15 s, 60 °C for 30 s, 68 °C for 30 s), 68 °C for 5 min.
Amplification traces were analyzed using the LightCycler® software, and cycle thresholds (Ci)
were determined using a default fluorescence value setting of 0.2 RFUs. PCR reactions were
then purified using the Monarch PCR & DNA Cleanup Kit (New England Biolabs). 80 ng of each
purified amplicon was then analyzed on a 1 % agarose gel and compared to a GeneRuler 50 bp
DNA ladder (Thermo Fisher Scientific). 50 ng of each purified amplicon was also submitted for

Sanger sequencing (Genscript). Sequencing traces were analyzed using SnapGene viewer.

EndoVIPER-seq

2 pg human brain mRNA (Takara bio, whole brain tissue pooled from 8 Caucasian males,
ages: 43-66) was fragmented for 1 minute at 94 °C using the NEBNext® Magnesium RNA
Fragmentation Module (New England Biolabs) and ethanol precipitated. Fragmented mRNA was
then reacted for 1 hour at 50 °C in 100 uL of 50% DMSO, 6% glyoxal (Sigma Aldrich) in nuclease-
free water, followed by ethanol precipitation. Purified pellet was then dissolved in nuclease-free
water and quantified using a NanoDrop™ spectrophotometer (Thermo Fisher Scientific). 500 ng
of fragmented and glyoxalated mRNA was then added to each of two tubes (duplicate “RNA-seq”
samples) containing 30 pL nuclease-free water and frozen at -80 °C for later use. For EndoVIPER

samples, 500 ng of fragmented, glyoxalated mRNA was added to each of two tubes containing a
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250 pL solution of 100 nM eEndoV and 120 units RNaisin Plus inhibitor (Promega) in 1X EV
binding buffer, and was incubated at room temperature for 30 minutes. Separately, 300 uL anti-
MBP magnetic bead slurry (New England Biolabs) was added to a new microfuge tube and
washed extensively with 1X EV wash buffer. After washing, beads were resuspended in the
eEndoV-mRNA samples and incubated at room temperature for two hours with end-over-end
rotation. Magnetic field was applied and the supernatant was discarded. Beads were then washed
three times with 500 yL 1X EV wash buffer and then resuspended in 200 yL of 1X EV elution
buffer. Bound mRNA was then eluted by heating to 95 °C for 10 min. Residual magnetic beads
were removed from the collected supernatant using 0.22 ym microfuge spin filters (Corning®
Costar®), and RNA was purified further with the Monarch® RNA Cleanup Kit and eluted in
nuclease-free water. To ensure full removal of glyoxal adducts, RNA was incubated at 65 °C for
2 hours in 100 uL 50% DMSO in 137 mM NaCl, 2.7 mM KCI, 8 mM Na>HPO4, and 2 mM KH2POy,
pH 7.4 followed by ethanol precipitation and resuspension in nuclease-free water. Starting mRNA
material, fragmented RNA-seq mRNA, and enriched EndoVIPER mRNA were quantified and
assessed for size distribution (Figure C6) using an Agilent 2100 Bioanalyzer instrument and the
Agilent 6000 RNA Pico kit. 8 ng of each RNA-seq and EndoVIPER-seq RNA replicate was then
used to prepare sequencing libraries with the SMARTer Stranded Total RNA-Seq Kit v2 - Pico
Input kit (Takara Bio), standard 8-bp i5 and i7 lllumina index barcodes and adapters were added
to each library. All libraries were then sequenced using a NextSeq 550 (lllumina) to produce paired

end 150-bp reads.

Read trimming and mapping

Adapter and barcode sequences were removed using Trimmomatic*? and processed with
the following additional parameters (HEADCROP:3 LEADING:31  TRAILING:31
SLIDINGWINDOW:6:31, ILLUMINACLIP using a custom list of known lllumina adapter

sequences. HEADCROP was used to remove the first three nucleotides of the second paired-end
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sequencing read (read 2), which originate from the Pico v2 SMART template switching
oligonucleotide adapter utilized in the SMARTer Stranded Total RNA-Seq Kit v2 - Pico Input kit
(Takara Bio). Trimmed reads were aligned to the human reference genome assembly GRCh37
(hg19) using reads aligner for SNPs and editing sites of RNA (RASER)* with previously optimized
parameters m=0.05 and b=0.03, and uniquely mapped reads were retained. PCR duplicates

were removed with the Genome Analysis Toolkit program MarkDuplicates (Picard).

Identification of RNA Editing Sites

To call editing sites, we used the REDItools*' python package, filtering for sites with
mapping quality score = 10, variant call quality = 20, minimum read coverage = 3, minimum
number of reads supporting variation = 3, and minimum editing frequency = 0.1. We also removed
substitutions in homopolymeric regions of = 5nt, discarded any hits corresponding to intronic
regions 4 nt next to known splice sites, and retained only AG and TC transitions. We also removed

known common SNPs (dbSNP151) obtained from the UCSC genome browser.

Statistics

Total called editing sites were compiled for each sample, and averaged across groups.
Means were graphed and significance (unpaired t-test) was calculated using Prism 8. Coverage
and editing rate were compared by merging datasets from each group and aligning by editing site.
Box and whisker plots and statistical significance (paired t-test) were graphed and determined in
Prism. To enable calculation of fold-enrichment, all datasets were merged and aligned by site,
and a pseudocount of 0.1 was added to all raw coverage values.** Box and whisker plots were
graphed and determined in Prism. To analyze enrichment against transcript abundance, sites
detected in RNA-seq samples were plotted against fold-enrichment scores and a semi-log

regression analysis was calculated using Prism.
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Motif analysis

The top 200 most enriched sites were compiled and neighboring sequence information (4
nucleotides up and downstream of editing site) was obtaining using the Integrative Genomics
Viewer (Broad Institute).** Sequence logo graph representing consensus frequency was created

using WebLogo (Berkeley, CA).*

Heatmaps

Heatmap images were generated from compiled read coverages and “edited” reads using

|46 “

the web-based Heatmapper too Edited” read counts were calculated by multiplying read

coverage with editing frequency at each site.
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Chapter 5
Direct Inmunodetection of Global A-to-l RNA Editing Activity

with a Chemiluminescent Bioassay’

5.1 Abstract:

Adenosine-to-inosine (A-to-1) RNA editing patterns can vary significantly between different
cell and tissue types, and hyperactive A-to-l signatures are indicative of several diseases,
including cancer and autoimmune disorders. Because of the importance of these differences,
there is significant need for efficient methods to measure overall editing levels in cellular RNA.
Current standard approaches rely on RNA-seq to indirectly detect editing sites, which requires
significant investments in time and material as well as extensive computational analysis. Here,
we utilize Endonuclease V (EndoV), which binds specifically to inosine in RNA, to develop a
protein-based chemiluminescent bioassay to directly profile A-to-l RNA editing activity. We
previously showed that EndoV can bind and enrich A-to-I edited transcripts prior to RNA-seq, and
we now leverage this activity to construct an EndoV-linked immunosorbency assay (EndoVLISA)
as a rapid, plate-based chemiluminescent method for measuring global A-to-1 editing signatures
in cellular RNA. We first optimize and validate our assay, illustrating selective and sensitive
detection of inosine in RNA. We then demonstrate rapid detection of inosine content in treated
cell lines, demonstrating equivalent performance against RNA-seq approaches. Lastly, we deploy
our EndoVLISA for profiling differential A-to-I RNA editing signatures in normal and diseased
human tissue, illustrating the utility of our platform as a diagnostic bioassay. Together, the
EndoVLISA method is cost-effective, straightforward, and utilizes common laboratory equipment,
offering a highly accessible new approach for studying A-to-l editing. Moreover, the multi-well
plate format makes this the first assay amenable for direct high-throughput quantification of A-to-

| editing for applications in disease detection and drug development.

*Authors: Knutson, S. D.; Arthur, R. A.; Johnston, H.R.; Heemstra, J. M. Submitted, 2021.
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5.2 Introduction:

Adenosine-to-inosine (A-to-1) RNA editing is catalyzed by adenosine deaminases acting
on RNA (ADARs), and is a critical and widespread RNA modification in eukaryotes." Deamination
changes the structure and hydrogen bonding pattern of the nucleobase, and resulting inosines
instead hybridize with cytosine and are decoded as guanine by cellular machinery. Due to this
change, editing sites within protein-coding regions can directly alter amino acid sequences and
produce different protein isoforms.? Small regulatory RNAs are also edited, in turn modulating the
activities of small-interfering RNAs (siRNAs) and microRNAs (miRNAs) and affecting global gene
expression patterns.?

However, the vast majority of A-to-l editing sites are found within repetitive Alu elements,
which are embedded throughout the human transcriptome and form long (~300 bp) inverted
dsRNA repeats that are recognized and edited by ADAR1.* Because Alu elements are
widespread, millions of A-to-I sites have been identified,*® and editing within these regions is now
recognized as an essential cellular mechanism to regulate innate immune system activation and
differentiate “host” RNA from pathogenic transcripts.® In the absence of ADAR1, unmodified
dsRNA accumulates within the cell and activates downstream cytotoxic interferon responses.'*"2
Genetic knockout of ADAR1 is also typically a lethal phenotype in mice, causing developmental
defects arising from uncontrolled innate immune responses in specific tissues.'® '*'° In humans,

16-18

dysregulated A-to-I editing is also strongly linked with autoimmune disorders, and most cancer

types display ADAR1 overexpression and hyperediting signatures as a potential means of

suppressing and evading the immune system.'®? Interestingly, deletion of ADAR1 has been

1

shown to overcome immune checkpoint blockade resistance in tumors,?' and there is now

significant interest in developing treatment modalities to specifically inhibit ADAR enzymes and
decrease global editing activity. Beyond these critical roles in immune system function and
embryogenesis, A-to-l editing is also broadly implicated in stem cell differentiation and

2,9,22

neurological activity, and editing malfunctions in the central nervous system are implicated
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in epilepsy, amyotrophic lateral sclerosis, glioblastoma, schizophrenia, autism, and Alzheimer’s
disease.??°

Although a critically important and dynamic cellular process, our overall understanding of A-to-
| editing regulation and its broader functional relationships remain limited. Similarly, despite its
clear relationship with several classes of disease, " 20 27:31-3% hoth ADAR activity and global A-
to-1 editing signatures have not been fully leveraged as a biomarker for disease diagnosis. Both
of these limitations are the direct result of technical challenges associated with current methods
for detecting and measuring editing activity. One of the earliest attempts at quantifying inosine
content employed enzymatic digestion of isolated mRNA followed by P* radiolabeling and
successive thin-layer chromatography.3® While this study provided an initial rough estimate of
inosine content in rat mMRNA (~0.01 — <0.001% of all nucleotides) and suggested the first tissue-
level differences in editing activity, this method is laborious, hazardous, and suffers from low
precision, and thus has not been applied or adopted beyond these initial experiments. Because
inosine is decoded as guanine during reverse transcription, the current standard method utilizes
high-throughput RNA sequencing (RNA-seq) to identify editing sites from A-G transitions.*” This
approach offers high-resolution mapping of A-to-I sites throughout the transcriptome, and when
focused solely on Alu elements, enables computational estimation of both ADAR1 activity and
global editing levels in cellular RNA.*® While these bioinformatic methods are effective and
additionally allow post-hoc measurement of A-to-I activity from published RNA-seq experiments,
generating new datasets still requires high-cost consumables, specialized instrumentation, and
data turnaround times can often extend past weeks or even months. RNA-seq is also limited to
capturing small “windows” of RNA, making this technique inconsistent and prone to random
sampling errors. Editing sites are also quite rare in the context of total RNA* * and so RNA-seq
is less suited for comprehensive measurement of editing levels from cellular samples. Because
of these challenges, RNA-seq requires excessive amounts of RNA input material, very high

numbers of sequencing reads, and customized computational pipelines to achieve sufficient depth
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and coverage for accurate indexing of global A-to-l levels.*®**° Modified bases can also be

quantified by digesting cellular RNA and analyzing by LC/MS,*"#4

and while capable of measuring
inosine content in biological samples,**° these methods are also low in throughput, often require
impractically high amounts of RNA input, and utilize costly and highly-specialized instrumentation.
Additionally, LC/MS typically lacks the resolution needed to detect low-frequency modifications or
discriminate between structurally similar nucleotides. A bioluminescent system was also recently
developed, in which A-to-I editing of a UAG stop codon embedded in a luciferase mRNA reporter
produces a measurable signal for inferring ADAR activity levels in immortalized cells.*” While this
method is high-throughput-compatible and enabled the first screening of a small molecule library
for potential ADAR-modulating drugs, this approach relies on indirect estimation of A-to-l activity
at a single putative editing site and does not directly assay actual inosine content in cellular RNA.
Additionally, this approach requires genetic manipulation for establishing a stable reporter cell
line, and thus cannot be extended beyond in vitro contexts or used as a diagnostic tool in primary
cells or tissues.

Despite these advances, RNA-seq is still by far the most widely adopted and current
method-of-choice for detecting A-to-l editing, and there remains a significant need for technology
that can rapidly and inexpensively profile global editing signatures in a variety of biological
contexts. Such an advance would not only provide faster and more accurate information regarding
the biochemical regulation of global A-to-l editing activity in humans, but would also enable
researchers to leverage differential A-to-l signatures as a diagnostic biomarker in several disease
contexts. Additionally, an assay platform capable of detecting global changes in editing levels
would be an enabling advance for designing and testing pharmacological inhibitors of ADAR
activity in both immortalized cells and primary tissues.

Toward these goals, we were inspired by our previous explorations of Endonuclease V
(EndoV), a conserved nucleic acid repair enzyme that can specifically recognize inosine in nucleic

acids.***? EndoV is present across all domains of life,>® and naturally utilizes Mg** to cleave
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inosine-containing substrates. In lower prokaryotes, this activity appears to have originally
evolved for repair of inosine lesions in DNA,*® while in humans and other higher eukaryotes,
EndoV exhibits specific activity toward inosine in RNA and is speculated to have metabolic roles
in degrading A-to-1 edited transcripts.®'? Interestingly, enzyme activity can also be modulated by
replacing Mg?* with Ca®*, enabling EndoV to bind instead of cleave inosine-containing nucleic acid
substrates.* Inspired by this, we recently demonstrated that recombinant E. coli EndoV (eEndoV)
has high affinity and selectivity for A-to-l edited transcripts and can be repurposed to act as an
“antibody” to bind and enrich edited transcripts prior to RNA-seq.>*%°

Here, we leverage these properties to construct an EndoV-linked immunosorbency assay
(EndoVLISA) to directly measure global A-to-l RNA editing signatures using a simple
chemiluminescent plate-based bioassay. We first design an assay workflow to denature,
biotinylate, and immobilize RNA into streptavidin-coated plates for subsequent immunodetection
and chemiluminescent measurement. We then systematically optimize key parameters in our
assay, validate its accuracy and sensitivity for detecting inosine in RNA, and further benchmark
its performance against LC/MS and RNA-seq methods. We then demonstrate EndoVLISA as a
facile bioassay for rapidly profiling A-to-l RNA editing in several human cell and tissue samples,
addressing a significant gap in RNA-based analysis and improving our ability to profile global

epitranscriptomic changes in a variety of biological contexts.

5.3 Results and Discussion:

In our initial demonstration using eEndoV for capturing A-to-l edited RNAs,** we first
employed microscale thermophoresis (MST) to validate and quantify binding affinity of the protein
for inosine in RNA. MST is a well-characterized and highly sensitive method that monitors
solvation and mobility changes in fluorescently-tagged molecules upon ligand or receptor

56-57

binding, and we hypothesized that MST detection of EndoV binding events with fluorescently-

tagged RNAs would be a feasible approach for measuring global A-to-l editing activity (Figure
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D1a,b). We also observed that RNA secondary structure was a key factor for EndoV pulldown
efficiency in edited RNAs, and found that the enzyme had a strong preference for binding inosine

in unstructured, single-stranded RNA (ssRNA).**

This was especially problematic because ADAR
primarily targets structured duplexes for A-to-l editing,” °® and thus inosines are highly likely to
reside in double-stranded RNAs (dsRNA). To circumvent this problem, we identified glyoxal, a
covalent denaturant that reacts with the Watson-Crick-Franklin face of guanosine, adenosine, and
cytidine, as an effective means for disrupting RNA secondary structure (Figure D2a).*
Importantly, glyoxal does not react with inosine, and we found that this treatment step was not
only compatible with EndoV-RNA pulldown, but greatly enhanced the ability of EndoV to bind A-
to-l edited transcripts regardless of structure (Figure D2b).>*

Combining glyoxal treatment with MST analysis, we envisioned a method for rapid global
editing measurement. In this approach, cellular RNA is first fragmented into smaller strands and
then each molecule labeled with a Cyanine5 (Cy5) fluorophore for subsequent EndoV binding
and MST measurement (Figure D3a). We utilized sodium metaperiodate (NalO4) to end label
each strand (Figure D3b,c)® then tested the protocol on short (24 nt) RNA oligonucleotides
containing A or | in a defined position (RNA A and ), and confirmed complete fluorescent labeling
of glyoxal denatured strands (Figure D3d). With these materials in hand, we next sought to
maximize sensitivity for detecting inosine in our MST workflow. Because inosine levels are
typically very low in mRNA (estimated ~0.01 — <0.001% of nucleotides),* * we first identified 10
ng as the maximum amount of Cy5-labeled RNA that could be used in MST without saturating
the detector (Figure D4). Next, we incubated 10 ng of each RNA A or | with increasing amounts
of EndoV and assessed MST response (change in normalized fluorescence, AFnom). Consistent
with our previous explorations,* we observed high binding affinity toward the inosine-containing
strand (RNA | K4 3.39 + 0.36 nM) and optimal EndoV selectivity for inosine (~70-fold) at ~100 nM
(Figure D5). Additionally, off-target interactions between RNA A and EndoV were only observed

at very high concentrations (> 1 yM). While promising, actual inosine content in these experiments
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was still quite high (~4 %), and we unfortunately found that the signal became undetectable below
~0.5-1% inosine content (Figure D6). Unfortunately, this limit of detection is well above predicted
A-to-l levels in cellular RNA,* % and so the use of MST for measuring global editing did not appear
feasible.

In redesigning a biosensing platform for measuring global changes in A-to-I RNA editing, we
were again inspired by the “antibody-like” qualities of EndoV and hypothesized that these could
be applied in other established immunodetection approaches. In particular, we identified enzyme-
linked immunosorbency assay (ELISA) as a potential platform due to its well-characterized
performance, high sensitivity, and overall versatility for quantifying low abundance analytes in
highly complex mixtures.®™®? Because of these attractive qualities, ELISA is now a routine
technique for both basic research and biomedical diagnostics, and has enabled sensitive
detection of human antibody titers,®® cytokine and small-molecule analytes in serum,** and viral
particles in different biological fluids.®>%® Moreover, primary antibodies identified for other rare
nucleic acid modifications, including Né-methyladenosine (m°®A),5”¢ 5-methylcytosine (5mC),*° 5-
hydroxymethylcytosine (5hmC), and 5-carboxylcytosine (5caC),’® have now also been
successfully deployed in commercial ELISA formats for sensitively detecting global editing rates
in RNA and DNA. ELISA also utilizes cheap consumables and commonplace laboratory
equipment, and these collective advantages uniquely position this method for potentially
addressing several major technical limitations in rapidly measuring global A-to-| editing rates.

To apply this assay format for quantifying inosine, we envisioned that our original workflow
could be slightly modified so that RNA would first be biotinylated and immobilized into a
streptavidin-coated well of a micro-well plate to enable the binding, washing, and detection steps
that are typical of other ELISA approaches (Figure 5.1c, d). Given our prior success in end-
labeling RNA strands with Cy5 (Figure D3), we again utilized periodate oxidation and hydrazide
coupling as a chemical strategy for 3’ biotinylation of RNA transcripts (Figure 5.1d). Additionally,

we reasoned that end-labeling and immobilizing each RNA strand from the 3’ terminus would in
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Figure 5.1. Designing a protein-based chemiluminescent bioassay for direct detection of inosine in
RNA. a) Adenosines in RNA are converted to inosine by ADAR enzymes, and introduce a base pairing
change. b) Detecting A-to-l sites and measuring editing activity is typically achieved with next-generation
RNA sequencing (RNA-seq), where inosines are identified as A-G transitions between RNA-seq reads and
a reference genome. c) In this study, we propose direct detection of A-to-I sites with an Endonuclease V —
Linked Immunosorbency Assay (EndoVLISA). Cellular RNA is first glyoxal denatured, biotinylated, and
immobilized in a streptavidin-coated well. Inosine is then specifically recognized by EndoV, which is fused
to a maltose-binding protein (MBP) affinity tag. Wells are then probed with a mouse anti-MBP primary (1°)
antibody and a goat anti-mouse secondary (2°) antibody conjugated to horse-radish peroxidase (HRP) to
generate a chemiluminescent signal. d) Chemical strategy to prepare RNA for analysis. Sodium meta-
periodate (NalOa4) is first used to oxidize terminal 3° OH groups in each RNA strand, followed by covalent
denaturation with glyoxal. Biotin-PEGs-hydrazide is then reacted with 3’ dialdehyde groups to enable
immobilization of RNA mole-cules onto a streptavidin-coated surface.

theory maximize our potential sensitivity in detecting inosine by enabling multiple EndoV binding
events per transcript while only occupying one streptavidin site on the two-dimensional surface of
the well. As an initial feasibility test, we first sequentially treated our test RNA | strand with NalOg,
glyoxal, and biotin-PEGs-hydrazide. We then also fluorescently tagged this RNA with Cy5 and
loaded increasing amounts into each well of a streptavidin-coated 96-well plate. After extensively

washing each well, we then measured fluorescent signal across the plate. As shown in Figure
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D7, signal increased proportionally from 0 to 5 pmol of the treated RNA and plateaued at higher
loading amounts, suggesting a maximum capacity of ~5 pmol biotinylated RNA. Considering the
median length of human mRNA (~1400 nt),”" this capacity would conveniently enable us to
measure inosine content in up to ~2-3 yg mMRNA per well. Additionally, we observed virtually no
binding in an RNA control strand that was not biotinylated, indicating that non-specific interactions
in this step were minimal (Figure D7).

One of the key reasons that ELISA offers such high sensitivity is that sequential binding
of the analyte of interest to both a primary (1°) and secondary (2°) antibody enables signal
amplification. This is then significantly enhanced by conjugating an enzyme to the 2° antibody,
such as horse-radish peroxidase (HRP), which provides catalytic generation of multiple detection
signals for every initial analyte molecule bound. While powerful, this design also presents
significant assay complexity, and ELISA platforms are known for requiring extensive optimization
to balance detection sensitivity with background signal. Our proposed EndoVLISA system shares
this potential complexity, wherein we first bind inosine in RNA with a recombinant eEndoV fused
to a maltose-binding protein (MBP) affinity tag, followed by probing with a mouse anti-MBP 1°
antibody and an HRP-conjugated, goat-anti-mouse 2° antibody (Figure 5.2a).

Each of these individual assay components are key to robustly measuring global changes
in A-to-l editing, so we first sought to systematically optimize our workflow to maximize sensitivity
and minimize off-target interactions. Toward this end, we also identified mRNA as an analyte of
choice, as the vast majority of ADART1 editing events occur within repetitive Alu elements in these
transcripts and would likely improve our potential detection efficiency.*® Isolating polyA+
transcripts prior to EndoVLISA detection would also eliminate RNA species that might interfere
with our assay, including several transfer RNA (tRNA) species that contain inosine in the
anticodon loop.”*™ While this modification is essential for protein translation, tRNA editing is

performed by a different enzyme family (ADAT) and is unrelated to A-to-I editing activity catalyzed
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Figure 5.2. Optimizing EndoVLISA performance for sensitive and selective detection of A-to-l RNA
editing. a) Schematic of initial EndoVLISA optimization and main functional components — (1) RNA of
interest, (2) eEndoV-MBP fusion protein, (3) anti-MBP primary antibody, and (4) goat anti-mouse HRP-
conjugated secondary antibody, and (5) chemiluminescent substrate. Several dilutions of each component
2-4 were tested in a large screen for optimal conditions. Assay linearity and selectivity were chosen as
critical evaluation metrics. b,c) In duplicate, various combinations of different EndoV and antibody
concentrations were tested with on- and off-target RNAs (RNA | and A), and both linearity and selectivity
were measured. b) Pearson r p-value was computed in GraphPad Prism using on-target RNA | signals from
0, 0.1 and 2 pmol RNA signals. c) Fold-selectivity was calculated as the chemiluminescent signal of RNA |
divided by RNA A (2 pmol/well). d) Representative image of chemiluminescent EndoVLISA detection of
inosine. RNA was immobilized into a 96-well streptavidin coated plate, followed by immunodetection with
the indicated reagent combinations and incubated with chemiluminescent substrate for 1 minute with
shaking. Reactions were then transferred to a clear 96-well plate and chemiluminescent signal was
captured using a Typhoon biomolecu-lar imager. White outlines indicate relative position of each well. Heat
map values represent luminescent intensity generated using the acquisition software. Bar graph denotes
signals generated from different RNA A and RNA [ loading amounts (2, 1, 0.25, and 0.125 pmol per well).
e) Linearity and sensitivity of detecting inosine in complex mixtures. Decreasing amounts of RNA | strand
were spiked into 1 pg of in vitro transcribed mRNA and detected using optimized EndoVLISA workflow
(EndoV 1:1000, 1° 1:1000, 2° HRP 1:40,000, and SuperSignal™ West Atto Substrate). Inset displays a
zoomed-in portion of the curve (red-dashed box, < 150 fmol RNA ) illustrating a lower limit of detection
~62.5 fmol of inosine per ug RNA. Values represent mean (n = 3) and error bars denote 95% confidence
intervals. Linear regression (black dashed line), R2 and pearson (r) correlation (**** denotes p < 0.0001)
were computed in Prism.
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by ADAR1. Using the rough estimate of rat inosine content (~50-200 fmol/ug mMRNA)* as well as
RNA-seq analysis showing that global human editing rates are ~5-fold higher,® we wanted to first
optimize our EndoVLISA approach to target this range (~0.1-2 pmol/ug mRNA). We also designed
a combinatorial screen to systematically test different conditions for each component (EndoV-
MBP, 1° and 2° Ab-HRP) so that each EndoVLISA mixture could be assayed with 1) no RNA
(blank), 2) “low on-target” (100 fmol/well RNA 1), 3) “high on-target” (2 pmol/well RNA ) and 4)
“high off-target” (2 pmol/well RNA A) (Figure 5.2a). Proportional on-target signal is a key metric
for robust ELISA performance, and so we stringently measured assay linearity from 0, 0.1, and 2
pmol RNA | using Pearson correlation coefficients (r) and associated p values for all EndoVLISA
combinations. Interestingly, while EndoV concentration had minimal effect, a clear trend emerged
in that higher amounts of 1° MBP-targeting antibody (1:1000 and 1:2000 dilutions) and lower
amounts of 2° antibody-HRP (1:20,000 and 1:40,000) yielded excellent linearity (p < 0.05, Figure
5.2b). Conversely, lower 1° and higher 2° antibody concentrations were less linear and displayed
both higher variability and greater saturation effects in on-target binding curves (Figures D8-D10).
This can be explained in part by the fact that we employed a monoclonal 1° antibody which binds
to MBP in a 1:1 ratio, whereas multiple 2° HRP (polyclonal) antibodies can subsequently attach
to this complex. Thus, coupled with catalytic chemiluminescent signal generation from HRP,
certain antibody combinations (low 1°, high 2°) may result in disproportionate signal generation
that does not accurately reflect inosine content per well.

Off-target background signal is also a major consideration with ELISA development, so
we evaluated assay performance with high amounts of both RNA A and RNA | (2 pmol/well).
While the resulting trend was less clear than in our linearity tests, better overall selectivity (I/A)
was again observed with higher 1° antibody concentrations (1:1000 and 1:2000, Figures 5.2c,
D11-13). Interestingly, EndoV concentration also had a more significant impact across these
experiments, and there was a clear optimum in EndoVLISA performance when using 2° HRP at

a dilution of 1:20,000. From this large screen, we ultimately identified several EndoVLISA reagent
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combinations that produced comparable performance and excellent robustness (Table D1),
suggesting overall assay flexibility in a variety of potential conditions and indicating that minor
adjustments in these components would not significantly alter assay quality.

Using optimized conditions from this screen, (EndoV 1:1000, 1° antibody 1:1000, and 2°
antibody-HRP 1:20,000), we next confirmed that our method was specific and that each assay
component was necessary and sufficient for signal generation. As shown in Figure 5.2d, signal
was only observed in wells receiving all 3 detection components. Importantly, no response was
generated without EndoV, indicating very low non-specific binding of either the 1° or 2° HRP
antibody. We also began testing a larger range of inosine concentrations in RNA, and we found
that our EndoVLISA assay response was not only highly linear (particularly below 1 pmol) but
also sensitive, with an estimated lower limit of detection of ~100 fmol (Figure D14).

Seeking to maximize this detection sensitivity, we lastly explored the chemiluminescent
substrate used in our assay. In particular, we employed SuperSignal™ ELISA Pico substrate
(Thermo Fisher Scientific) for our initial optimization assays, and next tested the SuperSignal™
West Atto variation, which is currently reported as the most sensitive commercially available
substrate. Interestingly, when we incorporated this material into our optimized detection
conditions, we observed erratic and overall poor signal compared to our previous EndoVLISA
tests using the Pico substrate (Figure D15). Given that West Atto substrate is specifically
formulated to detect ultra-low analyte concentrations, we wondered if the 2° HRP concentration
was simply too high and that fast substrate turnover was resulting in rapid loss of light signal
output. Interestingly, when diluting the 2° antibody-HRP to 1:40,000, we saw a dramatic
improvement in performance, with excellent linearity below 0.5 pmol inosine and a lower limit of
detection approaching ~30 fmol and representing a 2-3-fold improvement over the Pico substrate
(Figure D16). Diluting this further (1:80,000-1:160,000) produced diminishing signal in our RNA |
standard curves (Figure D15), so we selected 1:40,000 as an optimal 2° antibody concentration

for subsequent assays.
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While our results thus far were encouraging, detecting small amounts of A-to-1 editing in
complex samples is pivotal to our eventual goals, and so we next tested EndoVLISA performance
in the presence of off-target mRNA. We first synthesized an ~800 nt mRNA by in vitro
transcription, importantly using only the four canonical ribonucleoside triphosphates (A, U, C, G)
to enable precise control over nucleobase content in each sample for subsequent inosine
quantification. We first combined this mRNA (1 pg) with different ratios of our RNA | control strand,
and subjected these samples to both glyoxal denaturation and 3’ biotinylation prior to EndoVLISA.
As shown in Figure D17, we did observe an overall signal decrease in the presence of off-target
MRNA. These samples are undoubtedly more complex than our previous analyses using only
small oligonucleotides, and it is likely that EndoV and antibody binding is less efficient in this
crowded microenvironment. Despite this, EndoVLISA displayed excellent linearity from 0-1 pmol
(Figure 5.2d). Additionally, we were still able to reliably detect ~100 fmol inosine per ug mRNA,
roughly indicating that our method can sense 1 inosine molecule for every ~30,000 nucleotides
(0.003%), which is encouragingly near estimated lower levels of A-to-I content (~0.01 — <0.001%
of all bases).> 3¢

Although LC/MS is not typically used to quantify inosine content in cellular RNA due to
practical limitations, we were curious to benchmark our EndoVLISA assay relative to this
approach. We first analyzed decreasing amounts of inosine ribonucleoside, and found that MS
detection was only reliable above ~5 pmol (Figures D18, D19). To directly compare with our
previous EndoVLISA selectivity test (Figure 5.2d), we also spiked inosine into 1 ug of an
equimolar mixture containing each of the four canonical nucleosides (A, U, C, G) as well as the
two other major modified bases found in RNA (m°A and pseudouridine) (Figure D20, D21). Given
the inclusion of an upstream chromatography separation step, LC/MS was predictably unaffected
by this added sample complexity, and yielded similar performance whether inosine was injected
alone or when mixed with other ribonucleosides (Figure D21). This lower limit of detection (~5-

10 pmol using an accurate mass TOF-ESI instrument) was comparable to other studies employing
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LC/MS for inosine quantification,**® but still represented >100-fold decrease in sensitivity
compared to our demonstrated EndoVLISA performance (Figure 5.2d). This likely explains why
this method has found use in the case of more frequent RNA modifications but has not been
widely adopted for measuring A-to-l editing signatures.

After thoroughly demonstrating feasibility and robustness of our EndoVLISA method for
detecting inosine in RNA, we next sought to test our approach in a cellular context for measuring
global changes in A-to-l editing frequency. Additionally, we were curious how the EndoVLISA
would compare to the current standard method of inosine quantification utilizing RNA-seq.
Because the majority of editing sites reside within repetitive Alu elements in mRNA,*® the “Alu
Editing Index” (AEI) was developed to computationally measure editing frequencies across these
sites, in turn providing a global estimate of ADAR1 editing activity. 757

To compare this approach to EndoVLISA, we first selected HEK293T as a suitable cell
line to induce overexpression of ADAR1. Interestingly, most immortalized cell lines also exhibit
very low editing activity compared to human primary cells and tissues, which is partly explained
by overall lower ADAR1 expression levels.”® AEI profiling of different cell lines also showed that
293T cells exhibit particularly low editing levels (Figure D22), and this would fortunately allow us
to simulate and detect increases in ADAR1 expression that are characteristic of different
developmental and disease-specific changes in global editing activity. We first induced
overexpression using increasing amounts of a plasmid encoding a GFP-tagged ADAR1 p110
isoform.”” We then harvested both whole cell lysate and mRNA from treated 293T cells and
analyzed these materials by western blotting, RNA-seq, and EndoVLISA (Figure 5.3). We
confirmed very low ADAR1 levels in untreated 293T cells, and observed a clear increase in
ADAR1 expression with increasing amounts of transfected plasmid by both western blot (Figure
5.3a,b) and GFP fluorescence in collected lysates (Figure D23).

Using isolated mMRNA from these samples, we performed RNA-seq and calculated global

A-to-l editing activity in treated cells using the Alu index and observed a proportional rise in AEI
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Figure 5.3. EndoVLISA detects global cellular changes in A-to-l RNA editing. HEK293T cells were
transfected with increasing amounts of a plasmid encoding a GFP-tagged ADAR1 p110 isoform. a) Western
blotting of lysates obtained from untreated (untr.) 293T cells and those receiving increasing amounts of
transfected plasmid, illustrating higher levels of GFP-ADAR expression. ADAR1 p110 band (black) in blot
signifies endogenous expression in untreated cells. GFP-ADAR (green) is larger due to addition of GFP
tag. b) Densitometric estimation of ADAR1 expression in different samples as a ratio of ADAR1 band
intensity compared to a control protein (B-actin). c) RNA-seq was performed on isolated mRNA from each
treatment group, and A-to-1 editing activity was calculated using the Alu Editing Index (AEI). Values rep-
resent individual samples for each group (n = 3). d) The same mRNA material was also biotinylated, glyoxal-
denatured, and tested using EndoVLISA (1 pg mRNA per well, EndoV-MBP 1:1000, 1° antibody 1:1000, 2°
antibody-HRP 1:40,000, West Atto substrate). Values represent net relative luminescent units (RLU,
arbitrary units) calculated by subtracting appropriate blank wells (no RNA) from each set. Data points repre-
sent individual values from each well (n = 3 for each treatment group). Linear regression (black dashed
lines), R2 and pearson (r) correlation (* denotes p < 0.05, *** p < 0.001) were computed in Prism.

values correlating with plasmid amount and overall ADAR expression (Figure 5.3c). In parallel,
we tested this same mRNA material using our EndoVLISA approach, and were delighted to see
a commensurate rise in chemiluminescent response that correlated with increasing ADAR1
plasmid transfection (Figure 5.3d). Using a standard curve comprised of known amounts of RNA
| control strand added to 1 pg in vitro transcribed mRNA, we also estimated inosine concentrations
in these samples and saw a comparable increase in these levels (Figure D24). Both RNA-seq
and EndoVLISA showed statistically significant linearity (Figures 5.3c,d), and were also in good

agreement with each other (Figure D25), indicating our method was reliable for detecting global
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increases in A-to-l editing. Although the AEI was more sensitive in detecting smaller potential
changes in ADAR1 activity, particular between untreated 293T cells and those receiving lower
plasmid amounts (<1 ng/ul), this approach was less responsive in higher transfection ranges. As
shown in Figures 5.3c-d, similar index values were observed in these samples, whereas
EndoVLISA yielded more distinct and proportional responses. Overall, our results demonstrated
that EndoVLISA is feasible and effective for accurately detecting global cellular changes in A-to-I
RNA editing. Additionally, our method not only produced highly similar responses when compared
to the current standard method using RNA-seq, but the EndoVLISA also offered significant time
and cost-savings compared to RNA-seq, representing a ~200-fold reduction in analysis costs per
sample (Tables D2, D3) and positioning this method as a highly accessible and robust tool for
characterizing RNA editing signatures at medium- to high throughput.

We were next interested in testing our method in mRNA from primary human samples,
as A-to-l editing activity can vary between different organs, tissues, and cell types within the
body.**® These editing changes are important drivers of stem cell differentiation, embryogenesis,
and immune cell activation, and large-scale fluctuations in global editing frequency can also
directly cause or be indicative of a variety of developmental diseases, autoimmune illnesses,
neurodegenerative disorders, and cancer types.” 122127

Towards our goal of profiling these changes, we first tested relative inosine levels in a
panel of normal human tissues. Although most adult tissue types exhibit similar A-to-l activity,
higher editing has been observed in both brain and aorta tissues, while skeletal muscle and
pancreatic mRNA display uniquely low editing rates.* ® As shown in Figure 5.4, we were
excitingly able to detect these large-scale differences using our EndoVLISA bioassay (Figure
5.4b). As an additional level of validation for our method, these global trends were also highly
similar to results from a large-scale Alu indexing of >9,000 RNA-seq datasets from the Genotype-
Tissue Expression (GTEX) project (Figure 5.4a).% ’® In particular, while brain and aorta mRNA

displayed the highest mean response among all tissues tested in both RNA-seq and EndoVLISA,
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Figure 5.4. EndoVLISA detects tissue-specific A-to-l editing signatures. a) RNA-seq analysis of A-to-
| editing activity in human tissues from the GTEx project. AEI was calculated from RNA-seq datasets
across all indicated human tissues. Reproduced from compiled data, and values represent mean and SD
(brain n = 103 individuals, aorta n = 246, breast n = 219, kidney n = 38, muscle n = 450, pancreas n = 192).
b) Purified mRNA from the indicated human tissues was tested using EndoVLISA (500 ng mRNA per well,
EndoV-MBP 1:1000, 1° antibody 1:1000, 2° antibody-HRP 1:40,000, West Atto substrate.) Values represent
net relative luminescent units (RLU, arbitrary units) calculated by subtracting appropriate blank wells (no
RNA) from each set. Data points represent individual values from each well (n = 3 for each sample).

these were also statistically similar to either breast (mammary gland) or kidney mRNA (Figures
5.4a,b). However, both skeletal muscle and pancreatic tissue mRNA were substantially lower
than all 4 other tissues in both methods and reproduced previous observations of these
differences.* *® Overall signal was also much higher than in our previous experiments using
HEK293T cells (Figure 5.3), supporting previous analyses showing lower overall editing levels in
immortalized cell lines.” This higher signal did require us to use 500 ng instead of 1 yg MRNA
per well as used in our previous EndoVLISA tests, and we were also able to estimate inosine
content using an appropriate standard curve (RNA | mixed with 500 ng in vitro transcribed mRNA)
(Figure D25). However, some of these samples produced very high chemiluminescent signal
(especially aorta and brain) and were slightly above the maximum amount of RNA | used in our
standard curve (2 pmol), so actual inosine concentrations may be slightly higher. Regardless, the

EndoVLISA was consistently able to detect these tissue-level epitranscriptomic signatures, and
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was highly comparable to large-scale RNA-seq analyses (Figure D26), further verifying our
method as an effective and straightforward means for profiling global A-to-I editing signatures.
ADAR1 overexpression is rapidly emerging as a potential molecular mechanism for
cancer progression, and the majority of cancer types display significantly upregulated A-to-l RNA
editing levels.?%%" 337980 Because of this tremendous potential as a clinical biomarker for disease
characterization, we were interested in applying the EndoVLISA platform for identifying
epitranscriptomic differences between healthy and diseased tissue. We first obtained total RNA
from several normal human tissues as well as RNA samples from breast cancer, kidney renal cell
carcinoma, lung adenocarcinoma, and liver hepatocellular carcinoma. We purified mRNA from
each source through two rounds of polyT selection, and then performed the EndoVLISA workflow.
As shown in Figure 5.5, we detected significantly higher chemiluminescent signal in all
4 cancer types, reflecting large overall increases in global editing activity. While these tumor RNA
samples were actually too high for accurate quantification using our typical standard curve, Net
RLU values can be used to roughly estimate fold-increases in inosine content (Figure 5.5). In
particular, breast, liver, and lung cancer samples exhibited the largest increases, displaying ~8,
~6, and ~5-fold upregulated activity, respectively. These observations were in close agreement

with prior studies of RNA editing in all three cancer types,®* &'

and additionally support large-
scale bioinformatic profiling of editing changes in matched RNA-seq datasets from the Cancer
Genome Atlas,® which identified significant upregulation of A-to- activity in breast, liver, and lung
cancer progression.? 3 Interestingly, different types of kidney carcinomas can exhibit hypo- or

hyperediting signatures,? 3!

and while we observed ~4-fold increase in EndoVLISA response in
our tumor sample, RNA-seq analysis of a similar renal cancer found no significant difference in
average Alu editing rates between normal and tumorigenic tissue.*®* However, this study also
noted variable patterns between individuals and observed both over- and underediting

phenotypes in renal carcinoma datasets (62 patients),* and so our results may simply reflect the

composition of our own experimental sample. Additionally, profiling of Cancer Genome Atlas
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Figure 5.5 EndoVLISA detects upregulated A-to-l editing in several cancer types. mRNA from the
indicated human tissues (normal = grey and tumor = red) was tested using EndoVLISA (0.5 pg mRNA per
well, EndoV-MBP 1:1000, 1° antibody 1:1000, 2° HRP 1:40,000, West Atto substrate). Values represent
net relative luminescent units (RLU, arbitrary units) cal-culated by subtracting appropriate blank wells (no
RNA) from each set. Data points represent individual values from each well (n = 3 for each sample).
Unpaired t-tests were computed in Prism between normal and tumor samples for all tissue types (* denotes
p < 0.05, ** p < 0.05, *** p < 0.001).

datasets interestingly revealed that while overall editing differentials were higher in kidney tumors
compared to matched normal tissue controls, Alu-specific editing activity was significantly
depleted in these samples.®® These results suggest the presence of additional molecular
mechanisms that regulate editing patterns in these cancer types and may point to a major
limitation in relying solely on Alu editing signatures for indirectly inferring global cellular A-to-I
editing activity. Expanding EndoVLISA profiling of tumor-specific editing signatures in high
numbers of individuals will be a worthy pursuit for unequivocally resolving this heterogeneity and
will likely enable identification of other important editing regulation mechanisms and drivers of
cancer progression. Overall, these experiments demonstrated rapid, effective, and consistent
EndoVLISA detection of upregulated A-to-l editing activity in several known cancer types,

highlighting the powerful clinical and diagnostic potential of our method.
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5.4 Conclusions:

A-to-1 RNA editing is a key molecular event that significantly influences cellular function
and disease progression. Despite this importance, our understanding of RNA editing regulation
and its precise role in different biological pathways remains limited. Much of this uncertainty
results from a lack of accessible tools to measure large-scale differences in A-to-l editing activity
between different cell and tissue types. Gaining a deeper understanding of these and other RNA
modification patterns would provide invaluable information on necessary cellular mechanisms and
could potentially lead to the identification of novel druggable protein and RNA targets. Overall A-
to-l editing activity is also a key biosignature for a number of disorders, and the ability to rapidly
detect these changes could be powerfully leveraged toward new methods for disease diagnosis.

Here, we have addressed several of these needs by demonstrating proof-of-concept for a
novel A-to-l editing bioassay based on the well-characterized ELISA format. Our method is the
first assay of this type specifically designed to quantify A-to-I RNA editing, and enables direct
immunodetection of global epitranscriptomic activity without sequencing. EndoVLISA is
straightforward and exclusively uses commercially available components, positioning it as a highly
accessible approach for measuring changes in A-to-I RNA editing. After carefully optimizing key
parameters in our assay, we successfully validated its performance and demonstrated its use for
detecting global cellular changes in RNA editing activity in both treated cell lines and primary
tissue samples.

Looking to the future, we aim to deploy EndoVLISA for answering other long-standing
questions in the field, and in particular envision that multiplexing our assay with existing ELISA

kits specific for other RNA and DNA modifications, including Né-methyladenosine (m°A),%7-¢ 5-

),69 ),70

methylcytosine (5mC),”” 5-hydroxymethylcytosine (5hmC), and 5-carboxylcytosine (5caC),” will
provide an unprecedented opportunity to elucidate functional relationships between different
nucleic acid modifications. EndoVLISA is also well-poised for implementation in CRISPR-based

knockout screens,®® and will likely find utility in identifying protein regulators of ADAR activity that
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influence global A-to-I signatures. Building off of our initial results, we anticipate that additional
developmental efforts will yield increased benefit in both assay performance and versatility. While
our present study confirms our previous observation that wild-type EndoV from E. coli provides
sufficient affinity and selectivity,>* we anticipate that performance will also be further enhanced as
we explore EndoV variants from different species or perform engineering or evolution to further
increase affinity and selectivity. Moreover, streamlining and automating our overall workflow for
high-throughput drug screening could provide a significant technological advance for identifying
ADAR-modulating pharmaceuticals, especially in non-engineered cell lines or primary tissues.
Finally, modifying the physical properties of our assay to incorporate colorimetric
substrates or paper-based ELISA platforms could expand the utility of the EndoVLISA assay for
creation of a point-of-care diagnostic. Together, this report details a simple yet powerful new tool
to complement existing epitranscriptomic sequencing technologies. Our assay has broad
versatility across many research disciplines, and we anticipate that EndoVLISA will dramatically
improve our ability to rapidly measure global changes in A-to-1 RNA editing across a diverse range

of biological contexts.
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5.5 Materials and Methods:

RNA Oligoribonucleotides
Oligonucleotide control strands used in this study were custom designed and purchased

from Integrated DNA Technologies.

RNA A: 5 GUGCCUUUAUGCAGCAAGGAUGCG 3

RNA I 5 GUGCCUUUAUGCIGCAAGGAUGCG &

RNA Denaturation and 3’ Fluorescent Labeling

250 pmol (~2 pg) of RNA A or RNA | oligo was first combined with 62.5 yM NalO4 (Thermo
Fisher Scientific) in a total volume of 40 yL of 10 mM sodium acetate buffer, pH 5.6 and incubated
in the dark for 90 minutes at 25 °C. RNA was then purified using the Monarch® RNA Cleanup Kit
(New England Biolabs) and eluted in 35 ul nuclease-free water. This was then directly combined
with 50 yl DMSO and 14.5 pL of a 40% glyoxal solution (Sigma Aldrich) and incubated for 2 hours
at 50 °C. Reactions were ethanol precipitated and reconstituted in 30 pL of nuclease-free water.
Then was then directly combined with 0.2 mM Cy5 Hydrazide (Lumiprobe) in a total volume of 40
uL of 10 mM sodium acetate buffer, pH 5.6 and 7.5% DMSO. Reactions were incubated at 37 °C
for 2 hours and then ethanol precipitated, reconstituted in 30 yL of nuclease-free water, and then
quantified using a NanoDrop spectrophotometer (Thermo Fisher). To validate covalent
denaturation and labeling (Figure D3d), 2 pmol each of unmodified RNA, glyoxalated RNA, and
dual glyoxalated and 3’ end labeled RNA were analyzed by 20% denaturing PAGE and stained
with 1X SYBR gold (Thermo Fisher). The gel was then imaged with a GE Amersham Typhoon

RGB scanner.
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Microscale Thermophoresis (MST)

For our initial titration study (Figure D4), increasing total amounts of Cy5-labeled RNA |
(0 - 90 ng) was added to 10 ul of 1X EndoV binding buffer (20 mM Tris, 137 mM NaCl, 3 mM KCl,
5 mM CaCl,, 15 uM EDTA, 150 uM DTT, 0.025% Triton X-100, 30 ug/mL BSA, 7% glycerol, pH
7.4.). Samples were then loaded into NT.115 standard glass capillaries (Nanotemper) and
scanned using a Nanotemper Monolith instrument at 5% LED intensity power. Peaks represent
raw fluorescence values and capillary shape scans obtained directly from Monolith software.
Scans were arranged in GraphPad Prism 9. To test binding affinity (Figure D5a,b) varying
amounts of recombinant eEndoV-MBP fusion protein (New England Biolabs) were combined with
10 ng of Cy5-labeled and glyoxal denatured RNA A or RNA | targets in a final volume of 10 uL
and allowed to incubate for 30 min at room temperature. Final buffer conditions in these samples
were 20 mM Tris, 137 mM NaCl, 3 mM KCI, 5 mM CaCl,, 15 yM EDTA, 150 uM DTT, 0.025%
Triton X-100, 30 pg/mL BSA, 7% glycerol, pH 7.4. Samples were then loaded into NT.115
standard glass capillaries. MST experiments were performed using a Nanotemper Monolith
NT.115 Pico instrument. All measurements were analyzed using the Pico-RED filter with 5% LED
intensity and 40% laser power. Data were fitted using GraphPad Prism 9 analysis software to
determine Ky values. Binding tests were performed in triplicate in separate trials. AFnorm was
calculated by subtracting the blank (no EndoV) raw normalized fluorescence value (Fnorm) from
each test sample. Fold selectivity at each EndoV concentration was calculated as the average
AFnom of 1/A.To test selectivity (Figure D6) varying ratios of RNA | was combined with RNA A
(constant 10 ng) and mixed with 100 nM eEndoV-MBP in 10 uL 1X EndoV binding buffer. Samples
(n = 3) were allowed to incubate for 30 minutes at room temperature and then analyzed by MST

as described above.
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RNA 3’ Biotinylation and Streptavidin Plate Immobilization

To test immobilization and binding capacity of streptavidin-coated plates (Figure D7), 5
Mg of RNA A was first fluorescently labeled with Cyanine 5 (Cy5) using the Label IT® Tracker™
Intracellular Nucleic Acid Localization Kit (Mirus Bio) according to the manufacturer’s instructions.
The oligonucleotide was then ethanol precipitated and analyzed by UV/Vis spectrophotometry to
measure degree of labeling, confirming approximately 2-3 dye molecules per strand. Next, 250
pmol (~2 pg) of Cy5-labeled RNA A oligo was then combined with 62.5 yM NalO4 (Thermo Fisher
Scientific) in a total volume of 40 pyL of 10 mM sodium acetate buffer, pH 5.6 and incubated in the
dark for 90 minutes at 25 °C. RNA was then purified using the Monarch® RNA Cleanup Kit (New
England Biolabs) and eluted in 35 pl nuclease-free water. This was then directly combined with
50 ul DMSO and 14.5 uL of a 40% glyoxal solution (Sigma Aldrich) and incubated for 2 hours at
50 °C. Reactions were ethanol precipitated and reconstituted in 30 pL of nuclease-free water.
Then was then directly combined with 25 mM biotin-dPEG®4-hydrazide (Sigma Aldrich) in a total
volume of 40 pL of 10 mM sodium acetate buffer, pH 5.6 and 10% DMSO. Negative control RNA
reaction (- biotin) contained no biotin hydrazide. Reactions were incubated at 37 °C for 2 hours,
ethanol precipitated, reconstituted in 30 pL of nuclease-free water, and then quantified using a
NanoDrop spectrophotometer (Thermo Fisher). Next, various dilutions of -/+ biotin RNA A were
prepared in 1X binding/wash buffer (20 mM Tris, 100 mM NaCl, 1 mM CacCl,, 0.01% Tween 20,
pH 7.4). Each well of a Pierce™ Streptavidin Coated Plate, White, 96-Well (Thermo Fisher) was
then washed two times with 200 pL of 1X binding/wash buffer. In triplicate wells, 100 pL of each
RNA dilution was then added to each well and incubated for 1 hour with shaking at room
temperature. Plate was then washed two times with 200 uL of 1X binding/wash buffer, and 100
uL of buffer was added to each well. Fluorescence was measured with a BioTek Cytation 5 plate
reader using an excitation and emission wavelengths of 650 nm and 670 nm. Net relative
fluorescence units (RFU, arbitrary units) were calculated by subtracting appropriate blank wells

(buffer only, no RNA).
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EndoVLISA Optimization

To optimize EndoVLISA performance (Figures 5.2a-d, D8-13), RNA A and RNA | stocks
were first glyoxal denatured and 3’ biotinylated as described above. For each EndoVLISA probing
combination, 0, 0.1 and 2 pmol of RNA | and 2 pmol RNA A was added to duplicate wells of a
white streptavidin-coated plate in 100 yL 1X binding/wash buffer (20 mM Tris, 100 mM NaCl, 1
mM CaCl;, 0.01% Tween 20, pH 7.4) and incubated for 1 hour at room temperature with shaking.
Plate was then washed two times with 200 L of 1X binding/wash buffer, and each well and then
received 100 pL of an EndoV-MBP (New England Biolabs) solution in 1X buffer (1:500, 1:1000,
or 1:2000). Plates were incubated for 1 hour at room temperature with shaking, followed by 2x200
uL washes with 1X binding/wash buffer. Each well then received 100 pL of an anti-MBP primary
mouse monoclonal antibody (New England Biolabs) solution in 1X buffer (1:1000, 1:2000, 1:4000,
or 1:8000). After incubating for 1 hour at room temperature with shaking, plates were again
washed two times with 200 uL 1X binding/wash buffer, and then 100 pL of a Goat anti-Mouse IgG
(heavy + light chain) polyclonal HRP-conjugated secondary antibody (Thermo Fisher) solution in
1X buffer (1:10,000, 1:20,000 or 1:40,000) was added to appropriate wells. Plates were incubated
at room temperature for 1 hour with shaking, followed by 2x200 pyL washes with 1X binding/wash
buffer. Each well was then emptied, and 100 pL of SuperSignal™ ELISA Pico Chemiluminescent
Substrate working solution was added followed by shaking for 1 minute at room temperature.
Light signal was then measured using a BioTek Cytation 5 platereader using a luminescence
detection fiber optic filter (gain = 100). Values represent net relative luminescent units (RLU,
arbitrary units) calculated by subtracting appropriate blank wells (no RNA) from each set. Pearson
r p-value was computed in GraphPad Prism 9 using on-target RNA | signals from 0, 0.1 and 2
pmol RNA signals. Fold-selectivity was calculated as the net chemiluminescent signal of RNA |
divided by RNA A (2 pmol/well). To acquire an image of chemiluminescent EndoVLISA detection
(Figure 5.2d), different amounts of RNA A or | as indicated was first immobilized into a 96-well

streptavidin coated plate, followed by immunodetection with different reagent combinations
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(EndoV, 1° antibody, 2° HRP) as described above. Plate was then incubated with 100 pyL Pico
ELISA chemiluminescent substrate for 1 minute with shaking. Reactions were then transferred to
a clear 96-well plate and chemiluminescent signal was captured using a GE Amersham Typhoon
RGB scanner. Heatmap image was obtained using the Typhoon acquisition software and reflects
relative luminescent intensities. Bar graph denotes net RLU values obtained from BioTek plate

reader measurement.

EndoVLISA Linearity and Sensitivity

To assess EndoVLISA performance using optimal conditions identified from initial screen
(Figure D14), decreasing amounts of biotinylated, glyoxal-denatured RNA | strand (0 — 2 pmol)
were immobilized in white streptavidin-coated 96-well plates and then probed with the indicated
detection reagent combinations (EndoV 1:1000, 1° antibody 1:1000, 2° HRP 1:20,000, ELISA
Pico substrate) following the EndoVLISA procedure described earlier. Standard curve was then
plotted in both linear and log, scale using GraphPad Prism 9. Linear regression (R?), pearson (r)
correlation and p-value were computed in Prism. This same basic procedure was repeated when
testing the SuperSignal™ West Atto chemiluminescent substrate (Thermo Fisher Scientific) and

different amounts of 2° HRP (Figures D15, D16).

In vitro mRNA production

A plasmid encoding GFP was purchased from AddGene (pET28 GFP, 60733). 1 ug of
purified plasmid was then linearized by digestion with BamHI-HF (New England Biolabs) for 30
minutes at 37 °C. Cut plasmid was then isolated using the Monarch® PCR Purification Kit (New
England Biolabs). mRNA was then generated in vitro using the HiScribe™ T7 Quick High Yield
RNA Synthesis Kit at 37 °C overnight, and mRNA was purified using the Monarch® RNA Cleanup

Kit (New England Biolabs) and quantified using a NanoDrop spectrophotometer.
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EndoVLISA Selectivity with mRNA

To assess EndoVLISA performance in the presence of off-target mMRNA (Figure 5.2e,
D17), decreasing amounts of RNA | strand (0 — 1 pmol) were mixed in triplicate with 1 pg of in
vitro transcribed mRNA. These samples were then subjected to periodate oxidation, glyoxal
denaturation, and 3’ biotinylation as described earlier. Each sample was then immobilized in white
streptavidin-coated 96-well plates and then subjected to EndoVLISA detection (EndoV 1:1000, 1°
antibody 1:1000, 2° HRP 1:40,000, SuperSignal™ West Atto substrate) following the general
procedure described earlier. Standard curve was then plotted in GraphPad Prism 9, and linear

regression (R?), pearson (r) correlation and p-value were also computed in Prism.

Liquid Chromatography and Mass Spectrometry (LC/MS)

Ribonucleosides inosine, guanosine, adenosine, cytidine and uridine were purchased
from Sigma Aldrich. Pseudouridine was purchased from Santa Cruz Biotechnology, and N°-
methyladenosine (mfA) was purchased from MedChemExpress. Standard stock concentrations
(1 mM) were prepared in pure nuclease-free water and diluted in water where necessary.
Reversed-phase LC was performed on an attached Agilent 1260 Infinity Il system using a 3 uM,
4.6 mm X 75 mm Atlantis T3, 100A C18 column (Waters). All samples were analyzed using a
linear mobile phase gradient from 0% to 20% acetonitrile in water + 0.1% formic acid over 10
minutes. All mass spectra were obtained using an Agilent 6320 time-of-flight (TOF) electrospray

ionization (ESI) LC/MS instrument in positive ionization mode.

Cell Line Maintenance and Transfection

HEK293T cells (ATCC CRL-3216) were cultured in Dulbecco's Modified Eagle's Medium
supplemented with 10% fetal bovine serum and maintained at 37 °C, 5% CO.. Cells were grown
in T75 Nunc™ tissue culture-treated flasks. When ~50% confluent, cells were then transfected

with increasing amounts of plasmid encoding a GFP-tagged ADAR1 enzyme (AddGene, pmGFP-
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ADAR1-p110, #117928). Transfection was performed directly in flasks with indicated amount of
plasmid (Figure 5.3a) using Lipofectamine 3000 (Thermo Fisher Scientific) according to the
manufacturer’s instructions. After ~48 h incubation at 37 °C, 5% CO,, cells were harvested by

trypsinization and washed twice in cold 1X phosphate buffered saline.

Western Blotting

Whole cell lysates were first collected by adding 1mL of M-PER lysis reagent (Thermo
Fisher Scientific) for each 100 mg (~100uL) of wet cell pellet. After pipetting to homogenize the
pellet, mixture was incubated with end-over-end rotation for 10 minutes at room temperature. Cell
debris was then removed by centrifugation at ~14,000 x g for 15 minutes, after which the
supernatant was collected and protein content was estimated using Pierce™ 660nm Protein
Assay Reagent (Thermo Fisher Scientific). To verify GFP-ADAR expression, 20 pl of this lysate
was loaded into 384-well black plates in triplicate and measured using a BioTek Cytation 5 plate
reader using excitation at 488 nm and emission at 509 nm (Figure D23). For western blotting
analysis, 20 ug of whole 293T cell lysate from each transfection group was mixed with 1X reducing
sample buffer (Thermo Fisher) and heated to 95 °C for 5 minutes. Each sample was then resolved
on a 4-20% Tris Glycine polyacrylamide gel (Thermo Fisher) along with a PAGERuler Plus
Prestained Protein ladder (Thermo Fisher). After electrophoresis, the gel was removed from the
cassette and briefly washed with diH-O, after which it was transferred to a 0.2 um nitrocellulose
membrane (Invitrogen) for 2 hours at 25 V. The membrane was briefly washed with diH-O, after
which it was submerged for 1 hour in 1X blocking buffer comprised of a 5% non-fat dry milk
solution (Kroger) in 1X TBST (Thermo Fisher, 25 mM Tris, 150 mM NacCl, 0.5% Tween 20, pH
7.4). The membrane was cut into two pieces and then probed with an anti-ADAR1 rabbit
monoclonal antibody (Cell Signaling Technologies D7E2M) at a 1:1000 dilution and an anti-actin
mouse monoclonal antibody (Thermo Fisher Scientific MA1-140) at a 1:5000 dilution in 1X

blocking buffer for 1 hour with gentle agitation. After washing the blots 3x5 minutes in 1X TBST,
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membranes were probed with a Goat anti-Rabbit IgG Alexa Fluor 647-conjugated secondary
antibody (Thermo Fisher A21244) at a 1:1000 dilution and a Goat anti-Mouse IgG Alexa Fluor
488-conjugated secondary antibody (Thermo Fisher A11001) at a 1:1000 dilution in 1X blocking
buffer for 1 hour protected from light. Membranes were washed 3x5 minutes in 1X TBST, followed
by imaging of the blot using a GE Amersham Typhoon RGB scanner. Densitometric analysis was

performed using ImageJ (Fiji).

293T mRNA Isolation, Processing and EndoVLISA detection

mRNA was collected from each treated flask by first isolating total RNA using the
Monarch® Total RNA Miniprep Kit (New England Biolabs). Isolated material was then processed
using two rounds of Oligo dTas purification with the Magnetic mRNA Isolation Kit (New England
Biolabs). After eluting in nuclease-free water, RNA concentration was estimated using a
NanoDrop spectrophotometer. In separate reactions, 1 ug of collected mRNA was glyoxal
denatured and biotinylated. Each sample was then immobilized in white streptavidin-coated 96-
well plates and then subjected to EndoVLISA detection (EndoV 1:1000, 1° antibody 1:1000, 2°
HRP 1:40,000, SuperSignal™ West Atto substrate) following the general procedure described
earlier. A standard curve comprising 0-2 pmol of RNA | mixed with 1 ug in vitro transcribed mRNA
was also processed and detected in parallel and used for estimating inosine content in treated
MRNA samples (Figure D24). Standard curve was plotted in GraphPad Prism 9, and linear

regression was used to correlate sample concentration.

RNA-seq and Alu Indexing

In triplicate, 50 ng of isolated mMRNA from each 293T transfection group was used to prepare
sequencing libraries with the SMARTer® Stranded Total RNA Sample Prep Kit - Low Input
Mammalian 24 reactions, (Takara Bio); standard 8-bp i5 and i7 lllumina index barcodes and

adapters were added to each library. All libraries were then sequenced using a NextSeq 500/550
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High Output Kit v2.5 300 Cycles (lllumina) to produce paired end 150-bp reads (approximately
15M reads per sample). Raw FASTQ data were first trimmed to remove the first 3 bp using
Trimmomatic' with parameter HEADCROP:3. QC was performed on data to check read quality

(PHRED33) using FastQC [https://www.bioinformatics.babraham.ac.uk/projects/fastqc/] and

MultiQC? before and after data trimming. Reads were then aligned to the human reference
genome hg38 via STAR 2.5.2° with additional parameter --outFilterMatchNminOverLread 0.95 as
this parameter is optimal for the detection of A-to-1 editing®. Resulting .bam files were sorted, and
had duplicates marked and removed using Samtools 1.3° and PicardTools 2.0.1

[http://broadinstitute.qithub.io/picard/] respectively. The RNA editing indexer package by Roth et

al.>® was used as written on the tool GitHub page to process an entire directory of samples using
default settings to calculate the Alu Editing Index (AE) for each sample.
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Human Tissue mRNA and Processing

Purified mRNA from human aorta, brain, breast (mammary gland), kidney, and skeletal
muscle were obtained from Takara Bio (Clontech). In triplicate reactions, 500 ng of this material
was glyoxal denatured and biotinylated. Each sample was then immobilized in white streptavidin-
coated 96-well plates and then subjected to EndoVLISA detection (EndoV 1:1000, 1° antibody
1:1000, 2° antibody-HRP 1:40,000, SuperSignal™ West Atto substrate) following the general
procedure described earlier. A standard curve comprising 0-2 pmol of RNA | mixed with 500 ng
in vitro transcribed mMRNA was also processed and detected in parallel and used for estimating
inosine content in treated mMRNA samples (Figure D26). Standard curve was plotted in GraphPad
Prism 9, and linear regression was used to correlate sample concentration. For EndoVLISA
detection in cancer, normal total RNA from breast (mammary gland), kidney, lung, and liver was
purchased from Takara Bio (Clontech). Tumor total RNA from breast and kidney cancer biopsies
were also purchased from Takara, while liver and lung total RNA was obtained from BioChain.
250 ug of each sample was subjected to two rounds of Oligo dTos purification with the Magnetic
mRNA Isolation Kit (New England Biolabs). After eluting in nuclease-free water, RNA
concentration was estimated using a NanoDrop spectrophotometer. In separate reactions, 500
ng of collected mRNA was glyoxal denatured and biotinylated. Each sample was then immobilized
in white streptavidin-coated 96-well plates and then subjected to EndoVLISA detection (EndoV
1:1000, 1° antibody 1:1000, 2° HRP 1:40,000, SuperSignal™ West Atto substrate) following the

general procedure described earlier.
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Chapter 6

Thermoreversible Control of Nucleic Acid Structure and Function with Glyoxal Caging"

6.1 Abstract

Controlling the structure and activity of nucleic acids expands their utility in therapeutics,
nanotechnology and biocomputing. Several methods have been developed to impart
responsiveness of DNA and RNA to small-molecule and light-based stimuli. However, heat-
triggered control of nucleic acids remains largely unexplored, leaving a significant gap in
responsive nucleic acid technology. Current technologies are also limited to natural nucleic acids
and are often incompatible with polymerase-generated sequences. Here we show that glyoxal, a
well-characterized compound that covalently attaches to the Watson-Crick-Franklin face of
several nucleobases, addresses these limitations by thermoreversibly modulating the structure
and activity of virtually any nucleic acid scaffold. Using a variety of constructs, we demonstrate
that glyoxal is easily installed and potently disrupts nucleic acid structure and function. We also
characterize the kinetics of decaging and show that activity can be restored via tunable thermal
removal of glyoxal adducts. We further illustrate the versatility of this approach by reversibly
caging a 2’-O-methylated RNA aptamer as well as synthetic threose nucleic acid (TNA) and
peptide nucleic acid (PNA) scaffolds. We also show caging of a guide RNA for tunable and
reversible control over CRISPR-Cas9 activity, and demonstrate glyoxal caging as an effective
method for enhancing PCR specificity. We further cage an antisense oligonucleotide for time-
release activation and titration of gene expression in living cells. Together, glyoxalation is a
straightforward method for imparting reversible thermal responsiveness to any nucleic acid
architecture, addressing a significant need in synthetic biology and offering a versatile new tool

for constructing programmable nucleic acid components.

*Adapted from Ref. 1 with permission from Knutson, S. D.; Sanford, A. A.; Swenson, C. S.; Korn, M. K.; Manuel, B. A;;
Heemstra, J. M. Journal of the American Chemical Society. 2020, 142(41), 17766-17781. Copyright 2020 American
Chemical Society.



139

6.2 Introduction

Nucleic acids are highly versatile and dynamic biomolecules, exhibiting large data storage
capacity and a high degree of structural complexity, in turn endowing them with diverse molecular
recognition and catalytic activities. These attractive properties explain their ubiquitous presence
in Nature and warrant investigation of nucleic acids as programmable synthetic components in
biomedicine, nanotechnology and biocomputing.>® Just as Nature engages temporal and spatial
regulation to control gene expression, achieving tunable and predictable control over the structure
and activity of nucleic acid constructs in vitro is vital toward their use in synthetic biology and
biotechnology applications.

Several approaches have been explored to impart stimuli-responsive properties to nucleic
acids and facilitate external control over their structure and function. Early methods to achieve
chemically-triggered activation of nucleic acids incorporated trichloroethyl® or 4-nitrobenzyl”
groups during solid-phase oligonucleotide synthesis. Resulting adducts prevent duplex formation
and higher-order assembly, and can be subsequently removed by reducing agents, including
zinc/acetic acid mixtures or sodium thiosulfate. Photoreversible blocking strategies have also
been developed.®'® Similar to these previous methods, “photocaged” nucleobase derivatives are
incorporated into oligonucleotide synthesis workflows, and can be uncaged with UV light to
restore nucleic acid function. While effective, these protecting groups must be incorporated during
oligonucleotide synthesis and are thus only applicable to relatively short strands. Moreover, the
difficulty and cost of synthesizing these modified phosphoramidite monomers can be limiting, and
thus it is essential to have information about the key residues to be caged in order to mask the
activity of the sequence. More recent “cloaking” methods employ acylation of 2’ hydroxyls in RNA
with either an azide-containing or o-nitroveratryl photoreactive reagent, which are then
respectively removed by triphosphine-mediated Staudinger reduction or light-triggered
decaging.'®" While these methods allow caging of both chemically and enzymatically

synthesized transcripts, these acylation reagents can only be applied to RNA, and no comparable
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methods are available for other nucleic acid scaffolds. Additionally, achieving full reactivation of

cloaked RNA constructs can be challenging,'®""

and UV removal of adducts in particular can both
impart structural changes to certain nucleobases' and further require specialized and costly
instrumentation.

In contrast to chemical or light-driven approaches, we envisioned that temperature could
offer a straightforward external stimulus for controlling the caging of nucleic acids. Heat is
relatively easy to introduce in a variety of settings, and a number of laboratory instruments that
precisely control temperature are both commonplace and economical. Despite these advantages,
heat-sensitive caging of nucleic acids remains largely unexplored. To address this need, we
recognized that glyoxal could serve as an effective thermoresponsive caging group. Glyoxal
reacts readily with nitrogen groups on the Watson-Crick-Franklin face of nucleobases to produce
stable bis-hemiaminal adducts, and this reaction has been demonstrated in both RNA and DNA.
Guanosine addition is typically the most stable and rapidly formed product, but longer reaction
times (>30 min) and higher glyoxal concentrations (>0.1 M) can also lead to reaction of adenosine
and cytidine (Figure 6.1a)."%?* Adduct formation directly interferes with base pairing, and thus
denatures overall secondary structure in nucleic acids. Attesting to the convenience and efficacy
of this reaction, glyoxal has been utilized for several decades in electrophoresis analysis and

24-25

structural probing of large RNAs, and glyoxal can be used as a potent cell and tissue fixative
prior to immunohistochemical staining.? Kethoxal, a chemical derivative of glyoxal, has also found
broad utility for high-throughput mapping of RNA secondary structure.?’

Key to use of glyoxal as a nucleic acid caging reagent is the ability to reverse adduct
formation and restore base pairing. Fortuitously, glyoxal can be easily deprotected through a
combination of heat and mild alkaline conditions (Figure 6.1b).?® Taken together, the previous
applications of glyoxal highlight several unique properties that we recognized could be leveraged

for thermoresponsive caging: (1) glyoxalation is sufficient to disrupt strong nucleic acid secondary

structure, (2) both installation and removal of glyoxal adducts proceed under mild reaction
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Figure 6.1. Glyoxal reactivity with nucleobases. a) Glyoxal forms bis-hemiaminal adducts (*) on guanine
(G), adenosine (A), and cytidine (C) nucleobases. b) Glyoxal decaging occurs upon addition of heat under
mild alkaline conditions.

conditions, (3) glyoxal reactivity towards nucleobases rather than backbone moieties suggests a
general approach to cage a variety of different nucleic acid scaffolds including xenonucleic acids
(XNAs), (4) glyoxal caging can be performed on both synthetic and naturally occurring nucleic
acids, and (5) the reagent itself is both economical and commercially available.

Herein we explore the use of glyoxal for thermoresponsive control over nucleic acid
structure and function. We show that glyoxal can effectively cage a wide range of natural and
synthetic nucleic acid polymers, providing control over multiple functions including small-molecule
binding, catalysis, antisense hybridization, interactions with proteins, and gene expression
modulation in cells. Glyoxal caging is efficient and fully thermoresponsive, enabling reduction of
function to undetectable levels and full reactivation. Moreover, restoration of function is tunable
by temperature, pH, incubation time, and degree of caging. Together, this research addresses a
significant gap in nucleic acid technology by providing a simple and effective way to impart

thermoresponsive control over both chemically synthesized and enzymatically generated nucleic
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acids. Additionally, glyoxal caging is applicable in virtually any nucleic acid scaffold, offering a
versatile methodology for designing and implementing stimuli-responsive biomaterials with user-

defined chemical architectures.

6.3 Results and Discussion

We first sought to estimate glycation kinetics in a simple DNA sequence (Figure 6.2a).
Using previously established reaction conditions (1.3 M glyoxal in 50:50 DMSO:H,0, 50 °C)?*-*
we monitored molecular weight of our test strand using 20% denaturing PAGE and observed
apparent full caging in as little as 30-40 minutes with an approximate ti» of ~9 minutes (Figure
6.2a). We were next interested in defining conditions for removing these glyoxal groups, so we
first exposed a fully caged strand to standard deprotection conditions (phosphate buffered saline
pH 7.5, 70 °C)*® and again monitored molecular weight shifts as a function of time. As shown in
Figure 6.2b, we observed rapid removal of these groups with apparent full decaging in 30 minutes
(t12~11 minutes).

We next explored the effect of both pH and temperature parameters in a larger screen
and estimated decaging half-life across these conditions (Table 6.1, Figures E1-E4). In these
experiments, we observed that decaging rates were positively correlated to both pH and
temperature. Excitingly, this provides a tunable deprotection rate in a variety of assay conditions
and highlights the potential of glyoxal caging for constructing programmable nucleic acid-based
clocks, thermometers, and pH responsive elements in nanodevices and biological circuits.®'3® We
also assessed room temperature stability of glyoxal adducts and observed minimal decaging over
several days, indicating that glycation is stable in practical laboratory conditions until deprotection
is triggered by elevated temperatures at the desired time (Figure E5). Although these PAGE
experiments provide only a qualitative analysis of our model DNA strand, they also illustrate a

general kinetic framework of glyoxal caging and decaging. Together, these results demonstrated
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Figure 6.2. Glyoxal caging and decaging of a DNA substrate. a) Caging kinetics were monitored by
treating 200 pmol of a FAM-labeled DNA substrate with 1.3 M glyoxal in 50:50 DMSO:H20 at 50 °C. At the
indicated timepoints, reactions were analyzed using 20% denaturing PAGE. Mean values (n = 2) represent
normalized percentages versus band intensity at t = 60 min with S.D. error bars. b) To estimate decaging,
20 pmol of a fully caged DNA substrate (1 h glyoxal treatment time) was incubated at 95 °C, pH 7.5 for the
indicated timepoints and analyzed using 20% denaturing PAGE. Values represent mean (n = 2) normalized
percentages versus band intensity of an untreated DNA control. Error bars denote S.D.
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pH 6.5 pH7.0 pH7.5 pH 8.0
95°C 1.4 £ 0.34 min 1.1 £0.24 min <1 min << 1 min
70 °C 52 + 7.7 min 14 £ 2.7 min 11 £ 2.4 min 3.8+ 1.6 min
50 °C 14 +£18h 8.0+x1.7h 46+1.1h 3.1+£0.70h
37°C 14+42d 6.6+14d 3.0£05d 20+0.33d

Table 6.1. Half-life for glyoxal decaging with varying pH and temperature.

that glyoxal cage installation and removal were thermoreversible and tunable, and we turned to
testing modulation of a wide range of functional nucleic acids.

As an initial target to functionally test our method, we selected the “broccoli” aptamer, a
well-characterized fluorogenic RNA that binds the small molecule chromophore 3,5-difluoro-4-
hydroxybenzylidene imidazolinone (DFHBI) to produce a fluorescent signal (Figure 6.3a).>° We
hypothesized that only partial caging would be sufficient to disrupt RNA folding and fluorogenic
activity, so we first subjected the aptamer to increasing caging times and functionally tested
fluorescence. We observed that only ~5 minutes of caging time reduced activity by > 98%, with
complete loss of fluorescence at 10 minutes (Figure E6). While additional reaction times
produced proportional increases in molecular weight corresponding to further glyoxalation
(Figure E6a), these alterations provided no added functional benefit. Interestingly, we also noted
that increased glycation resulted in proportional losses in SYBR Gold staining intensity, further
highlighting potent disruption of nucleic acid and small molecule interactions. We utilized our
minimal caging time (10 minutes) and subjected these constructs to rapid decaging conditions at
95 °C, pH 7.5 with increasing reaction times (Figure E7). As expected, we observed a quick rise
in signal from 0-2 minutes, and achieved complete restoration of fluorogenic activity after 2
minutes of decaging. We also observed a rapid drop in fluorescence enhancement with extended

incubation times, which is likely due to base-mediated RNA hydrolysis at high temperatures,
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Figure 6.3. Glyoxal caging imparts thermoresponsive fluorogenic activity in the broccoli RNA
aptamer. a) Schematic of the fluorogenic broccoli RNA aptamer. Glyoxal caging reversibly denatures and
cages the aptamer, preventing fluorescent signal generation. b) 20% denaturing PAGE analysis of
untreated (untr.), caged, and decaged RNA aptamers. 60 pmol (2 ug) of RNA aptamer was first treated with
1.3 M glyoxal in 50:50 DMSO:H-0, 50 °C for 10 minutes. To decage the aptamer, 20 pmol of caged RNA
(10 minutes glyoxal treatment time) was incubated at 95 °C, pH 7.5 for 2 minutes. ¢) Quantified fluorescence
enhancement of untreated (untr.), caged, and decaged broccoli aptamers. 20 pmol of untreated, minimally
caged (10 minute glyoxal treatment time), or decaged aptamer (2 minutes at 95 °C, pH 7.5) was combined
with 2 yM 3,5-difluoro-4-hydroxybenzylidene imidazolinone (DFHBI), 40 mM HEPES, 100 mM KCI, and 1
mM MgClz, pH 7.4 and incubated for 30 minutes at 37 °C prior to fluorescent measurement. Bars represent
mean and S.D. from ftriplicate binding reactions. Unpaired t-test was performed between untreated and
decaged samples. “ns” indicates no significant difference. d) Fluorescence enhancement reactions
visualized with a typhoon gel imager. e) Minimally caged broccoli (10 minutes glyoxal treatment time) was
combined with 2 yM DFHBI in 40 mM HEPES, 100 mM KCI, and 1 mM MgClz, pH 7.4 and incubated at
various temperatures for increasing times. Reactions in 384-well plates were then visualized using a
Typhoon gel imager. Heat map values represent fluorescent intensity generated using the acquisition
software (FI = fluorescent intensity). f) Quantified broccoli aptamer fluorescence plotted against
temperature and incubation time. Values represent mean and S.D. of 2 independent trials.
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consistent with previously observed degradation of riboswitches in similar buffer conditions at
extended heating times.*® Using our optimized conditions (10 minutes glyoxal caging, 2 minutes
decaging at 95 °C, pH 7.5) we demonstrated both a full masking and complete restoration of
broccoli fluorescence enhancement using glyoxal caging (Figures 6.3b-d). Together, these data
demonstrate that glyoxalation is a rapid, potent, and fully reversible method to inhibit small
molecule binding in aptamers, and is comparable to current caging methods which achieve similar
modulation of activity."®"”

Given the simple fluorescent readout of the broccoli system along with our previous
characterizations showing tunable thermal decaging kinetics, we next tested our ability to
deprotect glyoxal adducts in situ for use as a one-pot molecular “thermometer” or “clock”. In
particular, accurate thermal sensing at the nanoscale is vital for developing new diagnostic and
biocomputing platforms, and we envision that embedding caged fluorogenic aptamers into these
materials presents a facile and economical strategy for monitoring thermal fluctuations in
nanoconstructs. Additionally, compared to existing DNA-based molecular thermometers which
largely rely on bulk-level analyses, the use of caged fluorogenic aptamers enables signal
detection at single-molecule resolution, and incorporating caged fluorogenic aptamers into
different materials will enable spatial sensing of temperature gradients across surfaces and
tissues. Similarly, given the tunable deprotection kinetics we observed in a model DNA strand
(Table 6.1), glyoxal-caged constructs can likely be implemented as “timers” and serve as accurate
temporal recorders of nanoscale events when integrated into biomaterials or synthetic surfaces.
Previous iterations of timers and thermometers have employed DNA hairpins,* nanoconstructs,®"
3 and molecular beacons,*? all of which introduce secondary structure changes to impart thermal
sensitivity in nucleic acids and require extensive biophysical optimization. In comparison, our
approach leverages glyoxal caging as a universal chemical means to modulate and convert a
fluorogenic aptamer into a time-release thermosensitive biocomponent. We first combined

minimally caged broccoli (10 minutes) with all necessary fluorogenic components (2 yM DFHBI,
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40 mM HEPES, 100 mM KCI, 1 mM MgCl., pH 7.4), and then exposed these mixtures to a range
of temperatures for increasing times. As shown in Figures 6.3e-f, we observed a highly
predictable and proportional fluorogenic response to both of these variables, with optimal
temporal linearity between ~80 °C and ~85 °C, and the most proportional thermal response
following 60 minute incubation times. Overall, these results highlight the applicability of glyoxal-
caged fluorogenic aptamers in designing molecular components in synthetic biology, including
nucleic acid-based thermometers and timers. Further, these conditions are generalizable and can
yield predictable changes in activity, allowing users to adjust the speed and intensity of responses
by altering temperature, aptamer caging time, and/or buffer pH.

Encouraged by these results, we next sought to control the activity of a catalytic nucleic
acid and chose a DNAzyme to demonstrate the versatility of our method across different nucleic
acid backbones. Specifically, we employed the 10-23 DNAzyme which hybridizes to a ssDNA
target and cleaves at an internal ribonucleotide (Figure 6.4a).*’ We first assessed caging kinetics
of the 10-23 strand, observing expected increases in apparent size by denaturing PAGE (Figure
E8a). We then tested the functional activity of increasingly caged DNAzyme samples and saw
that target cleavage was significantly reduced after 20 minutes of caging, and completely ablated
after 1 hour (Figure E8b,c). As expected, this structural shift was also reversible, and when we
employed rapid decaging conditions (95 °C, pH 7.5) we observed restoration of the original size
after 10 minutes (Figure E9). Using these parameters (20 minutes caging, 10 minutes decaging),
we then demonstrated full reversibility of DNAzyme activity (Figures 6.4b-d). Untreated 10-23
DNAzyme cleaved ~45% of the target strand, whereas caged DNAzyme had no detectable
activity. However, this activity was restored upon thermal decaging and displayed ~41% target
cleavage with no significant difference compared to untreated DNAzyme. These results
demonstrate that glyoxal caging is applicable to DNA substrates and can reversibly modulate
catalytic cleavage activity. Moreover, we achieve comparable performance to alternative caging

methods that require significantly more expensive reagents.'®"" 4243
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Figure 6.4. Reversible control of the RNA-cleaving 10-23 DNAzyme. a) Schematic of the 10-23
DNAzyme-mediated cleavage of the target strand following hybridization. Glyoxal reversibly inhibits
hybridization and catalytic activity. b) 20% denaturing PAGE analysis of untreated (untr.), caged, and
decaged 10-23 DNAzyme. 100 pmol of DNAzyme was first treated with 1.3 M glyoxal in 50:50 DMSO:H:0,
50 °C for 1 hour. To decage the DNAzyme, 10 pmol of caged DNA (1 hour glyoxal treatment time) was
incubated at 95 °C, pH 7.5 for 10 minutes. c,d) Functional activity of untreated (untr.), caged, and decaged
10-23 DNAzyme was tested by combining 15 pmol of untreated, caged, or decaged 10-23 DNAzyme with
1.5 pmol of a target DNA strand in 10 mM MgClz, 150 mM NaCl, 50 mM Tris-HCI, pH 7.5. Reactions was
incubated for one hour at 37 °C, quenched with EDTA, and then analyzed with 12% denaturing PAGE.
Percent target strand cleavage (n = 2) was quantified using band densitometry. Values represent mean
and S.D. of 2 independent trials. Unpaired t-test was performed between untreated and decaged samples.
“ns” indicates no significant difference.

After demonstrating reversible control of RNA and DNA constructs, we next sought to
explore glyoxal caging of non-native XNA nucleic acid scaffolds. To test this, we first selected the
ARC259 RNA aptamer targeting vascular endothelial growth factor (VEGF) (Figure 6.5a).** This
particular aptamer was evolved using a fully 2-O-methylated library and would enable us to not
only assess disruption of aptamer-protein binding interactions, but also glyoxal caging on a
heavily modified scaffold. We first verified that caging kinetics were similar with the ARC259
aptamer, and again saw a predictable rise in apparent molecular weight with increasing glyoxal

caging times (Figure E10a). Next, we utilized fluorescence polarization (FP) to monitor ARC259-
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Figure 6.5. Glyoxal caging of a fully 2'-O-methylated RNA aptamer. a) Sequence and NUPACK#* fold
analysis of 2'-O-methylated ARC259 RNA aptamer. b) 20% PAGE analysis of untreated (untr.), caged and
decaged ARC259 aptamer. 60 pmol of RNA aptamer was first treated with 1.3 M glyoxal in 50:50
DMSO:H20, 50 °C for 40 minutes. To decage the aptamer, 20 pmol of caged ARC259 (40 minutes glyoxal
treatment time) was incubated at 95 °C, pH 7.5 for 5 minutes. c) Fluorescence polarization (FP) binding
curves of untreated, caged, and decaged aptamer towards VEGF1es5. A 10 nM solution of untreated, caged
(40 minutes glyoxal treatment time), or decaged (5 minutes at 95 °C, pH 7.5) ARC259 aptamer was
combined with increasing amounts of recombinant human VEGF1es and allowed to incubate at room
temperature for 30 minutes. Binding reactions were then transferred to a 384-well black plate and
fluorescence polarization was measured using Cytation 5 multi-mode plate reader. All values were
normalized to a buffer blank and represent mean and S.D. of independent replicates (n = 3).

VEGF binding. Unsurprisingly, untreated aptamer displayed high affinity towards the target
protein, and increasing caging times proportionally decreased this interaction, with ~40 minutes
glyoxal treatment resulting in full loss of aptamer binding (Figure E11). We were next interested
in restoring this activity, so we then subjected minimally caged ARC259 (40 minutes) to rapid

decaging conditions (95 °C, PBS pH 7.5) and observed a predicted drop in apparent molecular
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weight in 20% denaturing PAGE with ~2-5 minutes decaging time (Figure E10b). Lastly, we
compared the binding activity of untreated, caged, and decaged ARC259 in our FP assay (Figure
6.5¢), and observed nearly identical binding affinities between untreated and decaged aptamers
(Ko untreated = 3.27 +0.59 nM, Kp decaged = 3.36 #0.55 nM). Together, these results
demonstrated the versatility of glyoxal caging towards chemically modified substrates, and further
showed reversible control over protein-aptamer interactions. Additionally, to our knowledge, this
is the first demonstration of post-synthetic caging of a 2’ modified RNA aptamer, which has not
been possible with previous cloaking methods that target 2’OH groups.'®""

Encouraged by the versatility of our approach, we next wanted to apply glyoxal caging
toward non-canonical xenonucleic acid scaffolds. In particular, we targeted threose nucleic acid
(TNA) and peptide nucleic acid (PNA). Compared to DNA or RNA, TNA is comprised of repeating
threose sugars connected with alternating 2’ to 3’ phosphodiester bonds,*® while PNA consists of
amino ethyl glycine units to form a “peptide” rather than phosphodiester backbone (Figure 6.6a).*’
Due to their non-canonical chemical structures, both TNA and PNA are nuclease-resistant and
are promising antisense oligo-nucleotide scaffolds. Additionally, these unique structural features
are intriguing for demonstrating the flexibility of glyoxal caging with chemically modified
substrates. As shown in Figure E12, we first assessed glyoxal caging kinetics with a model TNA
oligonucleotide, and observed nearly identical kinetics compared to DNA. We next evaluated the
effect of caging on hybridization between TNA and a DNA complement or scrambled
oligonucleotide. We utilized microscale thermophoresis (MST) to measure duplex formation, as
this method would preserve caging groups during analysis and has been previously demonstrated
as a highly sensitive reporter of nucleic acid hybridization.*®*® We observed steady disruption of
duplex formation with increasing caging times on our TNA strand, with ~40 minutes of glyoxal
treatment resulting in full ablation of hybridization capacity (Figure E13). Using these minimal

caging conditions (40 minutes), we then used our rapid decaging protocol (5 min at 95 °C in PBS,
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Figure 6.6. Glyoxal caging reversibly inactivates xenonucleic acid hybridization. a) Chemical
structures of DNA/RNA alongside threose nucleic acid (TNA) and peptide nucleic acid (PNA) scaffolds. b)
Heteroduplex formation between XNA strands and a DNA complement. Glyoxal caging reversibly inhibits
duplex formation. ¢) 20% denaturing PAGE analysis of untreated (untr.), caged, and decaged TNA strands.
250 pmol of TNA strand was first treated with 1.3 M glyoxal in 50:50 DMSO:H20, 50 °C for 40 minutes. To
decage the TNA substrate, 20 pmol of caged strand (40 minutes glyoxal treatment time) was incubated at
95 °C, pH 7.5 for 5 minutes. d) MST binding curves of untreated, caged (40 minutes glyoxal treatment time),
and decaged (5 minutes at 95 °C, pH 7.5) TNA strands when challenged with increasing amounts of DNA
complement. Bars represent mean and S.E. from triplicate binding titration curves. e) 20% denaturing
PAGE analysis of untreated (untr.), caged, and decaged PNA strands. 1 nmol of PNA was first treated with
1.3 M glyoxal in 50:50 DMSO:H:0, 50 °C for 20 minutes. To decage the PNA substrate, 20 pmol of caged
strand (20 minutes glyoxal treatment time) was incubated at 95 °C, pH 7.5 for 5 minutes. f) MST binding
curves of untreated, caged, and decaged PNA strands when challenged with increasing amounts of DNA
complement. Bars represent mean and S.E. from triplicate binding titration curves.

pH 7.5) to remove glyoxal adducts from TNA, observing full restoration in duplex formation
(Figure 6.6c,d). To apply these experiments towards PNA, we then synthesized the “Nielsen
decamer” sequence as a model strand (Figure E14).% Interestingly, when assessing glyoxal
caging of PNA, we saw an unexpected drop in apparent molecular weight in 20% denaturing

PAGE with increasing caging times (Figure E16a). While we were initially concerned about
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possible degradation or hydrolysis, we did confirm an increase in mass corresponding to the
addition of two glyoxal caging groups (Figure E15). Additionally, this effect was also reversible,
and when we subjected a fully glyoxalated PNA strand to thermal decaging conditions at 95 °C,
pH 7.5, an opposite electrophoretic shift was observed, suggesting full removal of glyoxal groups
(Figure E16b). Although uncertain, we hypothesize that glyoxal adducts may impart transient
negative charges to the strand through cooperative hydrogen bonding between hydroxyl adducts
to produce an ionizable proton (Figure E17). In the case of PNA where the only anion present is
a terminal glutamate residue (Figure E14a), these alterations may contribute more significantly
to electrophoretic shift than molecular weight changes. These analyses also yielded 3 visibly
discrete bands, suggesting that guanosine addition products may be the predominant species in
PNA glyoxal caging. When we tested hybridization capacity of increasingly caged PNA, we
observed highly potent disruption following glyoxal treatment, observing a significant drop
between 5 and 10 minutes caging time, and only 20 minutes required for full inhibition of duplex
formation (Figure E18). Finally, we compared untreated, caged, and decaged PNA and again
observed full restoration of duplex binding (Figure 6.6e,f). Together, our results show that glyoxal
caging is a straightforward and robust method for reversibly modulating antisense interactions,
and to our knowledge is the first demonstration of functional caging in non-canonical nucleic acid
substrates.

Based on our results thus far showing reversible modulation of protein-nucleic acid
interactions as well as the known molecular changes imparted by glyoxal addition on
nucleobases, we were curious how caging would impact recognition by enzymes that interact with
nucleic acid substrates (Table 6.2). RNase T1 is historically known to be affected by glyoxalation,
which cleaves after both guanosine and inosine residues but is unable to digest caged
guanosines, resulting in highly specific cleavage activity toward inosine.?>*® We tested other
enzymes starting with RNase H, which cleaves RNA substrates when hybridized to

complementary DNA.5' We first incubated a target RNA strand with or without glyoxal for 1 hour,
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followed by hybridization to a complementary DNA strand and exposure to RNase H. Untreated
heteroduplex was cleaved as expected, while caging of the ssRNA substrate prior to hybridization
and digestion resulted in no detectable cleavage. Upon thermal decaging, full restoration of
cleavage activity was achieved (Figure E19). Given our previous “one pot” thermoreversible
readout using the fluorogenic broccoli RNA aptamer (Figure 6.3e-f), we were interested in
recapitulating similar in situ decaging and cleavage using a thermostable RNase H.%? To test this,
we combined caged ssRNA, complementary DNA, and thermostable RNase H in 1X reaction
buffer (50 mM Tris-HCI, 75 mM KCI, 3 mM MgCl, 10 mM DTT, pH 8.3). Reactions were then
separately heated to 95 °C for increasing time points, followed by one hour at 37 °C. As shown in
Figure S20, we observed a steady and predictable increase in RNase H cleavage activity
approaching 100% restoration over 10 minutes, indicative of proportional decaging of the target
RNA strand with increased exposure to heat. These results were consistent with our previous
“one pot” system measuring fluorogenic activity of the broccoli aptamer (Figure 6.3e-f), and we
predict that both temperature and heat exposure time can be proportionally measured via RNase
H cleavage and similarly leveraged towards construction of biological “timers” and
‘thermometers.”

We next evaluated caging on the activity of RNase A, an endonuclease that cleaves
single and double stranded RNA after cytidine and uridine nucleotides.®* However, glyoxal
addition was not able to inhibit activity, and distinct cleavage sites were present for all untreated,
caged, and decaged RNAs (Figure E21). Similar results were observed with nuclease P1, a
broadly active endonuclease that hydrolyzes phosphodiester bonds in 3' — 5' direction,* and
glyoxal caging of ssDNA and ssRNA substrates still resulted in full digestion activity (Figure E22).
We next tested DNase |, an endonuclease that preferentially cleaves double-stranded DNA
substrates after pyrimidine nucleotides.*® Similar to our previous experiments, we first treated a
target DNA strand with or without glyoxal followed by hybridization to a complementary DNA and

exposure to DNase I. As shown in Figure S23, glyoxal caging completely inhibited DNase |
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Name Type Target Inhibition?
RNase T1 Endonuclease ssRNA after G Partial*
residues
RNase H Endonuclease RNA:DNA Yes
heteroduplexes
RNase A Endonuclease ssRNA, dsRNA No
Nuclease P1 Endonuclease ssRNA, ssDNA No
DNase | Endonuclease ssDNA, dsDNA Yes
(preferred)
EcoRl Endonuclease dsDNA at Yes
5 GAATTC 3
RNase T Exonuclease 3’ exonuclease No
Phosphodiesterase | Exonuclease 5’ exonuclease No

Table 6.2. Glyoxalation reversibly modulates activity in several enzymes. *glyoxal reacts with G
residues but not inosine sites, converting RNase T1 into an inosine-specific endonuclease.?%-30

activity, and full cleavage of the target strand was observed upon thermal decaging. We observed
similar results with the restriction endonuclease EcoRI, with glyoxal treatment reversibly
modulating enzymatic cleavage of the target duplex (Figure E24).

Lastly, we were curious as to whether glyoxal interfered with exonuclease activity. We
first tested RNase T, a 3'— 5’ exonuclease active on both ssRNA and ssDNA targets.*®’
Unfortunately, caging exerted no effect on RNase T activity, and full hydrolysis of DNA and RNA
substrates was observed regardless of glyoxal caging (Figure E25). Similar results were obtained
when testing snake venom phosphodiesterase | which hydrolyzes ssDNA and ssRNA in the
opposite 5 — 3’ direction,*® and glyoxal caging offered no protection toward enzymatic
degradation of either DNA or RNA strand (Figure E26). While disappointing, these results are
also somewhat unsurprising given that exonuclease sequence specificity is known to be broad
and inherently promiscuous, and these enzymes interact primarily with the phosphate backbone
irrespective of nucleobase or modification status.

As compiled in Table 6.2, it was apparent that glyoxal caging was most effective where

nucleic acid secondary structure was required for substrate engagement and activity. In particular,

RNase H, DNase |, and EcoRI all preferentially target duplex substrates, and glyoxal inhibition
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can be mechanistically attributed toward preventing hybridization and subsequent presentation of
preferred substrates. With the exception of RNase T1, all other enzymes tested appeared to have
little sensitivity to glyoxal, as these likely prefer single stranded substrates and potentially act
independent of nucleobase structure. Overall, our screen yielded distinct enzyme candidates that
could be leveraged to produce detectable readouts, and further demonstrates the wider versatility
of glyoxal caging towards thermoresponsive biodevice fabrication.

Based on our survey of reversible enzyme disruption using glyoxal caged substrates, we
hypothesized that we could likely modulate CRISPR-Cas9 activity. In this system, a single guide
RNA (sgRNA) acts as both an aptamer towards Cas9 to bind the nuclease as well as a
programmable sequence-specific probe to bring the ribonucleoprotein (RNP) complex to a
desired genetic locus for cleavage (Figure 6.7a).>°% These platforms have proved to be
revolutionary towards perturbing biological circuits and have great promise in human gene
therapy. As such, there is great interest in exerting tunable external control over CRISPR-based
systems. Similar to previously described nucleic acid caging approaches, existing attempts have
primarily focused chemical or light-based activation of sgRNAs.®'®® However, heat activation of
sgRNA again remains uninvestigated, and we predicted that glyoxal caging would provide a facile
approach for imparting predictable thermal and temporal control. We envisioned that glyoxal
cages would denature sgRNA secondary structure required for RNP complex formation while also
strongly inhibiting basepairing at the DNA-gRNA interface, thus ablating Cas9 activity.

We first determined the minimal degree of caging required for shutdown of Cas9 cleavage
of a 720 bp dsDNA target containing an enhanced green fluorescent protein (eGFP) coding
region.® In contrast to the steady drop in activity with increasing caging times as seen in our
previous experiments, we interestingly saw minimal inhibition of activity over 30 minutes of glyoxal
caging followed by a drastic drop in cleavage after ~40 min—1 hour, and a full 2 hours of caging

was necessary to completely shut down Cas9 activity (Figure E27). We hypothesize that this
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Figure 6.7. Thermal reactivation of CRISPR-Cas9 function. a) Schematic of reversible modulation of
CRISPR-Cas9 cleavage. Glyoxal caging reversibly denatures and cages the sgRNA, preventing RNP
complex formation and target cleavage. b) 20% denaturing PAGE analysis of untreated (untr.), caged, and
decaged sgRNAs. 2 ug of sgRNA was first treated with 1.3 M glyoxal in 50:50 DMSO:H:0, 50 °C for 2
hours. To decage the substrate, 2 ug of caged sgRNA (2 hours glyoxal treatment time) was incubated at
95 °C, pH 7.5 for 5 minutes. c) Functional Cas9 target cleavage with untreated (untr.), caged, and decaged
sgRNAs visualized by 1% agarose gel and d) quantified using densitometry. Bars represent mean and S.D.
from 2 independent trials. Unpaired t-test was performed between untreated and decaged samples. “ns”
indicates no significant difference. e) Caged sgRNAs (2 hours glyoxal treatment time) were decaged at 37
°C for increasing times and combined with Cas9 and dsDNA target followed by 1% agarose gel analysis
and f) quantified using densitometry. Values represent mean and S.D. of 2 independent trials.

higher resistance to caging may be due in part to the uridine-rich nucleotide sequence of CRISPR
sgRNAs, as these bases are not known to react with glyoxal.’®?* Given our previous experiments
with both broccoli and ARC259 RNA aptamers, it is also likely that partially caged sgRNAs are
still functionally active with Cas9, which would explain maintenance of cleavage activity despite
observed sgRNA caging via PAGE (Figure E27a). In our studies we utilized a commercially
available Cas9 enzyme from Streptococcus Pyogenes which is known to exhibit single-turnover
kinetics,® and so it is unlikely that individual RNP complexes would cleave multiple DNA targets.
However, we did employ a moderate excess (~6-7-fold) of Cas9/sgRNA complex compared to
DNA target, so these reaction conditions may have also contributed to our observed results.

Glyoxal caging was nonetheless effective in completely inhibiting Cas9 cleavage, and so we next

sought to thermally restore this activity. We first subjected caged sgRNAs to our rapid decaging
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conditions at 95 °C, pH 7.5, and when we combined these with Cas9 enzyme and dsDNA target,
full activity was restored with 2 min of decaging time (Figure E28). These data also reflected our
caging observations in that Cas9 activity did not steadily increase with decaging times but rather
rapidly increased between 0.5-2 min. Additionally, our results corroborate our earlier notion that
partially caged sgRNAs still promote Cas9 activity, as full cleavage was still observed from 2-10
min (Figure E28b) despite our PAGE shift analysis suggesting full decaging occurring at ~ 5 mins
(Figure E28a). Regardless, when compared to untreated sgRNA there was also no significant
difference in Cas9 cleavage activity when paired with a decaged sgRNA (Figure 6.7b-d), overall
demonstrating that glyoxal caging is a fully reversible method of controlling CRISPR-Cas9
function.

Given the practical use of CRISPR-Cas9 systems for in vivo gene editing applications, we
were curious to see if we could replicate thermal reactivation of Cas9 activity under “physiological”
conditions. To explore this, we incubated caged sgRNA at 37 °C in PBS, pH 7.5 for increasing
periods of time. We first assessed size shift by gel, which expectedly decreased over 2 days
(Figure E29). We also tested each timepoint for functional Cas9 cleavage activity against an
untreated sgRNA control, and we observed full restoration after 4 hours at 37 °C (Figure 6.7e,f).
Together, these results demonstrate the feasibility of our approach for caging and thermally
reactivating CRISPR-Cas9 systems for potential use in biological circuits, nanodevices, and in
vivo applications. In particular, employing a sgRNA with predictable reactivation times is likely to
be useful for both in cellulo and eventual in vivo contexts, where steady release of active sgRNA
provides temporal control over effector function. We anticipate that this would allow tunable gene
knockdown, activation, and inhibition across multiple Cas9 platforms. Additionally, eventual in
vivo delivery of an inactive sgRNA construct would likely reduce premature activity at undesired
off-target locations proximal to the delivery site and provide more time for on-target cellular
localization and uptake. Additionally, in our proof-of-concept demonstration we used a standard

DNA cleavage readout. However, this is only one application of this platform, and glyoxal caging
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can likely also be used in applications such as gene activation,®® gene interference,®” base
editing,®® or prime editing,®® which rely on dead Cas9 fusions. In addition, designer systems have
been developed that combine guide RNA targeting with fully human effector protein
components,’® and we envision the use of glyoxal caging as a useful and straightforward method
for tuning activity in these systems.

Polymerase chain reaction (PCR) is a widely adopted molecular biology technique and a
powerful diagnostic method for quantifying gene expression’" and detecting genetic material.”
While highly sensitive and efficient, PCR is also prone to non-specific amplification of off-target
DNA products. Many of these issues arise from undesired molecular interactions, including
primer-dimer formation and non-specific annealing within DNA templates, which primarily occur
during lower-temperature steps in early PCR rounds.” To mitigate these effects, “hot start” PCR
assays are often employed wherein DNA polymerase is inactivated with aptamers and/or
antibodies to prevent primer extension until high temperatures are reached.”*’®> While this
technique can reduce some PCR artifacts, hot start polymerases are also variably effective for
primer-dimers and off-target products, and the added cost of these neutralizing biocomponents
can be prohibitive for some applications. Alternatively, primers can be chemically modified with
photoactivatable’® or thermolabile’”’ adducts to provide similar improvements in PCR
performance. Although these modifications are more effective for directly addressing issues with
mis-priming, these methods also suffer from similar practical limitations described above, as they
necessitate costly incorporation of chemical groups during solid-phase oligonucleotide synthesis
and typically require extensive optimization. Conversely, glyoxalation is cost-effective, tunable,
and can be applied toward a variety of modified nucleic acid scaffolds, and hence may offer
greater applicability in improving PCR performance. Because glyoxal adducts potently disrupt
nucleic acid hybridization and are fully reversible using heat, we were interested to see if this
method would prevent off-target primer interactions and improve overall amplification specificity

(Figure 6.8a).
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Figure 6.8. Glyoxal treated primers enhance PCR specificity. a) Schematic of PCR amplification using
a dsDNA template with untreated and caged primers, which reduce mis-priming and primer-dimers. b) 1%
agarose gel analysis of PCR reactions to generate a 653 bp ACTB product from human genomic DNA with
untreated (untr.) and increasingly caged primers. c) Densitometric quantification of on-target PCR
amplification purity with increasingly caged primers. Bars represent mean and S.D. from 2 independent
trials. d) Overall PCR yield following amplification and purification. Bars represent mean and S.D. from 2
independent trials.

As a model system, we amplified a ~653 bp segment of the B-actin gene (ACTB) using
human total DNA and a standard Thermus aquaticus (Taq) polymerase, a combination which was
found to be prone to both mis-priming and primer-dimers.”” Additionally, a previous study
attempted chemical modification of DNA primers and found this mildly improved PCR
performance, and we were interested to see if glyoxalated primers would be better suited for
addressing mis-priming issues in PCR (Figure 6.8a). We first attempted amplification using
standard Taqg PCR reagents, and while we observed the expected target band, we also
experienced general “smearing” in reactions as well as the presence of an off-target amplification
product at ~400 bp. Additionally, in the absence of any DNA template, products arising from
primer-dimer formation were identified at ~150 bp (Figure E30a). Given that antibody-neutralized

hot start Taq is commonly employed to mitigate these issues, we repeated this experiment using
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these materials, and while we saw a slight reduction in the formation of off-target products, this
ultimately provided little benefit in overall amplification purity (Figure E30a,b). We next
functionally assessed glyoxal treatment by separately caging either the forward or reverse DNA
primer. Interestingly, treating the forward primer produced almost no effect (Figure E31), and
although reverse primer caging did somewhat enhance amplification specificity (~60% to ~85%),
we were disappointed that only moderate improvements were observed for all caging timepoints
tested (Figure E32). Surprisingly, when we caged both primers prior to PCR, we saw a significant
improvement in amplification specificity (Figure 6.8b,c). This effect was particularly evident
between 0-10 minutes glyoxal treatment time, where observed purity values increased from ~60%
to >90%. Moreover, extended primer caging times beyond 30-60 minutes resulted in PCR yields
approaching >95% purity. Importantly, glyoxal caging almost completely eliminated both off-target
amplification and primer-dimer issues (Figure 6.8b), and outperformed previous attempts using
thermolabile chemical adducts, which did not suppress these artifacts in the same system.”’

We hypothesized that this enhancement was due to a slow, iterative release of active
primer throughout PCR cycles. To verify this, we glyoxalated both primers for 10 minutes and
then monitored primer decaging in our reaction buffer (10 mM Tris-HCI, 50 mM KCI, 1.5 mM
MgClz, pH 8.3) during the initial denaturation step and subsequent PCR cycles. Interestingly, full
decaging of primers was not observed until cycle 20 as monitored by denaturing PAGE shift
(Figure E33), supporting the idea that stoichiometric limiting of available active primer may
contribute to enhanced specificity. We highlight that our glyoxal system is the first to be able to
achieve this type of time-released activation of primers across multiple PCR cycles. We also
quantified total dsDNA yields after purifying each PCR reaction, and although this led to an
expected proportional drop in recovered product, this comes with the large benefit of significantly
increased purity (Figure 6.8c,d). Primer concentration is often the limiting reagent for total
amplification yield, and given our analysis of primer decaging, it is likely that very long caging

times result in a proportion of primers that remain caged throughout the entire thermal cycling
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program. A larger number of cycles would likely activate these remaining caged primers and may
improve yields. Overall, our results demonstrated that glyoxal is a straightforward and tunable
modification for enhancing PCR amplification specificity, and will likely benefit both standard
molecular biology assays as well as high-accuracy PCR-based diagnostics.

After exploring a wide range of in vitro applications, we were interested in demonstrating
the ability of glyoxal-caged nucleic acids to modulate function in a cellular environment. Because
glyoxal disrupts Watson-Crick-Franklin base pairing, we hypothesized that an antisense
oligonucleotide (ASO) would be strongly affected by caging and that we could reversibly modulate
its overall function. Titratable gene interference is also emerging as a powerful strategy for

7879 and we were curious if a

profiling cellular proteomes and engineering metabolic pathways,
glyoxal-caged ASO would allow us to exert tunable and predictable control over gene expression
in living cells. To test this idea, we identified a chemically modified “gapmer” ASO optimized to
silence eGFP expression by targeting and degrading its cognate mRNA via the canonical RNase
H-mediated decay pathway (Figure 6.9a).5®' This ASO class is comprised of locked-nucleic acid
(LNA) nucleotides at each terminus and contains phosphorothioate linkages throughout the
strand, endowing these molecules with high endonuclease resistance and biostability while
retaining functional compatibility with cellular gene silencing machinery.?2# Using this system, we
reasoned that glyoxal caging would temporarily inhibit the ability of the ASO to hybridize to its
target mRNA, thus blocking gene suppression activity (Figure 6.9b). Based on our previous
kinetic analyses for decaging RNA constructs at 37 °C (Table 6.1 and Figure 6.7e), we also
hypothesized that this activity could be restored to shut down GFP synthesis in a predictable and
tunable manner. Although a widely-adopted and useful fluorescent reporter, GFP also displays
remarkable stability (t>. ~26 h) and accumulates at high levels in the cytoplasm,® which can
interfere with detecting transient changes in mRNA levels. To circumvent this, GFP is often
destabilized by appending a proteolytic “degron” sequence to promote rapid turnover and facilitate

temporal detection of transcriptional activity.®*%” We were concerned that high GFP stability would
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mask our ability detect ASO function and reactivation, and so to avoid this outcome and enable
high-resolution tracking of mRNA degradation in real-time, we appended a similar C-terminal
degron tag (supplemental methods).

After inserting this construct into a cytomegalovirus (CMV) mammalian expression
plasmid, we first confirmed reasonable transfection efficiency and GFP expression in HEK293T
cells by fluorescence microscopy (Figure E34). We next wanted to identify an optimal ASO
concentration sufficient for silencing GFP expression, as well as validate the specificity of this
previously tested sequence.?’ As shown in Figure E35, cells treated with ~250-500 nM of a GFP-
targeting ASO exhibited virtually no detectable GFP signal, while a scrambled sequence produced
no GFP inhibition across all concentrations tested, indicating potent ASO-mediated silencing of
GFP synthesis in a sequence-specific manner. Using these optimal conditions (250 nM ASO) we
next created a library of increasingly caged ASO samples, and assessed the impact of glyoxal
caging on GFP silencing by co-transfecting HEK293T cells with both the pCMV-GFP vector and
respective ASOs. We then imaged all cells after a 12 h recovery period and interestingly saw that
~6-8 h glyoxal treatment time was necessary to completely ablate ASO function and produce GFP
signal commensurate with cells receiving only plasmid (Figure E37). This treatment time was
unexpectedly long compared to some of our previous applications, and while it is possible that
some decaging occurs within the 12 h window between transfection and imaging, we also
hypothesize that RNase H may tolerate partially caged ASOs, consistent with previous
observations that DNA:RNA heteroduplex regions as short as ~4 bp are sufficient for RNA
cleavage.®® Ultimately, we were still able to completely inhibit ASO function with glyoxal caging.

We were also initially concerned that glyoxalation may simply prevent ASO strands from
entering cells, and so we separately exposed HEK293T cells to Cy5-labeled ASOs either
unmodified or treated with glyoxal (8 h). As shown in Figure E38, we observed similar internalized
fluorescent signal in both untreated and fully glyoxalated samples, and our overall results were

consistent with previous studies using these ASO constructs.®> Combined with our functional
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Figure 6.9. Thermal reactivation of antisense oligonucleotide (ASO) function in cellulo. a) Schematic
of ASO gene silencing mechanism through antisense mRNA hybridization and RNase H-mediated decay.
b) Glyoxal caging reversibly blocks ASO hybridization, preventing silencing complex formation and target
cleavage. c) Experimental workflow for in cellulo time-release ASO decaging. At t = 0, HEK293T cells were
transfected with a pCMV-GFP plasmid as well as 250 nM glyoxal caged ASO (8 hours glyoxal treatment
time, red), untreated (untr.) ASO (black) or no ASO (green). Cells receiving no ASO exhibit uninhibited GFP
expression throughout the experiment, while cells given untreated (untr.) ASO produce no detectable GFP
due to constant gene silencing. Cells treated with caged ASO (8 hours glyoxal treatment time) exhibit initial
increase in fluorescence due to GFP expression followed by a delayed suppression of GFP signal due to
time-release reactivation of glyoxalated ASO. d) Representative live-cell fluorescence microscopy images
(4X magnification) taken throughout the course of the experiment. e) Quantification of GFP-positive cells in
each field across treatment groups during the experimental time course. Circles represent individual wells
(n = 3) from a 96-well plate. Curves are overlayed with a second-order polynomial fit (dashed lines).
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results demonstrating GFP silencing in transfected cells, it is likely that caging exerts minimal
effect on cellular uptake.

We were next interested in restoring ASO activity in cellulo, and so we performed a
time-course experiment to monitor GFP expression in HEK293T cells. On day 0, cells received
either 1) GFP plasmid alone, 2) plasmid and a fully caged ASO (8 h glyoxal treatment time), or 3)
plasmid and an untreated active ASO (Figure 6.9c). We periodically imaged these samples over
the course of 7 days and then used ImageJ®' to quantify and plot GFP-positive cells in images
across groups. (Figure 6.9d,e). Cells receiving a fully caged ASO exhibited similar increases in
GFP expression throughout the first 24 h of the experiment compared to cells receiving only
plasmid, suggesting full glyoxal inhibition of ASO function during this period. However, in contrast
to control cells which exhibited an increased GFP-positive population and sustained expression
throughout days 2-7, cells treated with a caged ASO displayed a steady decrease in GFP-positive
cells for the remainder of the time-course experiment, indicating ASO thermal uncaging and
reactivation of gene silencing function, with approximately ~90% restoration in function by day 7
(Figure 6.9d,e). Conversely, cells receiving an untreated ASO displayed virtually no GFP
expression for the entirety of the experiment, confirming that this ASO concentration (250 nM)
was sufficient for gene silencing in proliferating cells across all timepoints.

To provide a comparison of decaging in these conditions, we also prepared several caged
(8 h treatment time) ASO samples in complete DMEM and monitored decaging at 37 °C using
denaturing PAGE (Figure E39). Interestingly, these data suggest that full ASO decaging may be
complete in ~1-2 days, which was somewhat faster than both our previous kinetic analysis on a
model DNA strand (Table 6.1) as well as our functional gene silencing results (Figure 6.9d,e).
To recapitulate in cellulo caging conditions, the amount of nucleic acid present in each decaging
reaction (250 nM, 1.3 ng/uL) was lower than these previous tests (400 nM, ~4 ng/uL), suggesting
that the concentration of caged construct may be an important consideration for

thermoreversibility. Additionally, there may also be a “buffer effect” (complete DMEM vs PBS)
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that could alter the overall kinetics of glyoxal release. While still somewhat faster than our
functional in cellulo results, these reactions are also a simple representation of a cellular context
and we hypothesize that ASO decaging is likely influenced by intracellular pH gradients, which
can range from pH 4.5-8 across organelle compartments.®> Moreover, the process of ASO
uptake, cytosolic partitioning, and RNA silencing complex formation is a multiphase process with
its own kinetics, and additionally competes with multiple cell divisions that can dilute these
materials. Ultimately, these data provide a rough kinetic estimate for decaging and importantly
illustrate analytical confirmation that decaging occurs in these conditions (Figure E39).

In nearly all of our previously explored in vitro applications, glyoxal treatment time was
an adjustable variable to produce proportional decreases in nucleic acid activity, and we were
interested if we could similarly tune GFP expression by varying the degree of ASO caging. In
parallel with our kinetic analysis using a fully caged ASO in cellulo, we also monitored functional
gene silencing activity of HEK293T cells co-transfected with both GFP plasmid and increasingly
caged ASOs (5 min—8 h glyoxal treatment time). Interestingly, when combined with our previous
data, the degree of glyoxal caging in different ASO samples produced a clear correlation in the
number of GFP-positive cells in each well, demonstrating that glyoxalation is a feasible method
for tuning protein expression levels within cell populations (Figures E40, E41). ASOs treated with
glyoxal for 0-30 minutes produced minimal inhibition, while 1-8 hours resulted in relative
increases in GFP expression. Additionally, these samples all displayed proportional reactivation
of gene silencing activity across 7 days, demonstrating the use of this method to both delay gene
suppression as well as modulate overall protein synthesis levels. Although we did not observe full
restoration of ASO activity across all caging treatment times (Figures 6.9e, E40), this would likely
be seen in longer decaging experiments past 7 days. We also performed these experiments using
highly proliferative immortalized cells (HEK293T), and the predictable reactivation we observed
over several days invites interesting use of these constructs to modulate gene expression levels

in both terminally differentiated and/or primary cells.
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Although a natural metabolite produced from both sugar and lipid oxidation, glyoxal

can be cytotoxic at higher concentrations,®

and we wanted to verify that slow intracellular
release of small amounts glyoxal was tolerable in cellulo. Qualitatively, we observed no
differences in morphology or growth rate between any cell groups receiving differentially caged
ASOs, and all treated cells displayed roughly equivalent doubling times and were confluent by
end of the experiment (Figures E40). At the conclusion of day 7, we also tested viability and
mitochondrial function of treated cells using a water-soluble tetrazolium assay,* and we observed
that all ASOs, regardless of degree of caging, produced no significant decreases in viability
(Figure E41). In parallel, we also evaluated glyoxal alone in a dose-response viability assay, and
did confirm that the reagent itself is cytotoxic, albeit at much higher concentrations (ICso = 310+83
MM, Figure S42). In our example ASO, even if all nucleobase positions contained a glyoxal adduct
(16 nt), glyoxal levels would be ~4 uM, well below the concentration where adverse effects are
observed. Additionally, the slow release of glyoxal may enable it to be cleared by existing cellular
metabolism pathways. Careful monitoring of potential toxicity would obviously be wise when
applying glyoxal-modified nucleic acids in pharmaceutical formulations, but in our experiments we
saw no observable cytotoxicity from our caged ASOs, demonstrating their compatibility and utility
to perturb gene expression in cell populations. Additionally, glyoxal-caged nucleic acid constructs
are generalizable, and thus can be used broadly for kinetically tuning gene expression to better

understand cellular signaling mechanisms as well as engineer metabolic pathways.
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6.4 Conclusions

Nucleic acids are versatile and attractive materials for constructing programmable and
responsive elements in biomedicine, data storage, biocomputing, and nanotechnology. The ability
to control nucleic acid structure and activity is essential in the design and implementation of such
systems, and significant effort has been dedicated toward imparting stimuli-responsiveness in
nucleic acid constructs. However, the majority of these efforts have focused on chemical or light-
based reactivation of caged nucleic acids, and limitations remain in that these caging systems are
not compatible with enzymatically-derived DNA substrates and have yet to be demonstrated with
XNAs. As a third major stimuli source, heat remains surprisingly unexplored as a nucleic acid
uncaging element, despite the high degree of control that is possible and its widespread use in
laboratory settings.

In this work we show that glyoxal, a chemical denaturant used for decades in molecular
biology assays, can impart thermoreversible inhibition of both the structure and activity of a variety
of nucleic acid scaffolds. We first demonstrate facile glyoxal attachment on model DNA strands
and show tunable addition of caging groups. We then extensively parameterize the removal of
these cages through adjustable combinations of pH, temperature, and incubation times. Glyoxal
cages are potent disruptors of nucleic acid secondary structure, and we show full inhibition of
small molecule aptamer interactions as well as DNAzyme-based catalysis. In addition, because
glyoxal reacts with nucleobase moieties rather than backbone functional groups, we show that
thermoreversible caging can be easily applied toward natural DNA and RNA scaffolds as well as
heavily modified backbones and non-canonical XNA polymers. We also explore glyoxal-based
interference with enzyme activity, and identify several enzyme candidates that display reversible
function toward caged nucleic acid substrates, including several endonucleases as well as the
CRISPR-Cas9 gene editing platform. Because glyoxalation is heat-reversible, we also
demonstrate that caged primers provide significantly enhanced specificity in PCR amplification

reactions. Lastly, we treat an antisense oligonucleotide with glyoxal and show that these
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constructs enable potent disruption of function as well as tunable activation and titration of gene
expression levels in living mammalian cells. Together, we demonstrate that thermoreversible
glyoxal caging can be easily applied for tunable inhibition and full reactivation of nucleic acid
function in a suite of contexts, establishing a straightforward and effective framework for use in a

variety of potential synthetic biology and biotechnology applications.

6.5 Materials and Methods

Glyoxal Caging Kinetics
For visualization and quantification of caging kinetics, a custom designed DNA
oligonucleotide was purchased from Integrated DNA Technologies (IDT), containing a 6-FAM

(Fluorescein) label at the 5’ terminus as shown below.
5 FAM TGCCAAGACTGTTGAGGAAGATGAGAGAAT 3’

In triplicate, 0.2 nmol of the test DNA strand was mixed with 14.5 uL of a 40% glyoxal solution
(Sigma Aldrich) and 50 yL DMSO. Reactions were brought to a final volume of 100 pL with
nuclease-free water, and incubated at 50 °C for 0, 5, 10, 20, 30, 40, 50, and 60 minutes. At each
time point, reactions were ethanol precipitated and reconstituted in 60 pL of nuclease-free water.
10 pmol of each purified reaction was then mixed with 2X RNA loading dye (New England Biolabs)
and then separated with 20% PAGE and imaged with a GE Amersham Typhoon RGB scanner
using a 488 nm excitation laser and the Cy2 525BP20 emission filter. Fiji (ImageJ) was used to
calculate densitometric intensity of each reaction and normalizing to the fully caged DNA band at
60 min to estimate percent conversion. Caging half-times was estimated based on pseudo-first

order rate kinetics using a nonlinear curve fit in GraphPad Prism.
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Decaging Kinetic Assays

In duplicate, 20 pmol of a fully caged (1 hour treatment) test DNA strand was incubated in
a final volume of 50 pL of phosphate buffered saline (137 mM NacCl, 2.7 mM KCI, 8 mM Naz;HPO4,
and 2 mM KH.POQO,) adjusted to pH 6.5, 7.0, 7.5, or 8.0 where appropriate. Samples were
incubated at various temperatures (25 °C, 37 °C, 50 °C, 70 °C, 95 °C) in a thermal cycler, and 3
uL samples were taken at the indicated time points and mixed with 2X RNA loading dye (New
England Biolabs) and then separated with 20% PAGE and imaged with a GE Amersham Typhoon
RGB scanner using a 488 nm excitation laser and the Cy2 525BP20 emission filter. Fiji (ImageJ)
was used to calculate densitometric intensity of each reaction and normalizing to an untreated
DNA band to estimate percent fully decaged. For stability at 25 °C, percent remaining was
calculated using the band intensity of each reaction normalized to the fully caged DNA strand at
T = 0 hours. Decaging half-times were estimated based on pseudo-first order rate kinetics using

a nonlinear curve fit in GraphPad Prism.

Broccoli Aptamer Preparation
A dsDNA template gBlock containing a T7 RNA polymerase promoter (underlined) was

purchased from Integrated DNA Technologies (IDT) as shown below.

5 GCTAGTAATACGACTCACTATAGTTGCCATGTGTATGTGGGAGACGGTCGGGT

CCAGATATTCGTATCTGTCGAGTAGAGTGTGGGCTCCCACATACTCTGATGATCCTTCGGGATC

ATTCATGGC 3

Template was then amplified with a forward primer (5’GCTAGTAATACGACTCACTATA
GGGTTGCC 3’) and reverse primer 5 GCCATGAATGATCCCGAAGGATCATCA 3’) using
HotStart Tag DNA polymerase (New England Biolabs) according to the manufacturer’s
instructions, using the following PCR program: 94 °C for 3 min, followed by 30 cycles of (94 °C

for 1 m, 57 °C for 45 s, 68 °C for 1 m), 68 °C for 5 min. PCR reactions were then purified using
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the Monarch PCR & DNA Cleanup Kit (New England Biolabs). RNA was then synthesized and
purified using the HiScribe T7 High Yield RNA Synthesis Kit and Monarch RNA Cleanup Kit (New

England Biolabs).

Broccoli Aptamer Caging and Functional Fluorogenic Analysis

60pmol (~2 ug) of broccoli RNA aptamer was mixed with 14.5 uL of a 40% glyoxal solution
(Sigma Aldrich) and 50 yL DMSO. Reactions were brought to a final volume of 100 pL with
nuclease-free water and reacted at 50 °C for 0 min, 30 sec, 5 min, 10 min, 15 min, 20 min, 25
min, 30 min, and 1 hour. At each time point, reactions were ethanol precipitated and reconstituted
in 25 pL of nuclease-free water. 10 pmol of each purified reaction was then mixed with 2X RNA
loading dye (New England Biolabs) and then separated with 10% denaturing PAGE. Gels were
then stained with 1X SYBR Gold solution (Thermo Fisher Scientific) for 20 minutes, and visualized
with the Typhoon RGB scanner. Functional fluoregenic activity of the broccoli RNA aptamer was
performed by mixing 20 pmol of untreated, caged, or decaged aptamer with 2 uM 3,5-difluoro-4-
hydroxybenzylidene imidazolinone (DFHBI, Sigma Aldrich), 40 mM HEPES, 100 mM KCI, 1 mM
MgClz, pH 7.4 in a final volume of 20 uL. Reactions were incubated for 30 minutes at 37 °C.
Reaction tubes were imaged with the GE Amersham Typhoon RGB scanner using a 488 nm
excitation laser and the Cy2 525BP20 emission filter. Fluorescence was also quantified by
transferring the reactions to 384-well black plates (Greiner) and measuring intensity on a Cytation

5 multi-mode plate reader (BioTek) using excitation at 447 nm and emission at 501 nm.
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Broccoli Aptamer Decaging

To remove glyoxal adducts, 20 pmol of minimally caged (10 minute glyoxal treatment)
broccoli RNA aptamer was added to a final volume of 50 uL of phosphate buffered saline (137
mM NaCl, 2.7 mM KCI, 8 mM Na;HPO., 2 mM KH2PO4, pH 7.5). Samples were incubated in a
thermal cycler at 95 °C for indicated times and purified by ethanol precipitation. 10 pmol of the

collected RNAs were then combined with DFHBI and analyzed as described above.

In Situ Broccoli Aptamer Decaging

20 pmol of minimally caged broccoli RNA aptamer was combined with 2 uM DFHBI, 40
mM HEPES, 100 mM KCI, 1 mM MgCl,, pH 7.4 in a final volume of 20 uL. Reactions were
incubated in a thermal cycler set at 60 °C, 65 °C, 70 °C, 75 °C, 80 °C, 85 °C, 90 °C, and 95 °C
and allowed to react for 0, 5, 10, 20, 30 and 60 minutes. Reactions were quenched by freezing at
-80 °C. Reactions were then thawed at room temperature and transferred to a 384-well black plate
with a clear bottom (Greiner) and imaged and analyzed as described earlier. Heatmap image was

obtained using the Typhoon acquisition software and reflects relative fluorescent intensities.

10-23 DNAzyme Caging and Functional Assay

The 10-23 DNAzyme oligonucleotide was purchased from IDT as shown below:

5 - AGGACGGGAGGCTAGCTACAACGAGTGGTTGCC- 3’

100 pmol of DNAzyme was mixed with 14.5 uL of a 40% glyoxal solution (Sigma Aldrich)
and 50 uyL DMSO. Reactions were brought to a final volume of 100 puL with nuclease-free water
and reacted at 50 °C for 0 min, 1 min, 5 min, 10 min, 20 min, 30 min, 40 min, and 1 hour. At each
time point, reactions were ethanol precipitated and reconstituted nuclease-free water at a final
concentration of 1 yM. 10 pmol of each purified reaction was then mixed with 2X RNA loading

dye (New England Biolabs) and then separated with 20% denaturing PAGE. Gels were then
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stained with 1X SYBR Gold solution (Thermo Fisher Scientific) for 20 minutes, and visualized with
the Typhoon RGB scanner. To test functional cleavage activity, 15 pmol of untreated or caged
10-23 DNAzyme were added to 1.5 pmol of target strand: (5 FAM GGCAACCACrGTCCCGTCCT
BHQ1 3’, rG indicates ribonucleotide guanosine) in DNAzyme buffer (10 mM MgClz, 150 mM
NaCl, 50 mM Tris-HCI, pH 7.5) at a total volume of 50 yL. The reaction was incubated in a
thermocycler for one hour at 37 °C and quenched with addition of 1 uL of 125 mM EDTA. All
samples were then analyzed with 12% denaturing PAGE, stained with 1X SYBR Gold solution
(Thermo Fisher Scientific) for 20 minutes and visualized with the Typhoon RGB scanner. Percent
cleavage was calculated by densitometry analysis of the cleaved band/sum using ImageJ

software.

10-23 DNAzyme Decaging

To decage the 10-23 DNAzyme, we first determined the minimum amount of thermal
decaging time required for the gel shift to return to the original size. 10 pmol DNAzyme was
suspended in 1X PBS and incubated at 95 °C for 30 seconds, 1 min, 2 min, 3 min, 5 min, 8 min,
and 10 mins. The samples were ethanol precipitated and resuspended at a concentrated of 1 uM.
The size shift from glyoxal removal was monitored by 20% denaturing PAGE. Optimal timepoints
for caging (1 h) and decaging (10 minute) were then analyzed for size shift with untreated 10-23
DNAzyme on 20% denaturing PAGE. For full tuning of activity, we performed the cleavage assay
with untreated, caged, and decaged 10-23 DNAzyme. 15 pmol of untreated, caged, or decaged
10-23 DNAzyme were added to 1.5 pmol of target strand in DNAzyme buffer in a total volume of
50 uL. The reaction was incubated for one hour at 37 °C and quenched with the addition of 1 uL
of EDTA at 125 mM. All samples were then analyzed on 12% denaturing PAGE. Densitometry
analysis was performed using ImagedJ software. Percent cleavage was calculated by dividing the

band intensity of the cleaved product by the sum of all band intensities in that lane.
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ARC259 Aptamer Caging
ARC259 2'-O-Methylated RNA aptamer was purchased from Integrated DNA
Technologies, containing a 6-FAM (Fluorescein) label at the 5’ terminus as shown below (m

indicates 2'-O-Methylated modification).

5 FAM mAmMCmGmMmCmAMGMUMUmUMGMAMGMAMAMGMUMCMGmMCmMGmMCmGmU 3’

60pmol (~2 pg) of ARC259 aptamer was mixed with 14.5 pL of a 40% glyoxal solution (Sigma
Aldrich) and 50 yL DMSO. Reactions were brought to a final volume of 100 pL with nuclease-free
water and reacted at 50 °C for 0 min, 30 sec, 5 min, 10 min, 15 min, 20 min, 25 min, 30 min, and
1 hour. At each time point, reactions were ethanol precipitated and reconstituted in 25 uL of

nuclease-free water. 5 pmol of each reaction was analyzed by 20% denaturing PAGE.

ARC259 Decaging

20 pmol of minimally caged (40 minute glyoxal treatment) ARC259 aptamer was added to
a final volume of 50 pL of phosphate buffered saline (137 mM NacCl, 2.7 mM KCI, 8 mM Naz;HPO4,
2 mM KH2PO., pH 7.5). Samples were incubated in a thermal cycler at 95 °C for indicated times
and purified by ethanol precipitation. 10 pmol of the collected RNAs were then analyzed by 20%

denaturing PAGE as described above.

VEGF Fluorescence Polarization Binding Assay

A 20 nM solution of untreated, caged, or decaged ARC259 aptamer was prepared in 1X
binding buffer (phosphate buffered saline 137 mM NaCl, 2.7 mM KCI, 8 mM Naz;HPO4, 2 mM
KH2PO4, pH 7.5 with 0.05% Tween 20). A 30 uM solution of recombinant human VEGF165
(Peprotech) or bovine serum albumin (BSA, Sigma Aldrich) was prepared in 1X binding buffer
and serially diluted 1:1 several times. Dilutions were combined with an equal volume of 20 nM

ARC259 to yield final conditions in all samples of 10 nM ARC259, 1X binding buffer, and protein
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(VEGF or BSA) ranging from ~30 pM to 250 nM in a final volume of 40 pL. Binding reactions were
allowed to incubate at room temperature for at least 30 minutes, and then transferred to a 384-
well black plate. Fluorescence polarization was measured using Cytation 5 multi-mode plate
reader (BioTek) equipped with a Blue/UV FP filter cube. All measurements were performed using
a 360/40 excitation and 460/40 emission filter set in combination with a 400 nm cut off dichroic

mirror. Net values were computed by subtracting FP values calculated from blank (buffer) wells.

TNA Oligonucleotide Synthesis and Labeling
TNA phosphoramidites were synthesized according to previously published methods for
solid phase synthesis of TNA oligonucleotides." A custom TNA oligonucleotide was synthesized

and purchased from the University of Utah DNA/Peptide Synthesis Core Facility as shown below:

3’ CATGACATGAGCTAACCAGACAG 2

TNA was fluorescently labeled with Cyanine 5 (Cy5) using the Label IT® Tracker™ Intracellular
Nucleic Acid Localization Kit (Mirus Bio) according to the manufacturer’s instructions. The
oligonucleotide was ethanol precipitated and analyzed by UV/Vis spectrophotometry to measure

degree of labeling, confirming approximately 2 dye molecules per strand.

1. Zhang, S.; Chaput, J. C., Synthesis of Threose Nucleic Acid (TNA) phosphoramidite monomers
and oligonucleotide polymers. Current protocols in nucleic acid chemistry 2012, 50 (1), 4.51. 1-

4.51. 26.
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TNA Caging

250 pmol of TNA oligonucleotide was mixed with 14.5 uL of a 40% glyoxal solution (Sigma
Aldrich) and 50 yL DMSO. Reactions were brought to a final volume of 100 pL with nuclease-free
water and reacted at 50 °C for 0 minutes, 5 minutes, 10 minutes, 20 minutes, 30 minutes, 40
minutes, 50 minutes, and 1 hour. At each time point, reactions were ethanol precipitated and
reconstituted in 25 L of nuclease-free water. 5 pmol of each reaction was analyzed by 20%
denaturing PAGE and imaged with a GE Amersham Typhoon RGB scanner using a 635 nm

excitation laser and the Cy5 670BP30 emission filter.

TNA Decaging

20 pmol of minimally caged (40 minute glyoxal treatment) TNA oligonucleotide was added
to a final volume of 50 uL of phosphate buffered saline (137 mM NaCl, 2.7 mM KCI, 8 mM
Na;HPO4, 2 mM KH2POs, pH 7.5). Samples were incubated in a thermal cycler at 95 °C for 5
minutes and purified by ethanol precipitation. 5 pmol of collected TNA was then analyzed by 20%

denaturing PAGE as described above.

TNA Hybridization Assays
To test hybridization, a full complement and scrambled DNA oligonucleotide was

purchased from Integrated DNA Technologies as shown below.

TNA complement: 5 CTGTCTGGTTAGCTCATGTCATG 3’

TNA scrambled: 5 ACTCTGTTCGGTACTGGTCTTG 3

For each hybridization test, a 10 nM solution of untreated, caged, or decaged Cy5-labeled TNA
strand was prepared in 1X binding buffer (40 mM HEPES, 100 mM KCI, 1 mM MgCl,, 0.05%

Tween 20, pH 7.4). A 1 uyM solution of complement and scrambled DNA was prepared in 1X
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binding buffer and serially diluted 1:1 several times. Dilutions were combined with an equal
volume of 10 nM TNA solution to yield final conditions in all samples of 5 nM TNA strand, 1X
binding buffer, and DNA challenge (complement or scramble) ranging from ~152 pM to 500 nM
in a final volume of 100 yL. Samples were incubated at room temperature for 30 minutes and
then loaded into NT.115 standard glass capillaries. MST experiments were performed using a
Nanotemper Monolith NT.115 Pico instrument. All measurements were analyzed using the Pico-

RED filter with 20% LED intensity and low laser power.

PNA Oligomer Synthesis

A fluorescently labeled PNA strand was synthesized using a standard solid-phase
synthesis protocol on a Biotage SP wave semi-automatic synthesizer. Sequence is shown below.
FAM denotes fluorescein, and E denotes a single glutamate residue (structure shown in Figure

S14a).

N - FAM GTAGATCACTE-C

Synthesis began by loading 69.1 mg of a rink amide MBHA resin (0.52 mmol/g) with 5 pmols of
Fmoc-L-glutamic acid y-fert-butyl ester using 1.5 eq. HATU, 1.5 eq. DIPEA, and 1.5 eq. 2,6-
lutidine in 200 pyL dry NMP for 1 hour followed by a 1 hour capping step using a solution of 9%
acetic anhydride and 13% 2,6-lutidine in DMF. The resin was then deprotected with a solution of
25% piperidine in DMF. For monomer couplings, 5 eq. of monomer was pre-activated for 10
minutes with 5 eq. HATU, 5 eq. DIPEA, and 5 eq. 2,6-lutidine in 400 uL NMP before addition to
the resin. Coupling proceeded with microwave-assistance at 75°C for 6 min. The resin was then
washed (5x1 mL DMF), capped using the capping solution (2x5 min with 1 mL each), washed
(5x1 mL DMF, 3x1 mL DCM, 3x1 mL DMF), deprotected with deprotection solution (3x2 min with

1mL each), and washed (5x1 mL DMF, 3x1 mL DCM, 3x1 mL DMF) to complete a coupling cycle.
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Upon completion of synthesis, the resin was washed with DCM and dried before cleavage using
a solution of 2.5% H>O and 2.5% TIS in TFA. The crude oligomer was ether precipitated, washed
with ether, and dried for purification. Purification was performed by reverse-phase HPLC using an
Agilent Eclipse XDB-C18 5 um, 9.4x250 mm column at 60°C with a flow rate of 2 mL/min,
monitored at 260 nm using a linear gradient (10%-40% in 15 min) of 0.1% TFA/acetonitrile in
0.1% TFA/H.O. Identity of pure oligomer was confirmed using an Agilent 6230 electrospray

ionization time-of-flight (ESI-TOF) mass spectrometer.

Abbreviations:
Fmoc, fluorenylmethyloxycarbonyl; HATU, 1- [Bis(dimethylamino)methylene]-1H-1,2,3-
triazolo[4,5-b]pyridinium 3-oxid hexafluorophosphate; DIPEA, diisopropylethylamine; NMP, N-

methyl-2-pyrrolidone; DCM, dichloromethane; TIS, triisopropylsilane; TFA, trifluoroacetic acid.

PNA Caging

1 nmol of PNA oligonucleotide was mixed with 14.5 uL of a 40% glyoxal solution (Sigma
Aldrich) and brought to a final volume of 100 yL with nuclease-free water. Samples were reacted
at 50 °C for 0 minutes, 5 minutes, 10 minutes, 20 minutes, 30 minutes, 1 hour, 2 hours, and 4
hours. At each time point, reactions were purified with reverse-phase HPLC using an Agilent
Eclipse Plus C18 3.5 um, 4.6x150 mm column at 60°C with a flow rate of 1 mL/min, monitored at
260 nm using a linear gradient (10% - 50% in 20 min) of 0.1% TFA/acetonitrile in 0.1% TFA/H20.
Collected fractions were dried under vacuum and then resuspended in 50 ul phosphate buffered
saline (137 mM NacCl, 2.7 mM KCI, 8 mM Na;HPO4, 2 mM KH2PO4, pH 7.5). 10 pmol of each

reaction was analyzed by 20% denaturing PAGE as described earlier.
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PNA Decaging

250 pmol of caged (2 h glyoxal treatment) PNA strand was added to a final volume of 50
uL of phosphate buffered saline (137 mM NaCl, 2.7 mM KCI, 8 mM NaxHPO4, 2 mM KH,POy4, pH
7.5). Samples were incubated in a thermal cycler at 95 °C for 0 minutes, 1 minutes, 2 minutes, 5
minutes, 10 minutes and 20 minutes. 5 pmol of each reaction was then analyzed by 20%

denaturing PAGE as described above.

PNA Hybridization Assays
To test hybridization, a full complement and scrambled DNA oligonucleotide was

purchased from Integrated DNA Technologies as shown below.

PNA complement: 5 AGTGATCTAC 3’

PNA scrambled: 5 CTATGGTACA 3’

For each hybridization test, a 20 nM solution of untreated, caged, or decaged Cy5-labeled PNA
strand was prepared in 1X binding buffer (40 mM HEPES, 100 mM KCI, 1 mM MgCl, 0.05%
Tween 20, pH 7.4). A 1 uM solution of complement and scrambled DNA was prepared in 1X
binding buffer and serially diluted 1:1 several times. Dilutions were combined with an equal
volume of 10 nM PNA solution to yield final conditions in all samples of 5 nM PNA strand, 1X
binding buffer, and DNA challenge (complement or scramble) ranging from ~152 pM to 500 nM
in a final volume of 100 yL. Samples were incubated at room temperature for 30 minutes and
then loaded into NT.115 standard glass capillaries. MST experiments were performed using a
Nanotemper Monolith NT.115 Pico instrument. All measurements were analyzed using the Pico-

RED filter with 20% LED intensity and low laser power.
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RNase H assays
An RNA oligonucleotide containing a 6-FAM modifier was purchased from IDT as shown

below:

5 FAM rArArGrCrArGrCrArGrGrCrUrArUrGrUrUrArGrArArCrArAru 3’

To demonstrate duplex requirement for activity, 5 pmols of this RNA was then hybridized to 5
pmols of complementary DNA (5'- ATTGTTCTAACATAGCCTGCTGCTT -3’) in 1X RNase H
buffer (New England Biolabs) in a total volume of 50 uyL for 30 minutes at 37 °C. After
hybridization, 5 units of RNase H (New England Biolabs) were added to 10 yL of each sample.
Reactions were incubated for one hour at 37 °C and halted with addition of 1 pL of 125 mM EDTA.

Samples were then analyzed with 12 % non-denaturing native PAGE.

To inhibit RNase H activity through caging, 100 pmol of RNA was mixed with 14.5 pL of a 40%
glyoxal solution (Sigma Aldrich) and 50 yL DMSO and brought to a final volume of 100 yL with
nuclease-free water. RNA was caged at 50 °C for 2 h. RNA was then ethanol precipitated and
resuspended in nuclease free water at a final concentration of 1 yM. 5 pmols of RNA was then
hybridized to 5 pmol of complementary DNA (5- TTCGTCGTCCGATACAATCTTGTTA -3’) in 1X
RNase H buffer (New England Biolabs) in a total volume of 50 pL for 30 minutes at 37 °C. After
hybridization, 5 units of RNase H (New England Biolabs) were added to 10 yL of each sample.
Reactions were incubated for one hour at 37 °C and halted with addition of 1 pL of 125 mM EDTA.
Densitometry analysis was performed using ImagedJ software. Percent cleavage was calculated
by dividing the band intensity of the cleaved product by the sum of all band intensities in that lane.
To decage the strand, 10 pmol of caged RNA was incubated in 1X PBS, pH 7.5 at 95 °C for 5
minutes. RNA was then ethanol precipitated and resuspended at a concentrated of 1 uM. RNA
size shift was analyzed via 20% denaturing PAGE. For full tuning of RNase H activity, we

performed the cleavage assay with untreated, caged, and fully decaged RNA. To separate tubes,



180

5 pmol of the untreated, caged, or decaged RNA were hybridized to 5 pmol of complementary
DNA in 1X RNase H1 buffer in a total volume of 50 pyL at 37 °C for 30 minutes. RNase H1 (5 units)
was added to 10 pL of each reaction and incubated for one hour at 37 °C. Cleavage was halted

with the addition of 1 pL of 125 mM EDTA.

Thermostable RNase

For one pot decaging of Thermostable RNase H activity, 10 pmol of untreated, caged, or
decaged RNA were hybridized with 10 pmol of complementary DNA in 1X RNase H buffer in a
total volume of 100 pL at 37 °C for 30 minutes. 5 units of Thermostable RNase H (New England
Biolabs) was added to 10 uL of each duplex (untreated, caged, decaged) and incubated at 90 °C
for 0, 0.5, 1, 2, 3, 5, 8, 10 minutes followed by incubation at 37 °C for one hour. Cleavage was
halted with the addition of 1 pL of 125 mM EDTA. Activity was then measured using 12%

denaturing PAGE as described earlier.

RNase A Assay

To test RNase A, we used the same RNA sequence as shown above in RNase H assays.
Caging and decaging conditions were also identical as described earlier. RNase A (Sigma Aldrich,
~0.02 units at 0.5 pg/mL) was added to 1 pmol of untreated, caged, or decaged RNA diluted to
10 ul in 1X PBS, pH 7.5. Reactions were incubated for one hour at 37 °C and halted with the
addition of 1 uL of 125 mM EDTA. Activity was then measured using 12% denaturing PAGE as

described earlier.
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Nuclease P1 Assay

To test Nuclease P1, we used the same fluorescein labeled RNA as shown earlier in
RNase H assays (5 FAM rArArGrCrArGrCrArGrGrCrUrArUrGrUrUrArGrArArCrArArU 3’) and the
same fluorescein labeled DNA as wused in glyoxal caging kinetics (5° FAM
TGCCAAGACTGTTGAGGAAGATGAGAGAAT 3’). Caging and decaging conditions were also
identical as described earlier. Nuclease P1 (New England Biolabs, 1 unit) was added to 1 pmol
of untreated, caged, or decaged RNA in a total volume of 10 pL in 1X Nuclease P1 buffer (New
England Biolabs). Reactions were incubated for 15 minutes at 37 °C and halted by addition of 1

uL of 125 mM EDTA. All samples were then analyzed on 12% denaturing PAGE.

DNase | Assay

To test DNase |, we used the fluorescein labeled DNA sequence as described in the
glyoxal caging kinetics section (5° FAM TGCCAAGACTGTTGAGGAAGATGAGAGAAT 3’). To
inhibit DNase activity through caging, 100 pmol of target DNA was mixed with 14.5 pL of a 40%
glyoxal solution (Sigma Aldrich) and 50 yL DMSO and brought to a final volume of 100 yL with
nuclease-free water. DNA was caged at 50 °C for 1 h. DNA was then ethanol precipitated and
resuspended in nuclease free water at a final concentration of 1 yM. To decage the strand, 10
pmol of caged DNA was incubated in 1X PBS, pH 7.5 at 95 °C for 5 minutes. DNA was then
ethanol precipitated and resuspended at a concentrated of 1 uM. In separate tubes, 10 pmol of
untreated, caged, and decaged labeled strand was combined with 10 pmol of a complementary
DNA strand (5° ATTCTCTCATCTTCCTCAACAGTCTTGGCA 3’) in 100 yL 1X DNase buffer
(Thermo Fisher) at 37 °C for 30 minutes. After hybridization, 0.2 units of DNase | (Thermofisher)
were added to 10 yL of untreated, caged, or decaged duplexes. Reactions were incubated for
one hour at 37 °C and halted with addition of 1 yL of EDTA at 125 mM. All samples were then

analyzed with 12% denaturing PAGE.
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EcoRIl Assay
An DNA oligonucleotide containing a 6-FAM modifier was purchased from IDT as shown

below (cut site underlined):

5 FAM TGCCGTACCAGAATTCGCTTAGATGT 3’

To inhibit restriction endonuclease activity through caging, 100 pmol of DNA was mixed with 14.5
uL of a 40% glyoxal solution (Sigma Aldrich) and 50 yL DMSO and brought to a final volume of
100 yL with nuclease-free water. DNA was caged at 50 °C for 2 h. DNA was then ethanol
precipitated and resuspended in nuclease free water at a final concentration of 1 uM. To decage
the strand, 10 pmol of caged DNA was incubated in 1X PBS, pH 7.5 at 95 °C for 5 minutes. DNA
was then ethanol precipitated and resuspended at a concentrated of 1 uyM. In separate tubes, 10
pmol of the untreated, caged, or decaged DNA was hybridized to 10 pmol of complementary DNA
(5 ACATCTAAGCGAATTCTGGTACGGCA 3’) in 1X CutSmart buffer (New England Biolabs) in
a total volume of 100 pL for 30 minutes at 37 °C. After hybridization, 20 units of EcoRI-HF (New
England Biolabs) was added to 10 pL of each sample. Reactions were incubated for one hour at
37 °C and halted with the addition of 1 yL of 125 mM EDTA. All samples were then analyzed on

12% denaturing PAGE.

RNase T Assay

To test RNase T, we used the same fluorescein labeled RNA as shown earlier in RNase
H assays (5 FAM rArArGrCrArGrCrArGrGrCrUrArUrGrUrUrArGrArArCrArArU 3’) and the same
fluorescein labeled DNA as used in glyoxal caging kinetics (5 FAM
TGCCAAGACTGTTGAGGAAGATGAGAGAAT 3’). Caging and decaging conditions were also
identical as described earlier. RNase T (New England Biolabs, 5 units) was added to 1 pmol of

untreated, caged, or decaged RNA and DNA where appropriate in 10 uL 1X NEBuffer™ 4 (New
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England Biolabs). Reactions were incubated for one hour at 25 °C and halted with the addition of

1 uL of 125 mM EDTA. All samples were then analyzed on 12% denaturing PAGE.

Phosphodiesterase | Assay

To test phosphodiesterase |, we used the same fluorescein labeled RNA as shown earlier
in RNase H assays (5’ FAM rArArGrCrArGrCrArGrGrCrUrArUrGrUrUrArGrArArCrArArU 3’) and
the same fluorescein labeled DNA as used in glyoxal caging kinetics (5° FAM
TGCCAAGACTGTTGAGGAAGATGAGAGAAT 3’). Caging and decaging conditions were also
identical as described earlier. Snake venom phosphodiesterase | isolated from Crotalus
adamanteus (Sigma Aldrich, 0.005 units) was added to 1 pmol of untreated, caged, or decaged
RNA and DNA where appropriate in 10 gL 1X CutSmart buffer (New England Biolabs). Reactions
were incubated for one hour at 37 °C and halted with the addition of 1 yL of 125 mM EDTA. All

samples were then analyzed on 12% denaturing PAGE.

Cas9 sgRNA Preparation
The following dsDNA gBlock containing a T7 RNA polymerase promoter (underlined) was

purchased from IDT as shown below.

5CCCGGGTTCTAATACGACTCACTATAGGAGCGCACCATCTTCTTCAGTTTTAGAGCTAGA

AATAGCAAGTTAAAATAAGGCTAGTCCGTTATCAACTTGAAAAAGTGGCACCGAGTCGGTG

CTTTT 3

Template was then amplified with a forward primer (5° CCCGGGTTCTAATACGACTCACTATAG
3’) and reverse primer 5° AAAAGCACCGACTCGGTGC 3’) using HotStart Taqg DNA polymerase
(New England Biolabs) according to the manufacturer’s instructions, using the following PCR
program: 94 °C for 3 min, followed by 30 cycles of (94 °C for 1 m, 56 °C for 45 s, 68 °C for 1 m),

68 °C for 5 m. PCR reactions were then purified using the Monarch PCR & DNA Cleanup Kit (New
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England Biolabs). DNA was then loaded onto a 1% agarose gel and the desired 126 bp band was
excised from the gel and purified using the Monarch DNA Gel Extraction Kit. RNA was then
synthesized and purified using the HiScribe T7 High Yield RNA Synthesis Kit and Monarch RNA

Cleanup Kit (New England Biolabs) to yield the full sgRNA sequence shown below:

5GGAGCGCACCAUCUUCUUCAGUUUUAGAGCUAGAAAUAGCAAGUUAAAAUAAGGCUAG

UCCGUUAUCAACUUGAAAAAGUGGCACCGAGUCGGUGCUUUU &

dsDNA Target Preparation
A 720 bp region of dsDNA was amplified from a plasmid encoding eGFP (Addgene

#60733) sgRNA docking region in bold, cleavage site underlined:

5ATGGTGAGCAAGGGCGAGGAGCTGTTCACCGGGGTGGTGCCCATCCTGGTCGAGCTGG
ACGGCGACGTAAACGGCCACAAGTTCAGCGTGTCCGGCGAGGGCGAGGGCGATGCCACC
TACGGCAAGCTGACCCTGAAGTTCATCTGCACCACCGGCAAGCTGCCCGTGCCCTGGCCC
ACCCTCGTGACCACCCTGACCTACGGCGTGCAGTGCTTCAGCCGCTACCCCGACCACATG
AAGCAGCACGACTTCTTCAAGTCCGCCATGCCCGAAGGCTACGTCCAGGAGCGCACCATC
TTCTTCAAGGACGACGGCAACTACAAGACCCGCGCCGAGGTGAAGTTCGAGGGCGACAC
CCTGGTGAACCGCATCGAGCTGAAGGGCATCGACTTCAAGGAGGACGGCAACATCCTGG
GGCACAAGCTGGAGTACAACTACAACAGCCACAACGTCTATATCATGGCCGACAAGCAGA
AGAACGGCATCAAGGTGAACTTCAAGATCCGCCACAACATCGAGGACGGCAGCGTGCAGC
TCGCCGACCACTACCAGCAGAACACCCCCATCGGCGACGGCCCCGTGCTGCTGCCCGAC
AACCACTACCTGAGCACCCAGTCCGCCCTGAGCAAAGACCCCAACGAGAAGCGCGATCAC
ATGGTCCTGCTGGAGTTCGTGACCGCCGCCGGGATCACTCTCGGCATGGACGAGCTGTAC

AAGTAA 3
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Plasmid template (20 ng) was amplified with Hot Start Tag DNA Polymerase according to the
instructions with a forward primer (5° ATGGTGAGCAAGGGCGAGGA 3’) and a reverse primer
(5 TTACTTGTACAGCTCGTCCATGCCGAGAG 3’). The following PCR steps were used: 94°C
for 3 m, followed by 30 cycles of (94°C for 1 m, 60°C for 45 s, 68°C for 1 m), 68°C for 5 m. The

PCR product was then purified using the Monarch PCR & DNA cleanup Kit.

Cas9 Cleavage Assays

For all CRISPR Cas9 cleavage reactions, 400 ng (12.44 pmol) of sgRNA was incubated
with 500 ng (~3 pmol) of purified recombinant Streptococcus pyogenes Cas9 (IDT) in 10 yL 1X
PBS, pH 7.5. Samples were incubated for 10 minutes at room temperature to allow for formation
of RNP complex. Each RNP complex (10 uL) was then added to 200 ng of dsDNA target in a total
volume of 20 pL 1X CRISPR Cas9 buffer (200 mM HEPES, 1 M NaCl, 50 mM MgCl., 1 mM EDTA,
pH 6.5). The reactions were incubated at 37 °C for 2 hours and halted with the addition of 1 L
proteinase K (20 mg/mL, Thermo Fisher) and a 10-minute incubation at 56 °C. All samples were
diluted with 20 uL nuclease free water and analyzed on 1% agarose gel with 1X SYBR Safe.
Densitometry analysis was performed using ImagedJ software. Percent cleavage was calculated
by dividing the band intensity of the two cleaved product bands by the sum of all band intensities
in that lane.

To inhibit Cas9 activity through caging, 2 ug sgRNA was added to separate PCR tubes
and mixed with 14.5 uL of a 40% glyoxal solution (Sigma Aldrich) and 50 yL DMSO and brought
to a final volume of 100 uL with nuclease-free water. Reactions were incubated at 50 °C for 0 min,
1 min, 5 min, 10 min, 20 min, 30 min, 40 min, 1 h, 2 h, 4 h, 6 h, and 8 h. Immediately after each
timepoint, each sample was ethanol precipitated and resuspended in nuclease free water to 100
ng/uL. The size shift from glyoxal addition to sgRNAs was then monitored by 10% denaturing

PAGE stained with 1X SYBR Gold solution for 20 minutes.
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To decage the sgRNA, 2 ug sgRNA was added to 100 uL 1X PBS, pH 7.5 and incubated
at 95 °C for 0, 0.5, 1, 2, 3, 5, 8, and 10 minutes. Samples were ethanol precipitated and
resuspended in nuclease free water to 100 ng/uL. Size shift from glyoxal removal was then
monitored by 10% denaturing PAGE stained with 1X SYBR Gold solution for 20 minutes. Optimal
timepoints for caging (2 h) and decaging (5 min) were then analyzed for size shift with untreated
sgRNA on 10% denaturing PAGE with SYBR Gold staining as previously described.

For sgRNA decaging at 37 °C, 1 ug untreated or caged sgRNA was combined in a total
of 100 yL 1X PBS and incubated at 37 °C forO h, 1 h,2h,4 h,6 h, 8 h, 1d, and 2 d. The samples
were ethanol precipitated and resuspended in nuclease free water to 100 ng/uL. The size shift
from glyoxal removal was then monitored by running the samples on 10% denaturing PAGE
stained with SYBR Gold. Each of the timepoints for both untreated and caged sgRNA were tested

as described above for Cas9 cleavage activity and analyzed by 1% agarose gel.

B-actin PCR

The following DNA oligonucleotide primers were purchase from IDT as shown below:

Forward primer: 5 AGAGATGGCCACGGCTGCTT 3’

Reverse primer: 5 ATTTGCGGTGGACGATGGAG 3’

For the initial test, a 653 bp segment of the ACTB gene was amplified from 0 ng, 0.1 ng, 1 ng, 10
ng, or 100 ng human genomic DNA (Promega) with standard Taq DNA polymerase (New England
Biolabs) according to the manufacturer’s instructions using a final primer concentration of 0.2 yM
in each reaction. Thermal cycler conditions were: 94 °C for 2 min, followed by 35 cycles of (94 °C
for 30 s, 60 °C for 30 s, 72 °C for 45 s), followed by a final extension at 72 °C for 7 min. 20 pL of
each crude PCR reaction were analyzed on 1% agarose gel with 1X SYBR Safe and visualized
with a Typhoon RGB scanner. Percent purity was calculated by densitometry analysis using

ImagedJ software by dividing the target band intensity by the sum of all lane bands. For PCR
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reactions using Hot Start Tag (New England Biolabs), this experimental set up was repeatedly

identically.

Primer Caging

For single primer caging, 152 pmol (1 ug) or either forward or reverse primer was mixed
with 14.5 pL of a 40% glyoxal solution (Sigma Aldrich) and 50 yL DMSO. All reactions were
brought to a final volume of 100 uL with nuclease-free water and reacted at 50 °C for 0 min, 2
min, 10 min, 20 min, 30 min, 40 min, 1 hour, and 2 hour. At each time point, reactions were ethanol
precipitated and reconstituted with equimolar amounts of the opposite primer in nuclease-free
water at a final stock concentration of 1 yM. For caging of both primers simultaneously, 1 ug of
both forward and reverse primer (2 ug total) was mixed with 14.5 uL of a 40% glyoxal solution
(Sigma Aldrich) and 50 uL DMSO. All reactions were brought to a final volume of 100 yL with
nuclease-free water and reacted at 50 °C for 0 min, 2 min, 10 min, 20 min, 30 min, 40 min, 1 hour,
and 2 hour. At each time point, reactions were ethanol precipitated and reconstituted with
nuclease-free water at a final concentration of 1 uM. An untreated primer mix was also prepared
using 1 pg each of forward and reverse primer mixed with 50 yL DMSO, followed by immediate
ethanol precipitation. To assess primer caging by gel, 5 pmol of each purified reaction from the
caged primer mix was then mixed with 2X RNA loading dye (New England Biolabs) and then
separated with 20% denaturing PAGE. Gels were then stained with 1X SYBR Gold solution
(ThermoFisher Scientific) for 20 minutes and visualized with the Typhoon RGB scanner.

For functional PCR testing of the single or double caged primer mix, ACTB was amplified
using standard Taq polymerase as described above with 100 ng human genomic DNA and a final
primer concentration of 0.2 yM. To assess overall yield, PCR reactions were first purified using
the Monarch PCR & DNA Cleanup Kit (New England Biolabs) and then dsDNA was quantified
using a BioTek Take3 spectrophotometer. Target yield was calculated by multiplying quantified

mass (ng) by the purity percentage.
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Primer Decaging

10 pmol of caged primer mix (10 minute glyoxal treatment) was added to 25 pL of 1X
Standard Taq Reaction buffer (10 mM Tris-HCI, 50 mM KCI, 1.5 mM MgCl,, pH 8.3). Samples
were incubated for the specified thermocycler steps and then 20 ul of each sample was analyzed

by 20% denaturing PAGE as described above.

ASOs and Plasmids
The following LNA gapmer oligonucleotides were purchased from IDT as shown below.

“+” indicates LNA nucleobases and “*” denotes phosphorothioate modification.

Anti-eGFP: § +G*+A*+A*C*T*T*C*A*G*G*G*T*C*+A*+G*+C 3’

Scramble: 5’ +A*+G*+G*A*C*G*A*C*T*C*T*A*G*+G*+C*+T 3’

To construct a destabilized eGFP vector, a pCMV plasmid harboring the eGFP coding sequence

(https://www.addgene.org/11153/) was digested with restriction enzymes bsrGl and Notl (New

England Biolabs) and a dsDNA sequence encoding the CL1 degron tag (ACKNWFSSLSHFVIHL)
was cloned into the vector at the eGFP C-terminus. Correct insertion was verified by Sanger

sequencing (full plasmid map is included in additional supplemental materials as a SnapGene

file).

Transfection and Live-Cell Imaging

HEK293T cells (ATCC CRL-3216) were cultured in Dulbecco's Modified Eagle's Medium
supplemented with 10% fetal bovine serum and maintained at 37 °C, 5% CO.. Cells were seeded
at 10,000 cells/well in tissue culture-treated clear polysterene 96-Well Plates (Costar) followed by
overnight recovery. For initial tests of GFP expression, 200 ng of constructed eGFP plasmid was
introduced into cells with Lipofectamine 3000 (Thermo Fisher Scientific) according to the

manufacturer’s instructions. After ~12 h incubation at 37 °C, 5% CO,, cells were then imaged at
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4X magnification using a Biotek FX Lionheart automated live-cell microscope, and images were
processed using Imaged.

To optimize ASO delivery, cells were seeded into 96-well plates and transfected with 200
ng of plasmid using Lipofectamine 3000 as described above. Cells were then exposed to a range
of concentrations (0 — 500 nM) of both anti-eGFP and scrambled ASO in 0.2 mL DMEM per well.
After ~12 h incubation at 37 °C, 5% CO., cells were then imaged using a Biotek FX Lionheart as
described.

Increasingly caged ASO samples were generated by combining 2 ug of anti-eGFP ASO
with 14.5 pL of a 40% glyoxal solution (Sigma Aldrich) and 50 yL DMSO. All reactions were
brought to a final volume of 100 uL with nuclease-free water and reacted at 50 °C for 0 min, 5
min, 10 min, 20 min, 30 min, 1 hour, 2 hours, 4 hours, 6 hours, and 8 hours. At each time point,
reactions were ethanol precipitated and reconstituted in nuclease free water. To assess caging
by gel, 5 pmol of each purified reaction was then mixed with 2X RNA loading dye (New England
Biolabs) and then separated with 20% denaturing PAGE. Gels were then stained with 1X SYBR
Gold solution (ThermoFisher Scientific) for 20 minutes and visualized with the Typhoon RGB
scanner.

To assess cellular uptake, anti-eGFP ASO was first fluorescently labeled with Cyanine 5
(Cy5) using the Label IT® Tracker™ Intracellular Nucleic Acid Localization Kit (Mirus Bio)
according to the manufacturer’s instructions and purified by ethanol precipitation. A portion of this
material was set aside (untreated ASO), and in separate PCR tubes, 2 ug ASO was mixed with
14.5 pL of a 40% glyoxal solution (Sigma Aldrich) and 50 uL DMSO and brought to a final volume
of 100 uL with nuclease-free water. Reactions were incubated at 50 °C 8 h, after which it was
ethanol precipitated and resuspended in nuclease free water. HEK293T cells were seeded into
96-well plates as described previously, and cells were exposed to untreated of glyoxal caged ASO

at a final concentration of 250 nM in 0.2 mL DMEM per well. Cells were incubated overnight at 37
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°C, 5% CO,, and each well was carefully washed three times with 0.2 mL of prewarmed fresh
DMEM, followed by fluorescent microscopy using the Biotek FX lionheart.

To assess GFP expression across different time points, HEK293T cells were seeded into
96-well plates as described previously, and cells were transfected with 200 ng of plasmid using
Lipofectamine 3000. Cells were then exposed to 250 nM of increasingly caged anti-eGFP in 0.2
mL DMEM per well. At the indicated time points cells were then imaged using a Biotek FX
Lionheart as described. On days 4 and 7 of the experiment, 100 yL of media was carefully
removed from the top of each well and replaced with prewarmed fresh complete DMEM. Images
were acquired at 4x magnification in the center of each well, and exposure parameters were
identical across cell samples, with GFP exposure times always set at each time point according
to “no ASO” sample wells. Raw images were then processed and colorized in Imaged. To
calculate GFP-positive cells per well, fluorescent image thresholds were first normalized using
the Huang algorithm, followed by “analyze” particles” ImagedJ plugin for cell quantification using a

lower area range set at 10 pixels/sqg-inch.

Cell Viability Assays

To test viability, plates from the full time-course decaging experiment were tested using
WST-1 (Sigma Aldrich) according to the manufacturer’s protocol. In brief, on day 7 after acquiring
final images, media was carefully replaced with fresh 100 yL DMEM, and 10 pL of the WST-1
reagent was added to each well. Plates were incubated at 37 °C, 5% CO- for four hours, and
absorbance of each well at 440 nm was measured. Separately, glyoxal alone was also tested
after seeding HEK293T cells at 10,000 cells per well as described previously. Cells were then
exposed to a range of glyoxal concentrations (0 — 1 mM) in 0.2 mL DMEM. On days 4 and 7 of
the experiment, 100 uL of media was carefully removed from the top of each well and replaced
with prewarmed fresh complete DMEM supplemented with the appropriate amount of glyoxal.

After 7 days, viability was assayed using WST-1. Percent viability was calculated as the net
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absorbance value compared to untreated HEK293T cells. ICso value (mean with 95% confidence

interval) was calculated using a dose-response curve fit in Prism.
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Chapter 7

Conclusions and Future Perspectives

RNA is a critical biomolecule in all life on Earth, serving as both an information-storage
polymer as well as a direct catalytic participant in cellular reactions. Although initially
biosynthesized from the four canonical nucleosides (A, U, C, and G), RNA is biochemically
modified by a number of enzymes to significantly expand the nucleobase content of individual
transcripts. We are just beginning to understand the biological importance of these modifications,
and they have profound clinical implications for disease diagnosis and management. Adenosine-
to-Inosine (A-to-1) RNA editing is one of the most widespread, conserved, and impactful of these

1.™2 We now understand

RNA modifications, and serves a number of critical functions in the cel
that A-to-1 editing in mRNA actively recodes proteins in key pathways, facilitating proper cell and
tissue function throughout the body. %2 It is also increasingly clear that A-to-l editing plays a vital
role in regulating the innate immune system and is often dysregulated in autoimmune disease
and several cancer types.*®

Despite this broad functional importance, numerous major technical limitations render it
difficult to study or harness A-to-l editing, and several key questions remain. First, because it is
difficult to comprehensively map editing sites in total RNA, the true prevalence and landscape of
A-to-l editing in the human transcriptome is still unknown. Although current databases have
identified ~5-10 million editing sites in human RNA, this number is estimated to be ~10-fold
higher.® While the vast majority of these sites occur in repetitive regions, a small number of
protein-recoding events produce significant biological consequences.>® Because technical
limitations in existing methods continue to make the detection these rare sites problematic, it it
likely that many of these events remain undiscovered. Although not as impactful on an individual

basis, repetitive Alu editing sites across the transcriptome also collectively contribute to overall

tissue development and immune system regulation.*® While potential functional roles have been
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hypothesized for the distinct global editing patterns observed between different cell and tissue
types, the biological significance of these differences remain somewhat mysterious.

Large-scale analyses are beginning to shed light on ADAR-targeting mechanisms, but it
is also unclear why certain sites are edited over others and what precise function each individual
editing serves. While some sites are likely to be critical, it may also be possible that a large number
of sites under “stochastic” editing based on RNA availability and structure equilibriums. ADAR
expression is also poorly correlated with overall inosine content in cellular RNA,? and there is
great interest in identifying mechanisms that regulate both ADAR activity and overall editing
levels. Sampling a large number of biological contexts will likely reveal additional editing patterns
and hint at context-specific functions and regulatory mechanisms, but the present requirement for
lengthy and high-cost RNA-seq limits our ability to efficiently explore these settings.

Lastly, while it is known that dysregulated editing is linked with numerous diseases,'*"
the exact molecular and cellular mechanisms responsible for this relationship are also poorly
understood. We also have indirect evidence that different cell types and tissues display vastly
different editing patterns, but there are no approaches to measure these differences. As a result,
we have little understanding of how this heterogeneity affects overall tissue and organ function
which might contribute to disease. The ability to pharmacologically control global editing levels is
also of great interest to the field, and would enhance our ability to treat disease and elucidate
these tissue-level consequences.

In this dissertation, | have described the development of a suite of technologies for probing
A-to-1 RNA editing and addressing many of these methodological limitations. In Chapters 2 and
3, we designed and tested acrylamide derivatives as an improved chemical approach for inosine
detection in RNA. We next investigated Endonuclease V as a protein-based detection platform,
illustrating its ability to enrich edited transcripts prior to RNA-seq (Chapter 4) as well as profile
large-scale changes in transcriptome-wide A-to-l signatures (Chapter 5). Finally, we were inspired

by our use of glyoxal in these earlier pursuits and leveraged this chemical labeling step as a way
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to impart expanded functionality to a variety of substrates, in turn serving as a “synthetic” nucleic
acid modification (Chapter 6). Here, we discuss how these different methodologies can address
knowledge gaps in key areas surrounding nucleic acid biology and RNA editing, and we also
outline how these platforms can be improved for more robust implementation in a variety of

contexts.

7.1 Chemical Profiling of ADAR Mechanisms and Substrate Preferences

Inosine can be chemically labeled with acrylonitrile or acrylamide derivatives to form N'
addition products (Chapters 2 and 3). While our lab as well as other groups have demonstrated
feasibility for modifying simple RNA substrates, these reagents also display off-target labeling
with other nucleobases and are generally intractable for use with complex RNA samples.'®%
Despite this limitation, we found great utility with this reagent for profiling in vitro deamination
kinetics with a chemically synthesized RNA substrate, and detected significant catalytic
differences between wild-type and mutant ADAR1 isoforms (Chapter 3). ADAR targeting
mechanisms and RNA substrate recognition preferences are still not well understood, and we
envision that our acrylamidofluorescein or EPhAA reagents would serve as a valuable assay for
rapidly detecting these properties (Figure 7.1). In particular, it would be economical to screen
small libraries RNA substrates to determine which motifs and structures are robustly edited, and
what minimal sequences are required for recognition. Similar to our earlier comparison of wild-
type and E1008Q ADAR1 (Chapter 3), this platform can also be easily applied to biochemically
characterizing a panel of enzyme mutants for elucidating how different ADAR isoforms interact
with RNA substrates and which amino acids are key for catalysis. Additionally, while this method
is not immediately tractable for high-throughput drug screening, we do envision this assay as an
facile downstream step for validating potential small-molecule hits that influence ADAR activity

and rapidly characterizing various pharmacological properties (Kq, Ki, 1Csq, etc).
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Figure 7.1. Acrylamide labeling enables efficient profiling of RNA substrate recognition, ADAR
mutant characteristics, and small-molecule hit validation for modulating editing activity.

7.2 Engineering EndoV for Enhanced Inosine Recognition

As described in Chapters 4 and 5, the unique molecular recognition capabilities of EndoV
can be leveraged for selective enrichment and global detection of A-to-I editing, improving high-
throughput mapping of editing sites and monitoring transcriptome-wide modification signatures.?®
While both technologies demonstrated feasibility and effectiveness in their respective applications
compared to current state-of-the-art methods, we employed a commercially available,
recombinant EndoV from E. coli (New England Biolabs) in these studies,?® and we recognize that
there remains significant potential for performance improvements. The most critical component in

the EndoVIPER and EndoVLISA protocol is the enzyme itself, and so future experiments will focus



207

on the EndoV-inosine molecular interaction and deploy protein engineering and evolution
strategies to improve binding affinity and selectivity for inosine-containing RNAs.

EndoV is highly conserved in Nature and present across all domains of life, and we
hypothesize that other homologs may have increased affinity and selectivity for inosine in RNA.?*
Work is currently underway to sample broadly across this diversity of naturally occurring enzymes,
and initial screening experiments will directly compare EndoV homologs from each of the three
domains as well as different fungi, plants, and animals: 2 archaea organisms (Pyrobaculum
islandicum and Archaeoglobus fulgidus), 4 prokaryotic species (Thermotoga maritima, Thermus
thermophilius, Chloroflexus aurantiacus, and Escherichia coli as a baseline control), as well as 7
model eukaryotes (Schizosaccharomyces pombe, Arabidopsis thaliana, Caenorhabditis elegans,
Xenopus tropicalis, Gallus gallus, Mus musculus, and Homo sapiens). Assessing the binding
affinity of each EndoV isoform using microscale thermophoresis (MST) and performing functional
in vitro pulldown experiments using both ssRNA A and ssRNA | will enable us to quantify and
demonstrate any performance differences between enzyme variants.

Using the well characterized EndoV crystal structures from Thermotoga maritima® and Mus
musculus,®* we also identified 6 key residues that collectively form an “inosine-binding pocket”

(Tyr 80, Leu 85, GIn 112, His 116, lle 122, and Leu 142) (Figure 7.2a). Importantly, these residues
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Figure 7.2. EndoV engineering and evolution. a) Crystal structure of T. maritima EndoV highlighting
amino acids (green) that interact with inosine (red). b) EndoV selection using yeast display.
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are not directly involved in binding metal cofactors, and although these sites are conserved among
many species, they also can vary considerably across domains,?* and thus we hypothesize that
mutation at these positions could significantly alter binding affinity and selectivity. Current efforts
in our lab are devoted to generating a library of EndoV mutants from these residues, and

). We are

screening their affinity for inosine-containing RNA using yeast display (Figure 7.2b
also pursuing a directed evolution approach wherein each variant will be expressed on the surface
of a yeast cell and undergo both positive and negative selection with immobilized

oligonucleotides. Together, these efforts will ideally yield a highly selective and potent EndoV

scaffold for future use in inosine-detection platforms.

7.3 Deep RNA sequencing using an Optimized EndoVIPER Workflow

Despite tens of millions of potential editing sites, these events are quite rare in the context
of total cellular RNA (~0.01-<0.0001% of all nucleotides),>®> and it has been technically
challenging to comprehensively map these events using RNA-seq. Utilizing techniques that
improve the efficiency and sensitivity of A-to-l site identification, including EndoVIPER? or
microfluidics-based multiplex PCR sequencing,?’ will likely improve our ability to identify new
candidate sites. Using optimized EndoV variants, we plan to perform a series of large scale, high-
depth EndoVIPER-seq (100M+ reads/sample) experiments to explore and map of RNA editing
sites in human mRNA. Extensive efforts will then be devoted to identifying patterns between
different biological samples, as well as determining which sites are physiologically relevant or
implicated in disease. Surprisingly, there have also been very few studies focusing specifically on
A-to-l editing in small non-coding RNAs, including microRNAs and small interfering RNAs, which
have been demonstrated to both undergo editing as well as influence overall cellular behavior.®
%8 We similarly predict that our high-resolution protein-based detection platform will also identify

crucial editing sites in these transcript classes.
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7.4 Elucidating the Natural Function of EndoV in Humans

Although we successfully utilized EndoV for developing inosine-detection platforms
(Chapters 4 and 5), the biological functions of this enzyme in humans remain mysterious. EndoV
is present across all types of organisms, and while protein sequences are highly conserved across
different species, evolution has gradually shifted the functional roles of these enzymes in their
respective niches, and their biochemical preferences for different substrates have inexorably
changed.?*?*3" In bacteria, EndoV cleaves downstream of inosine lesions resulting from oxidative
damage in DNA to promote base excision repair.*? Despite this preference for DNA, previous
characterizations also showed that Escherichia coli EndoV (eEndoV) is both specific and active
toward inosine in single-stranded RNA (ssRNA).**3! In humans and other higher eukaryotes, this
substrate preference has interestingly shifted toward A-to-l edited RNA. Several groups
independently demonstrated that human EndoV is an inosine-specific ribonuclease and cleaves
A-to-l edited RNAs in vitro,**3! but recapitulating this activity in vivo has yielded confounding
results in that enzyme levels do not correlate with overall inosine abundance in RNA.* It is likely
that EndoV activity is regulated or suppressed in some way, and RNA structure may play a key
role in determining which transcripts are degraded by EndoV. Our explorations of EndoV also
relied heavily on controlling ionic conditions, with Ca?* and Mg?* dictating enzyme binding or
cleavage, respectively. Although it is easy to modulate this activity in vitro by changing cation
concentrations in different buffers, it is also interesting to speculate whether ion switching is
occurring in the cytosol to control EndoV activity. To our knowledge, it is unknown what proportion
of these different cations are complexed with EndoV in vivo, and characterizing these effects may
yield insight into how enzyme activity is regulated. Overall, EndoV has emerged as a powerful
molecular recognition platform for characterizing A-to-l editing, and determining its natural
biological functions in humans is an area of high interest in the RNA editing field. Elucidating these
roles are likely to yield critical information for understanding epitranscriptomics and its relationship

to RNA metabolism.
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7.5 Implementation of the EndoVLISA Bioassay

Profiling transcriptome-level A-to-l signatures is key to understanding how global editing
activity is regulated in different cell types. Similarly, these measurements are also emerging as a
key biomarker for several diseases, '8 33 put there are few methods available that can cheaply
and rapidly detect these changes. Protein-based platforms that do not rely on sequencing are
well poised for addressing both of these major pursuits, enabling facile characterization of global
editing changes as well as rapid diagnostic detection of disease-relevant epitranscriptomic
signatures.

Recent large-scale screens have identified a number of RNA-binding proteins that may
act as cis- and trans- regulators to influence A-to-l editing levels, and our EndoVLISA platform
would enable further validation of these potential hits. For example, skeletal muscle exhibits
especially low editing activity in humans, and this is explained in part by high expression of the
protein AIMP2, appears to facilitate rapid degradation of ADAR enzymes and negatively regulate
overall A-to-l editing levels.? Additionally, TDP-43, DROSHA, NF45/90 and Ro60 have also been
implicated in editing regulation, and interestingly influence these levels through a combination of
modulating ADAR1 expression, directly interacting with the enzyme, or binding Alu elements to
out-compete ADAR recognition.*® The EndoVLISA platform is well-suited to answer key questions
surrounding of this regulation of ADAR activity, and is highly compatible with overexpression and
knockout of these candidate proteins in model cell lines. CRISPR knockout screens are also of
interest with this assay and would facilitate discovery of new proteins that perturb global A-to-I
signatures in different cell and tissue types.

ADART1 overexpression and upregulation of editing activity is also a hallmark of cancer®*
% and autoimmune disease,** and we found that EndoVLISA could reliably detect these
changes in several cancer types from different human tissues (Chapter 5). Human brain
development and overall nervous system function are also reliant on A-to-l editing, and

malfunctions in this process have been implicated in epilepsy, amyotrophic lateral sclerosis,
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glioblastoma, schizophrenia, autism, and Alzheimer's disease. '>'" Deploying EndoVLISA to
these and other disease classes would be an interesting pursuit in applying our method for clinical
applications. Similarly, long-term plans include potential commercialization of this assay as well
as modifying its physical properties toward colorimetric or paper-based systems which would

enable instrument-free, point-of-care analysis.

7.6 Visualizing Global A-to-l Editing Patterns with EndoV Immunostaining

Immunostaining has provided significant insight into the mechanisms and functions of N°-
methyladenosine (m®A),*° but no comparable method exists for A-to-I editing. Building off of our
results in developing an immunoprecipitation (EndoVIPER) and immunosorbency assay
(EndoVLISA), we are very interested in leveraging EndoV binding in an immunostaining workflow
to enable spatial visualization of A-to-I RNA editing in human cells. Specifically, EndoV fused to
an affinity tag (e.g. maltose-binding protein, MBP) will be used to bind inosine-containing RNAs,
followed by staining with primary and secondary antibodies (Figure 7.3). Work is currently
underway to validate a full immunofluorescence workflow in fixed HEK293T cells having ADAR1
up- and downregulated, ideally demonstrating that signal generation is proportional to cellular
editing activity. Using secondary antibodies conjugated to different dyes (e.g. Alexa Fluor 647),

we will also explore the utility of our method with super-resolution imaging platforms, which will

®
2°Ab
AF647 ﬂ
anti-MBP Q" subcellular editing localization
1°Ab -- cell and tissue level regulation

—

=
EndoV .a

A-to-I edited RNA fluorescent microscopy

high-throughput drug screening
co-localization studies

Figure 7.3. EndoV immunostaining for visualizing A-to-] RNA editing. In a similar manner to the
EndoVLISA platform, edited transcripts can be immunstained with EndoV, anti-MBP primary antibody, and
a fluorophore-conjugated secondary antibody to enable high-resolution fluorescence microscopy.
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excitingly enable us to directly visualize subcellular editing dynamics with high precision. A
succcessful immunostaining workflow will also facilitate histological staining of tissue sections
using our method along with cell-type specific protein markers, providing a detailed portrait of
differential editing activity between different cells within the same tissue. Additionally, while
EndoVLISA is tractable for high-throughput drug screening, this approach may be more feasible
for testing very large compound libraries using automated image acquisition and analysis

pipelines.

7.7 Parallel Study of A-to-l Editing and Subcellular RNA Localization

RNA sequence, function, and translational efficiency are all actively modulated in the cell
though the localization and editing of transcripts.” *' These processes are essential for cellular
function and are dysregulated in many diseases, including neurodegenerative disorders and
cancers. For example, subcellular mRNA transport facilitates spatial control of protein synthesis
as well as regulation of cellular stress responses.***° RNA editing primarily influences cellular
immune activation,” “¢ but also has an important role in recoding protein sequences and
modulating overall gene expression levels."? 8 28 On their own, each of these processes are
critical for a number of cellular pathways, and recent studies have offered groundbreaking
evidence that RNA trafficking and RNA editing serve as synergistic mechanisms for mutually
regulating and influencing cellular function.® *"*° Despite their importance, significant gaps remain
in our understanding of the timing, mechanisms, regulation, and consequences of these events.
Methods have been reported that enable researchers to label and image specific RNAs in living
cells®' or sequence edited transcripts from cell lysates.®> However, significant technological
limitations still exist, and addressing these gaps holds promise for the development of new
therapeutics and diagnostics.

The Heemstra lab has developed a powerful method in which the aptamer sequence for

the fluorogenic dye malachite green (MG)*® is genetically fused to an RNA of interest, and addition
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Figure 7.4. Combining aptamer-based RNA tagging with EndoV pulldown enables identification of
isoform specific proteins. Malachite green (MG) diazirine functionalized with affinity handles (including
biotin or click-compatible groups) binds and covalently lables aptamer-tagged mRNA. Sequential pulldown
with streptavidin and EndoVIPER enables identification of isoform-specific RNA-protein interactions.

of MG-diazirine (MGD) followed by UV irradiation covalently attaches the dye to the RNA.>* Based
on this technology as well as our EndoV platforms, our lab is uniquely poised to address key
biological questions surrounding the relationship between RNA editing and RNA trafficking
dynamics. In particular, combination of our potential EndoV immunostaining workflow and our
aptamer-based imaging platform will enable us to explore the relationship between RNA editing
status and subcellular location.

Protein interactions facilitate biomolecule trafficking, and identifying transcript-specific
RNA-binding proteins is critical for understanding RNA localization mechanisms and their
relationship with epitranscriptomic modifications. A key advantage of our covalent labeling
approach is the ability to design probes containing affinity handles for isolating labeled transcripts
with high efficiency. We hypothesize that when combined with our existing EndoVIPER method,
this will enable identification of protein-RNA interactions that are induced or repressed upon A-to-
| editing. (Figure 7.4). Importantly, this sequential labeling and pulldown approach will enable

identification of isoform-specific RNA binding proteins as well as common interactors regardless
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of editing status. Initial efforts will validate the power of this technology, providing a foundation for
experiments aimed at discovering new protein binding partners responsible for editing-dependent

localization of cellular transcripts.

7.8 Directed Evolution of Deaminase Ribozymes for Site-Directed RNA Editing

Given the broad potential for recoding disease-causing protein mutations, site-directed A-to-
| RNA editing is an attractive therapeutic platform.*® This has been previously achieved through
fusion of ADAR deaminase domains to various RNA targeting systems, including BoxB-AN
hairpins,®® MS2 phage proteins,®” human effector proteins,®® and Cas9.*° Alternatively,
endogenous ADAR enzymes can be recruited to targets by introducing chemically modified guide
RNAs into cells that mimic natural ADAR recognition motifs.®®®® While significant progress has
been made in designing and implementing these constructs, both of these approaches are reliant
on incomplete knowledge concerning the basic mechanisms of how ADARSs interact with and edit
different RNA substrates. As a result, these platforms suffer from both low editing efficiency at
desired locations as well as promiscuous and dangerous off-target editing activity. Additionally,
these systems have significant limitations in delivering multiple large protein components or

plasmids to cells.

Based on our EndoV platform, we aim to develop a completely novel editing platform, and
propose an innovative approach to in vitro selection in which EndoV binding is used to enrich
ribozyme sequences capable of catalyzing adenosine deamination. The central premise for the
in vitro selection of functional nucleic acids is that given a large (generally ~10') pool of diverse
sequences, the likelihood is high that some sequences show the desired activity, and these can
be enriched through iterative rounds of selection and amplification. To generate adenosine
deaminase ribozymes using this process, we have designed the selection scheme outlined in

(Figure 7.5). We will begin with a DNA library having an N4 random region flanked by primer
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Figure 7.5. Selection of deaminase ribozymes using EndoVIPER.

binding sites, and this library will be amplified to generate double-stranded DNA (dsDNA) and
install a T7 promoter sequence. The dsDNA library will then be transcribed using T7 RNA
polymerase to generate a corresponding RNA library, and the “target A” substrate strand will be
attached using T4 RNA ligase. The ligated library will be incubated at 37 °C in buffer mimicking
intracellular salt concentrations to allow for the desired deamination reaction to take place. To
isolate the functional sequences, we intend to employ our EndoVIPER workflow as described in
the Chapter 4. Finally, we will perform RT-PCR using primers that are complementary to the
regions flanking the N4 library, as this will amplify the library portion and enable the attachment

of a new adenosine-containing target substrate strand.

The resulting RNA catalysts will not rely on synthetic or host ADAR machinery, and this is

anticipated to provide a safer and more specific method for site-directed RNA editing. Additionally,
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ribozymes combine both sequence targeting and catalytic activity into a single biomolecule, which
may lead to greater A-to-l editing efficiency than existing platforms that require RNA-protein
complexes. Finally, ribozymes (20-100 nt) are a fraction of the size of typical effector protein
fusion constructs (>4500 nt), enabling versatile multiplexed targeting and ease of delivery in viral
vectors.5® The proposed research represents the first fully orthogonal version of A-to-1 editing
machinery, and this is anticipated to offer a number of technological advantages over existing

methods.

7.9 Single-cell Profiling of A-to-l Editing

While the vast majority of sites reside in untranslated RNA regions and serve to regulate
cellular immune responses,® % % A-to-l editing also occurs in coding regions and directly alters
amino acid sequences to produce different protein isoforms.® These protein recoding events,
while rare, generate complexity and diversity in the cellular proteome. In particular, several

67-70

neurotransmitter receptors and ion channels”" require mRNA recoding for proper neuronal

activity, and dysregulation of this process is directly responsible for brain development

1314 glioblastoma,”® and neurodegeneration.’® 7 Overall editing activity also varies

disorders,
between different tissue and cell types, underscoring the vital role of A-to-I editing in creating
intercellular diversity and specialized tissue function.? ™ Interestingly, these recoding patterns
also change significantly during tissue development and are often required for stem cell
differentiation.? ">"° Despite this importance, the majority of studies characterizing A-to-l patterns
rely on bulk measurement methods, including Sanger or next-generation RNA sequencing, which
can only measure average RNA editing frequencies across large groups of pooled cells (Fig. 1b).
To achieve better resolution, different cell types can be sorted prior to RNA-seq, and these efforts

have confirmed that A-to-l recoding varies substantially between populations.®-%? However, these

approaches still rely on pooled populations and are unable to detect changes between individual
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cells. Another recent report analyzed a single-cell RNA-seq (scRNA-seq) dataset generated using
the Fluidigm®® platform and found that A-to-l activity can differ substantially between individual
cells of the same subtype,® further highlighting its importance for generating functional diversity
within tissues. However, scRNA-seq platforms that rely on well-based cell sorting, including
Fluidigm,® ICELLS,% Seg-Well,?® and sci-RNA-seq®, require high cost dispensing of individual
cells into plates which limits practical throughput to hundreds of cells per run. Presently, there are
no facile high-throughput approaches for profiling A-to-I RNA editing in individual cells. As a result,
our understanding of how A-to-I recoding actively contributes to tissue development and function
is limited, and the mechanisms by which these events regulate and influence the expression of
other genes is not well known. The ability to probe RNA editing frequencies at large scales and
single-cell resolution would dramatically improve our understanding of these key processes and

enable advances in diagnostic and therapeutic interventions.

Microfluidic technologies, including Drop-seq,® Chromium (10X Genomics),®

and inDrop
(1CellBio),” can routinely interrogate >10* cells, positioning these as the most powerful current
systems for scRNA-seq.”® In these assays, a single cell and a barcoded bead are co-
encapsulated in a ~1 nL droplet using a microfluidic chip. The cell is then lysed, enabling RNA
transcripts to bind to a bead decorated with oligonucleotide strands, each containing a unique
barcode sequence and a polyT primer that hybridizes to the 3’ polyA tails of mMRNA transcripts.
cDNA from single cells is then generated from each RNA transcript, PCR amplified, and subjected
to high-throughput sequencing. However, these methods require enzymatic tagmentation® to
prepare libraries for lllumina sequencing, and hence only retain a small “window” (~100 nt) of the
5’ or 3’ regions of the RNA molecule. While this is a suitable approach for identifying transcripts
and quantifying gene expression in single cells, this window omits the majority of the mRNA

sequence, including all putative A-to-l recoding sites (Figure 7.6a). An effective solution to this

problem is to position RNA editing events within the sequencing window using gene-specific
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Figure 7.6. Engineering Drop-seq beads to measure A-to-l recoding events in single cells. a)
Standard Drop-seq beads can only capture short sequencing windows from RNA termini, while custom
beads with sequence-specific probes detect A-to-l editing status within short read windows. b) Orthogonal
DMT and Lev 3’ protecting groups on reverse phosphoramidite monomers (deoxythymine, dT) enable c)
stepwise solid-phase synthesis of custom multiplexed beads with gene-specific capture strands (CS1, 2,
etc).

capture strand (CS) primers (Figure 7.6a). Towards profiling individual A-to-I recoding sites in
single cells, we envisioned the synthesis of Drop-seq beads containing multiple discrete capture
strands for site-specific quantification of RNA editing rates. Additionally, polyT strands on the bead
would simultaneously enable overall transcriptome characterization and identify potential
correlations between editing frequencies at specific sites and overall gene expression patterns.
Although seemingly simple, split-and-pool synthesis is required for creating bead barcode
sequences and unique molecular identifiers (UMIs) for each strand, and thus only one sequence
(usually either polyT or a single custom sequence) can be made per bead.®® We recently
developed a straightforward method for synthesizing multiplexed beads and demonstrated their

use for specific capture and sequencing of T-cell receptor mRNA isoforms.* In this approach,
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standard split-pool synthesis is first used to generate barcoded beads, which are then reacted
with defined mixtures of 5 phosphoramidite monomers containing orthogonal 3’ protecting
groups. In particular, the first monomer contains the standard dimethoxytrityl (DMT) cap, which is
removed under mildly acidic conditions. The second monomer contains a 2’-levulinyl (Lev) group,
which is stable under DMT acidic deprotection and can be orthogonally removed using aqueous
hydrazine (Figure 7.6b).**% Using defined mixtures of these monomers allows selective
deprotection of a portion of the barcoded strands and enables synthesis of a specific capture
sequence. Remaining DMT groups are removed, and the beads are again blocked with a
predefined mixture of DMT/Lev monomers, followed by selective deprotection and synthesis of
the next capture strand. This entire process is then repeated iteratively for each desired sequence
(Figure 7.6c).

As an biological target for single-cell profiling of RNA editing, myeloid leukemia is an
interesting context, which is a highly aggressive blood cancer that displays marked RNA editing
malfunctions.®> % Cancer is also an inherently heterogeneous disease, and probing the
epitranscriptomic activity of individual cells will shed light how these changes might contribute to
overall disease characteristics. This custom Drop-seq approach can be used to track individual
cell trajectories throughout myeloid differentiation and identify potential relationships between A-
to-I recoding events and changes in gene expression patterns. This paradigm presents a potential
new diagnostic tool for understanding cellular disease, and could provide the first high-throughput
profiling of RNA editing at the single-cell level to generate a high-resolution transcriptomic portrait
of myeloid cell differentiation in a leukemia model. This method is also a generalizable framework
for constructing multiplexed, user-defined Drop-seq beads for monitoring mRNA isoforms and
single-nucleotide changes in individual cells. This tool will likely find us for interrogating a
multitude of RNA editing events in nearly any biological context, offering a powerful new method

for linking epitranscriptomic changes with intercellular diversity.
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7.10 Improved Control over Glyoxal Caging and Decaging

In Chapter 6, we described the use of the covalent denaturant glyoxal as a means of
imparting thermoresponsive activity in variety of nucleic acid constructs. While this was effective
in reversibly controlling the activity of RNA, DNA, 2’ modified scaffolds, and XNAs, we were unable
to control the precise location of where glyoxal adducts were added. This will be crucial for
effectively controlling the structure and function of certain nucleobase constructs, and will require
creative solutions to implement this idea. As an example, we did explore glyoxal treatment of
mRNA and intended to apply this caging principle to reversibly inhibit expression of a GFP reporter
gene (Figure 7.7a) We interestingly found that caging was highly potent in inhibiting expression,

with < 30 seconds treatment time needed to completely ablate GFP production (Figure 7.7b).
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Figure 7.7. Glyoxal caging of mRNA for controlling gene expression. a) mMRNA encoding GFP can be
reversibly caged with glyoxal treatment. b) Increasing glyoxal treatment times inhibit GFP synthesis in a
cell free protein expression system. ¢) Minimally caged mRNA (30 seconds treatment time) was incubated
in PBS at pH 7.5 for the indicated time periods and then GFP expression was attempted in vitro.
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While inhibiting activity is important, the key step in our overall approach is restoring activity upon
thermal decaging. However, we found that we could not effectively regain gene expression
function, even after incubating minimally caged mRNA at pH 7.5 and 37 °C for several days. We
hypothesize that mMRNA may be especially difficult for this prospect because 1) even a single
adduct in the coding region would likely inhibit translation of a full protein, and 2) inherent mRNA
instability in decaging conditions may lead to significant drop in overall transcript levels.

To address this, a potential solution is to both reduce the overall amount of glyoxal adducts
introduced as well exert more control over where they are added. Similar to other lithography
techniques for nanotechnology applications, we envision that a majority of the mRNA molecule
can be “masked” with complementary DNA, resulting in glyoxal caging of a small portion of the

transcript (Figure 7.8).
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Figure 7.8. Regio-specific glyoxal caging using chemical lithography. Target mRNA can first be
“masked” using a complementary sequence, exposing only a small portion of the sequence for glyoxal
treatment and enabling faster decaging response.
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When considering the mechanism of glyoxal introduction, it also theoretically
possible for an enzyme to catalytically install glyoxal. Similarly, a ribozyme or DNAzyme
could be evolved to facilitate adduct formation, and when combined with site- or
sequence-specific targeting modalities, this could enable precise caging of individual
nucleobases in a genetically encodable manner. Lastly, a major limitation of our method
is the reliance on slow decaging from alkaline buffer conditions (Chapter 6). While this
predictable and tunable decaging is an advantage in many contexts, the ability to rapidly
remove glyoxal adducts and restore nucleic acid activity immediately would be a
transformative advance for this technology. Work is currently underway to derivatize
glyoxal to enable this, and we are currently exploring both small-molecule and light-

triggered release of caging groups.

7.11 Glyoxal Caging of Anti-Viral Drugs

In our earlier exploration of glyoxal (Chapter 6), we found that the reagent was able to
robustly react with adenosine (A), cytidine (C) and guanosine (G) nucleobases.?” Interestingly,
many anti-viral and chemotherapeutic drugs are based on these nucleobase scaffolds (Figure
7.9),® and we hypothesize that glyoxal addition onto these small-molecules will enable time-
release activation and improved therapeutic properties. Additionally, glyoxal can be chemically
derivatized to include click-compatible handles or attachment sites for secondary payloads, which
could expand the functionality of these small molecules. In particular, we have shown that
azidophenylglyoxal reacts similarly to glyoxal and could enable cell-specific targeting of these
drugs to alleviate cytotoxic off-target effects. Kethoxal-based scaffolds can be modified in a similar
manner,” and current work in our lab aims to explore these reagents to modulate nucleoside

analogue activity.
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Figure 7.9. Glyoxal caging of nucleoside analogue drugs. Canonical nucleosides guanosine,
adenosing, and cytidine shown with glyoxal addition products (red). Various candidate nucleoside analogue

drugs are shown in the bottom panel.
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Appendix A:

Omitted Data from Chapter 2

Chemical Labeling and Affinity Capture of Inosine-Containing RNAs Using

Acrylamidofluorescein
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Figure A3. ESI-MS spectrum of acrylamidofluorescein. Calculated (M+H)* for C23sH1sNOes 402.09776

Figure A4. Representative HPLC traces of ribonucleoside reactivity with acrylonitrile. All
chromatograms were monitored at 254nm. Blue = 0 hours, red = 1 hour, green = 8 hours, pink = 24 hours.

a) Inosine
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Figure A5. Representative HPLC traces of ribonucleoside reactivity with acrylamidofluorescein. All
chromatograms were monitored at 254nm. Blue = 0 hours, red = 1 hour, green = 8 hours, pink = 24 hours.
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g) Acrylamidofluorescein alone (no ribonucleoside)
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acrylonitrile.
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Figure A8. ESI-MS and MS/MS spectra of isolated product fraction for the reaction of inosine and
acrylamidofluorescein.
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Appendix B:

Omitted Data from Chapter 3

Chemical Profiling of A-to-1 RNA Editing Using a Click-Compatible Phenylacrylamide
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Figure B1. Representative HPLC traces of inosine reactivity with different acrylamide derivatives. Reaction
times (0-24 h) indicated by included legends. (Below).
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e) Inosine + N-hydroxyethylacrylamide
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Figure B2. 'H NMR spectrum of EPhAA (400 MHz, DMSO-d6).
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Figure B5. Representative HPLC traces of ribonucleoside reactivity with ethynylphenylacrylamide.
Reaction times (0-24 h) indicated by included legends. (Below).
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g) ethynylphenylacrylamide alone
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Figure B6. EPhAA reactivity with pseudouridine over 24 hours as monitored by HPLC. Values represent
mean with S.D. error bars (n = 3).
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Figure B9. Denaturing PAGE analysis of CUAAC reactions using an alkyne-functionalized DNA with and

without Cy5-Ns.
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Figure B10. Selectivity for inosine as a function of EPhAA labeling time. a) denaturing PAGE analysis of
RNA | and RNA A labeling reactions, showing both Cy5 fluorescence (red) and SYBR gold (green) staining.
b) Densitometric Cy5 intensity quantification of RNA | (pink) and RNA A (gray) and fold selectivity (A/I ratio,
blue). Values represent mean intensities (arbitrary units, A.U.) with S.D. error bars (n = 2).
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Figure B11. Initial deamination velocities for WT and E1008Q hADAR1 enzymes. Regression analysis for

linear portions of each editing curve. Values represent mean with S.D. error bars. Velocities represent mean
with 95% confidence intervals (n = 2).
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Appendix C:

Omitted Data from Chapter 4

Selective Enrichment of A-to-l Edited Transcripts from Cellular RNA
Using Endonuclease V
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Cy5 ssRNA |
v
Cy5 5 AAGCAGCAGGCUIUGUUAGAACAAU 3

+ Mg? + Ca?
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Figure C1. EndoV does not cleave RNA in the presence of Ca?*. Cy5 labeled ssRNA | (sequence shown
at top with cleavage site indicated by black arrow) was incubated with EndoV and either 10 mM MgzCl or
increasing amounts of CazCl as indicated. Cleavage is observed only in the presence of Mg?*. Reactions
were incubated at room temperature for 3 hours and resolved by 10 % denaturing PAGE.
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Figure C2. Effect of binding buffer ionic strength on EndoVIPER performance. a) Representative
PAGE analysis of initial (1), flowthrough (FT) and eluate (E) EndoVIPER fractions when tested with varying
concentrations of CaClz, NaCl, and KCI in binding buffer. b-c) Densitometric analysis of EndoVIPER
efficiency and selectivity as a function of NaCl concentration. Values represent mean with standard

deviation. (n = 2)
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Figure C3. Reduced ionic strength buffer (19 mM Tris, 100 mM NaCl, 1mM CacClz, pH 7.4 does not
alleviate eEndoV structural binding preferences toward ssRNA. Using buffer formulations from Fig
S1, we performed MST analysis of eEndoV binding affinity towards a) dsRNA A and b) dsRNA | targets.
Values represent mean with standard deviation. (n = 3) c) Representative PAGE analysis of initial (l),
flowthrough (FT) and eluate (E) EndoVIPER fractions when tested with various dsRNA targets. d)
Densitometric analysis of EndoVIPER efficiency for dsRNA targets. Values represent mean with standard
deviation (n = 2). Unpaired t-test was performed for all samples against ssRNA | pulldowns showing
significantly different yields (** denotes p = 0.0045 for all comparisons).
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Figure C4. Glyoxal reversibly reacts with guanine residues on RNA and disrupts secondary
structure. a) Oligoribonucleotide test sequences with glyoxalated guanosine residues (G*) and 20% PAGE
analysis of reactions ssRNAs with glyoxal illustrating upward molecular weight gel shift. b) Kinetic analysis
of glyoxal deprotection conditions. 10pmol of a glyoxalated ssRNA was incubated at 95 °C for the indicated
time periods and analyzed with 20% PAGE.
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Figure C5. Glyoxal treatment is compatible with EndoVIPER. a) MST analysis of eEndoV binding affinity
towards glyoxal treated and unmodified ssRNA A and ssRNA |. Values represent mean with standard
deviation. Ks denotes mean with 95% confidence interval (n = 3). b) Representative PAGE analysis of initial
(), flowthrough (FT) and eluate (E) EndoVIPER fractions when tested with increasing concentrations of
eEndoV against glyoxal-treated ssRNA targets. c-d) Densitometric analysis of EndoVIPER efficiency and
selectivity for glyoxal-treated ssRNA targets. Values represent mean with standard deviation. (n = 2)
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Figure C6. Glyoxal treatment with EndoVIPER enables robust binding and pulldown efficiency in
RNAs with high degrees of secondary structure. a) Schematic of test hairpin RNA | substrate (hnRNA )
labeled with Cy5, and b) NUPACK analysis illustrating calculated secondary structure and melting
temperature. Inosine site is indicated by the red arrow. c) Glyoxal treatment disrupts secondary structure
formation, unfolding the hairpin and providing access for inosine binding and recognition. d) Representative
PAGE analysis of initial (1), flowthrough (FT) and eluate (E) EndoVIPER fractions when tested with glyoxal-
treated or unmodified hRNA | targets. e) Densitometric analysis of EndoVIPER efficiency for glyoxal-treated
or unmodified hRNA | targets. Values represent mean (n = 2) with standard deviation. Unpaired t-test was
performed between untreated and glyoxal pulldowns (** denotes p = 0.004). f) MST analysis of eEndoV
binding affinity towards glyoxal treated or unmodified hRNA I. Values represent mean with standard
deviation. Ks denotes mean with 95% confidence interval (n = 3).
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Figure C7. Minimal binding bias when using EndoVIPER on a G heavy RNA substrate. a) “G heavy”
oligoribonucleotide test sequence (G ssRNA I) with glyoxalated G nucleotides (G*) highlighted surrounding
an inosine site (red arrow). b) Representative PAGE analysis of initial (1), flowthrough (FT) and eluate (E)
EndoVIPER fractions when tested with glyoxal-treated ssRNA | or G ssRNA | targets. c) Densitometric
analysis of EndoVIPER efficiency for glyoxal-treated targets. Values represent mean (n = 2) with standard
deviation. Unpaired t-test was performed between ssRNA | and G ssRNA | pulldowns (“ns” denotes no
significant difference). d) MST analysis of eEndoV binding affinity towards glyoxal treated ssRNA | or G
ssRNA | targets. Values represent mean with standard deviation. K4 denotes mean with 95% confidence
interval (n = 3).



a [FU]
B
. Ay
initial (untreated) 10 ' JL ! i
; /ﬂJL\, < gl x
I I | I
25 500 2000 4000 [nt]
b [FU]+

fragmented input

20 /
(before EndoVIPER) 0_4M \k
2|5 2(|)0I 10100 I 40|00 [nt]
¢ [FU]
pulldown 49
(after EndoVIPER) E:WILHW_M%M“WW
2I5 2(IJO I 10100 I 40100 [nt]

269

Figure C8. Characterizing RNA size distribution in both input and EndoVIPER pulldowns. Size
distribution traces of human brain mRNA used in EndoVIPER and RNA-seq. Initial starting material
(untreated) was assessed to confirm material was intact and not degraded. mRNA was then fragmented
for ~1 minute at 94 °C with NEBNext® Magnesium RNA Fragmentation module (New England Biolabs) and
assessed for size. Material collected as output from EndoVIPER pulldown was also assessed for size.
Traces were obtained on an Agilent 2100 bioanalyzer using RNA 6000 Pico Kit (Agilent).
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Figure C9. Glyoxal treatment of mRNA is fully reversible and does not effect RT or PCR
performance. a) PCR amplicons were generated to target known editing sites in both GRIA2 and KCNA1
mRNA transcripts. b) Untreated as well as glyoxal denatured and fully deprotected human brain mMRNA was
reverse transcribed and PCR amplified using gene specific primers for both GRIA2 and KCNA1. Amplicons
were monitored using real-time PCR to determine cycle threshold (Ct) and overall performance. Traces
were generated using a LightCycler® 96 instrument (Roche). ¢) Amplified DNA was purified and analyzed
by 1% agarose gel to assess amplicon purity.
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KCNA1 (continued)
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Figure C10. Glyoxal treatment of mRNA is reversible and does not affect sequencing performance.
Purified RT-PCR amplicons for both GRIA2 and KCNA1 were subjected to Sanger sequencing.
Representative traces were visualized and compared using SnapGene Viewer.
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Figure C11. Glyoxal treatment of mRNA is reversible and does not affect detection of A-to-l editing.
Known protein recoding editing sites (yellow) in both GRIA2 and KCNA1 mRNA transcripts are visible in
Sanger traces regardless of glyoxal treatment and removal.



275

154

10-"
s

R2 =0.0045

Fold Enrichment

1 10 100 1000 10000
Coverage (reads)

Figure C12. Semi-log scatter plot of transcript abundance vs fold enrichment. All enriched sites found
in RNA-seq replicates (n = 31,309 sites) were plotted against fold enrichment scores. Semi-log regression
(black dashed line) was calculated using GraphPad Prism 8.
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Figure C13. EndoVIPER-seq enhances detection of edited transcript isoforms. Detection of “edited”
reads in upregulated RNA editing sites of interest in a) brain development (462 sites), b) autism spectrum
disorder (403 sites), c) schizophrenia (115 sites) and d) protein recoding events in glioblastoma (31 sites).
Edited reads were calculated from total read coverage and calculated editing rate at each site. Heatmap
columns display both replicate datasets for RNA-seq and EndoVIPER samples, and each row denotes an
individual site and scaled to illustrates low (blue) and high (red) read coverage between groups.
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Appendix D:

Omitted Data from Chapter 5

Direct Inmunodetection of Global A-to-l RNA Editing Activity

with a Chemiluminescent Bioassay
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Figure D1. Microscale thermophoresis (MST) can detect binding of EndoV to inosine-containing
RNA. a) Overall principle of MST detection, wherein a fluorophore-tagged ligand (RNA containing inosine)
undergoes changes in mobility, solvation, and fluorescent intensity upon binding to a larger protein (EndoV).
b) Representative MST data in the unbound (gray) and bound state (red). Binding events can be monitored
and quantified as changes in normalized fluorescence (Fnorm) when a temperature gradient is applied to the
sample over time.



279

a
o} o)
N 6% glyoxal N OH
o NH 50:50 DMSO:H,0 o N/<\
o </N | P Vi ooe o) </N | A )—on
] o) N NH, + O/ —_— N o N u
O OH O OH
nndnns nrdnans
guanosine in RNA glyoxal N, N2-dihydroxyguanosine (G*)
b EndoV
sagly

R Y-
L%

’-;’;}\ O
glyoxal treatment ¢/ o ) C /W
o S S — AT\

inosine in dsRNA inosine in unstructured ssRNA
poor EndoV binding efficient EndoV binding

Figure D2. Glyoxal denaturation eliminates secondary structure in RNA and enhances EndoV
binding. a) Schematic and reaction conditions for covalent glyoxal addition onto the Watson—Crick—
Franklin face of guanosine residues, forming a N',N?-dihydroxyguanosine adduct. b) EndoV binds poorly
to inosine residing in highly structured dsRNA. Glyoxal potently disrupts RNA secondary structure and does
not react with inosine, enabling efficient EndoV binding.
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Figure D3. Proposed initial workflow for detecting global A-to-l editing activity in cellular RNA using
MST. a) To measure inosine content, cellular RNA is first fragmented into smaller strands, followed by
sequential denaturation and fluorescent labeling. To label each strand, b) Cy5 hydrazide is used in
combination with c) oxidation of 3" OH groups using sodium metaperiodate (NalOa), glyoxal denaturation,
and coupling of Cy5 hydrazide onto the 3’ dialdehyde. d) 20% denaturing PAGE analysis illustrating an
unmodified (unmodified) test RNA strand sequentially treated with NalOa4, glyoxal and Cy5-hydrazide.
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Figure D4. Titrating Cy5-labeled RNA for MST detection. Increasing total amounts of Cy5-labeled RNA
| (ng, x-axis) was added to 10 pl of 1X buffer (19 mM Tris, 137 mM NaCl, 3 mM KCI, 5 mM CaCl2, 15 yM
EDTA, 150 yM DTT, 0.025% Triton X-100, 30 ug/mL BSA, 7% glycerol, pH 7.4.). Samples were then loaded
into standard MST capillaries (Nanotemper) and scanned using a Nanotemper Monolith instrument at 5%
laser intensity power. Peaks represent raw fluorescence values and capillary shape scans obtained directly
from Monolith software. Blank sample contains only buffer.
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Figure D5. Measuring selectivity of EndoV for inosine-containing RNAs. a) Sequence of test RNA
strands with 3’ Cy5 label. X indicates position of A or |. b) MST analysis of RNA | and RNA A binding to
increasing amounts of EndoV. AFnom is calculated by subtracting the blank (no EndoV) raw normalized
fluorescence value (From) from the from each test sample. Values represent mean (n = 3) and error bars
denote S.D. c) Fold selectivity is calculated as the average AFnom of I/A for each EndoV concentration.
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Figure D6. Measuring sensitivity of EndoV for detecting decreasing amounts of inosine by MST.
RNA A and RNA | (10 ng total) were mixed in different ratios according to the table, combined with 100 nM
EndoV, and analyzed with MST. AFnom is calculated by subtracting the blank (no EndoV) raw normalized
fluorescence value (From) from the from each test sample. Values represent mean (n = 3) and error bars
denote S.D.
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Figure D7. Estimated RNA immobilization capacity onto streptavidin-coated plates. A 24 nt RNA |
strand was Cy5 labeled, glyoxal denatured, and treated with and without biotin hydrazide labeling.
Increasing amounts (0 — 40 pmol) of strand were loaded to each well of a 96-well streptavidin coated plate
and incubated at room temperature for 1 hour with gentle shaking. Each well was then washed three times
and fluorescence was measured using a BioTek Cytation 5 plate reader. Values represent net relative
fluorescence units (RFU, arbitrary units) calculated by subtracting appropriate blank wells (no RNA). Values
represent mean with standard deviation (n = 3).
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Figure D8. Conditional screen to optimize EndoVLISA linearity using EndoV-MBP at 1:500. In
duplicate, different amounts of biotinylated, glyoxal-denatured RNA | strand (0, 0.1 and 2 pmol) were
immobilized in white streptavidin-coated 96-well plates and then incubated with a solution of EndoV-MBP
fusion protein at 1:500 in 1X buffer (20 mM Tris, 100 mM NaCl, 1 mM CaClz, 0.05% Tw 20, pH 7.5). Different
combinations of MBP-targeting 1° antibody (1:1000 — 1:8000) and 2° HRP-conjugated antibody (1:10,000
— 1:40,000) were then used to probe the plate. SuperSignal™ ELISA Pico chemiluminescent substrate
(Thermo Fisher Scientific) was then added to each well and allowed to incubate with shaking for 1 minute,
followed by luminescent measurement using a BioTek Cytation 5 plate reader. Values represent net relative
luminescent units (RLU, arbitrary units) calculated by subtracting appropriate blank wells (no RNA) from
each set. Data points represent mean (n = 2) and error bars denote 95% confidence intervals. Dashed line
indicates simple linear regression estimation, and pearson correlation coefficients ( r ) were calculated in
GraphPad Prism.
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Figure D9. Conditional screen to optimize EndoVLISA linearity using EndoV-MBP at 1:1000. In
duplicate, different amounts of biotinylated, glyoxal-denatured RNA | strand (0, 0.1 and 2 pmol) were
immobilized in white streptavidin-coated 96-well plates and then incubated with a solution of EndoV-MBP
fusion protein at 1:1000 in 1X buffer (20 mM Tris, 100 mM NaCl, 1 mM CaClz, 0.05% Tw 20, pH 7.5).
Different combinations of MBP-targeting 1° antibody (1:1000 — 1:8000) and 2° HRP-conjugated antibody
(1:10,000 — 1:40,000) were then used to probe the plate. SuperSignal™ ELISA Pico chemiluminescent
substrate (Thermo Fisher Scientific) was then added to each well and allowed to incubate with shaking for
1 minute, followed by luminescent measurement using a BioTek Cytation 5 plate reader. Values represent
net relative luminescent units (RLU, arbitrary units) calculated by subtracting appropriate blank wells (no
RNA) from each set. Data points represent mean (n = 2) and error bars denote 95% confidence intervals.
Dashed line indicates simple linear regression estimation, and pearson correlation coefficients ( r ) were
calculated in GraphPad Prism.
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Figure D10. Conditional screen to optimize EndoVLISA linearity using EndoV-MBP at 1:2000. In
duplicate, different amounts of biotinylated, glyoxal-denatured RNA | strand (0, 0.1 and 2 pmol) were
immobilized in white streptavidin-coated 96-well plates and then incubated with a solution of EndoV-MBP
fusion protein at 1:2000 in 1X buffer (20 mM Tris, 100 mM NaCl, 1 mM CaClz, 0.05% Tw 20, pH 7.5).
Different combinations of MBP-targeting 1° antibody (1:1000 — 1:8000) and 2° HRP-conjugated antibody
(1:10,000 — 1:40,000) were then used to probe the plate. SuperSignal™ ELISA Pico chemiluminescent
substrate (Thermo Fisher Scientific) was then added to each well and allowed to incubate with shaking for
1 minute, followed by luminescent measurement using a BioTek Cytation 5 plate reader. Values represent
net relative luminescent units (RLU, arbitrary units) calculated by subtracting appropriate blank wells (no
RNA) from each set. Data points represent mean (n = 2) and error bars denote 95% confidence intervals.
Dashed line indicates simple linear regression estimation, and pearson correlation coefficients ( r ) were
calculated in GraphPad Prism.
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Figure D11. Conditional screen to optimize EndoVLISA selectivity using EndoV-MBP at 1:500. In
duplicate, 2 pmol of biotinylated, glyoxal-denatured RNA A (blue) or RNA | (red) strand were immobilized
in white streptavidin-coated 96-well plates and then incubated with a solution of EndoV-MBP fusion protein
at 1:500 in 1X buffer (20 mM Tris, 100 mM NaCl, 1 mM CaClz, 0.05% Tw 20, pH 7.5). Different combinations
of MBP-targeting 1° antibody (1:1000 — 1:8000) and 2° HRP-conjugated antibody (1:10,000 — 1:40,000)
were then used to probe the plate. SuperSignal™ ELISA Pico chemiluminescent substrate (Thermo Fisher
Scientific) was then added to each well and allowed to incubate with shaking for 1 minute, followed by
luminescent measurement using a BioTek Cytation 5 plate reader. Values represent net relative
luminescent units (RLU, arbitrary units) calculated by subtracting appropriate blank wells (no RNA) from
each set. Data points represent mean (n = 2) and error bars denote 95% confidence intervals.
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Figure D12. Conditional screen to optimize EndoVLISA selectivity using EndoV-MBP at 1:1000. In
duplicate, 2 pmol of biotinylated, glyoxal-denatured RNA A (blue) or RNA | (red) strand were immobilized
in white streptavidin-coated 96-well plates and then incubated with a solution of EndoV-MBP fusion protein
at 1:1000 in 1X buffer (20 mM Tris, 100 mM NaCl, 1 mM CaClz, 0.05% Tw 20, pH 7.5). Different
combinations of MBP-targeting 1° antibody (1:1000 — 1:8000) and 2° HRP-conjugated antibody (1:10,000
— 1:40,000) were then used to probe the plate. SuperSignal™ ELISA Pico chemiluminescent substrate
(Thermo Fisher Scientific) was then added to each well and allowed to incubate with shaking for 1 minute,
followed by luminescent measurement using a BioTek Cytation 5 plate reader. Values represent net relative
luminescent units (RLU, arbitrary units) calculated by subtracting appropriate blank wells (no RNA) from
each set. Datapoints represent mean (n = 2) and error bars denote 95% confidence intervals.
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Figure D13. Conditional screen to optimize EndoVLISA selectivity using EndoV-MBP at 1:2000. In
duplicate, 2 pmol of biotinylated, glyoxal-denatured RNA A (blue) or RNA | (red) strand were immobilized
in white streptavidin-coated 96-well plates and then incubated with a solution of EndoV-MBP fusion protein
at 1:2000 in 1X buffer (20 mM Tris, 100 mM NaCl, 1 mM CaClz, 0.05% Tw 20, pH 7.5). Different
combinations of MBP-targeting 1° antibody (1:1000 — 1:8000) and 2° HRP-conjugated antibody (1:10,000
— 1:40,000) were then used to probe the plate. SuperSignal™ ELISA Pico chemiluminescent substrate
(Thermo Fisher Scientific) was then added to each well and allowed to incubate with shaking for 1 minute,
followed by luminescent measurement using a BioTek Cytation 5 plate reader. Values represent net relative
luminescent units (RLU, arbitrary units) calculated by subtracting appropriate blank wells (no RNA) from
each set. Data points represent mean (n = 2) and error bars denote 95% confidence intervals.



EndoV wab | zHRe | G| selectivity
1:1000 1:1000 1:20K 0.046 101.467
1:1000 1:4000 1:40K 0.0538 80.568
1:500 1:1000 1:20K 0.0423 75.596
1:1000 1:2000 1:40K 0.0303 51.554
1:500 1:2000 1:40K 0.0356 35.459
1:1000 1:1000 1:40K 0.0347 24.508

Table D1. Summary of top-performing EndoVLISA component combinations.
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Figure D14. Linearity and sensitivity in detecting inosine. Decreasing amounts of biotinylated, glyoxal-
denatured RNA | strand were immobilized in white streptavidin-coated 96-well plates and then incubated
with a solution of EndoV-MBP fusion protein at 1:1000 in 1X buffer (20 mM Tris, 100 mM NaCl, 1 mM CaClz,
0.05% Tw 20, pH 7.5). Wells were then probed with MBP-targeting 1° antibody (1:1000) and 2° HRP-
conjugated antibody (1:20,000), and then SuperSignal™ ELISA Pico chemiluminescent substrate (Thermo
Fisher Scientific) was then added to each well and allowed to incubate with shaking for 1 minute, followed
by luminescent measurement using a BioTek Cytation 5 plate reader. Full RNA | standard curve in a) linear
and b) logz scale. c) Partial standard curve (RNA | <1 pmol) in linear scale. Linear regression (black dashed
line), R2 and pearson (r) correlation (**** denotes p < 0.0001) were computed in Prism. d) Partial standard
curve (RNA | < 0.125 pmol) in logz scale to estimate limit of detection above blank. All values represent net
relative luminescent units (RLU, arbitrary units) calculated by subtracting blank wells (no RNA). Data points
represent mean (n = 3) and error bars denote 95% confidence intervals.
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Figure D15. Testing 2° antibody-HRP concentrations with a high-sensitivity SuperSignal™ West
Atto chemiluminescent substrate. Decreasing amounts of biotinylated, glyoxal-denatured RNA | strand
were immobilized in white streptavidin-coated 96-well plates and then incubated with a solution of EndoV-
MBP fusion protein at 1:1000 in 1X buffer (20 mM Tris, 100 mM NaCl, 1 mM CaClz, 0.05% Tw 20, pH 7.5).
Wells were then probed with MBP-targeting 1° antibody (1:1000) and different amounts of 2° HRP-
conjugated antibody (1:20,000-160,000), and then SuperSignal™ West Atto chemiluminescent substrate
(Thermo Fisher Scientific) was then added to each well and allowed to incubate with shaking for 1 minute,
followed by luminescent measurement using a BioTek Cytation 5 plate reader. Values represent net relative
luminescent units (RLU, arbitrary units) calculated by subtracting appropriate blank wells (no RNA) from
each set. Datapoints represent mean (n = 3) and error bars denote 95% confidence intervals.
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Figure D16. Linearity and sensitivity of EndoVLISA with 1:40,000 2° antibody-HRP and high-
sensitivity SuperSignal™ West Atto chemiluminescent substrate. a) Full RNA | standard curve in linear
scale. Linear regression (black dashed line), R? and pearson (r) correlation (**** denotes p < 0.0001) were
computed in Prism. b) Partial standard curve (RNA | < 0.125 pmol) in logz scale to estimate limit of detection
above blank. All values represent net relative luminescent units (RLU, arbitrary units) calculated by
subtracting blank wells (no RNA). Data points represent mean (n = 3) and error bars denote 95% confidence
intervals.
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Figure D17. EndoVLISA performance in the presence of mMRNA. Decreasing amounts RNA | strand was
mixed with 1 pg in vitro transcribed mMRNA and then glyoxal denatured and biotinylated. Samples were then
immobilized in white streptavidin-coated 96-well plates and incubated with a solution of EndoV-MBP fusion
protein at 1:1000 in 1X buffer (20 mM Tris, 100 mM NaCl, 1 mM CaClz, 0.05% Tw 20, pH 7.5). Wells were
then probed with MBP-targeting 1° antibody (1:1000) and 2° HRP-conjugated antibody (1:40,000), and then
SuperSignal™ West Atto chemiluminescent substrate (Thermo Fisher Scientific) was then added to each
well and allowed to incubate with shaking for 1 minute, followed by luminescent measurement using a
BioTek Cytation 5 plate reader. Values represent net relative luminescent units (RLU, arbitrary units)
calculated by subtracting appropriate blank wells (no RNA) from each set. Data points represent mean (n
= 3) and error bars denote 95% confidence intervals.
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Figure D18. Inosine detection using LC/MS. a) Chromatography trace of inosine. 1 nmol inosine in water
was separated using an Atlantis T3 column and total ion count (TIC) monitored over time. b) Mass spectrum
of separated inosine (6.2 — 6.3 min retention time), with both the parent and fragment ion detected. Y axis
denotes TIC values.
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Figure D19. Inosine detection sensitivity using LC/MS. Decreasing amounts of inosine ribonucleoside
was injected and analyzed by LC/MS. a) Full and b) partial (inosine < 100 pmol) standard curve in log1o
scale. All values represent ion abundance counts from raw spectra. Data points represent mean (n = 3)
and error bars denote 95% confidence intervals. Mass spectrum of inosine (6.2 — 6.3 min retention time)
was used to quantify abundance of the parent ion (m/z 269).
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Figure D20. Chromatographic separation of ribonucleosides using LC/MS. 1 nmol of each
ribonucleoside in water was separated using an Atlantis T3 column and total ion count (TIC) monitored over
time.
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Figure D21. Inosine detection sensitivity in complex mixtures using LC/MS. Decreasing amounts of
inosine ribonucleoside was spiked into 1 ug of an equimolar mixture of A, U, C, G, m°A and PsU and then
injected and analyzed by LC/MS. a) Full and b) partial (inosine < 100 pmol) standard curve in log1o scale.
All values represent ion abundance counts from raw spectra. Data points represent mean (n = 3) and error
bars denote 95% confidence intervals. Mass spectrum of inosine (6.2 — 6.3 min retention time) was used
to quantify abundance of the parent ion (m/z 269).
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Figure D22. Overall editing activity in cell lines. Global A-to-l rates in 1147 different cell lines were
estimated from RNA-seq datasets using the Alu Editing Index (AEI) and correlated with ADAR1 expression
levels (reads per kilobase of transcript, per million mapped reads, RPKM). Reproduced in GraphPad
Prism using data in supplementary table 4 from ref 75. Red dot indicates position of HEK293T
cell line.
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Figure D23. Increased ADAR1 expression in transfected HEK293T cells. Whole cell lysate was
collected from HEK293T cells treated with increasing amounts of a GFP-ADAR1p110 plasmid. In triplicate,
20 pl of lysate was loaded into 384-well black plates and measured using a BioTek Cytation 5 plate reader
using excitation at 488 nm and emission at 509 nm. Values represent mean (n = 3 wells) and error bars
denote S.D. Net relative fluorescence units (RFU, arbitrary units) is calculated by subtracting blank values

(lysis buffer).
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Figure D24. Quantifying inosine levels in HEK293Tcells overexpressing ADAR1. mRNA was isolated
from HEK293T cells treated with increasing amounts of a GFP-ADAR1p110 plasmid. mRNA was then
biotinylated, glyoxal-denatured, and then 1 pg was immobilized in each well of a white streptavidin-coated
96-well plate. Wells were then probed with a 1:1000 EndoV-MBP solution followed by MBP-targeting 1°
antibody (1:1000) and 2° HRP-conjugated antibody (1:40,000). SuperSignal™ West Atto chemiluminescent
substrate was then added to each well and allowed to incubate with shaking for 1 minute, followed by
luminescent measurement using a BioTek Cytation 5 plate reader. Inosine (pmol/ug mRNA) was calculated
based off a standard curve containing known concentrations of RNA | control strand (0-2 pmol) mixed with
1 ug in vitro transcribed mRNA. Values represent net relative luminescent units (RLU, arbitrary units)
calculated by subtracting appropriate blank wells (no RNA) from each set. Data points represent individual
values from each well (n = 3 for each treatment group).
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Figure D25. Comparing RNA-seq (Alu editing index, AEl) and EndoVLISA in detecting increased
RNA editing signatures. Average AEI and EndoVLISA signal (net relative luminescent units, Net RLU)
were plotted for each transfection amount (0, 0.31, 0.62, 1.25, 2.5 ng/uL plasmid). Values represent means
from triplicate experiments. Linear regression (black dashed line), R?> and pearson (r) correlation (* denotes
p < 0.05) were computed in Prism.
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Component Product (vendor and SKU) Unit Price ($) Price per sample ($)
librar SMARTer® Stranded Total RNA
re aratign kit Sample Prep Kit - Low Input Mammalian $2895.00 $120.63
prep 24 reactions, (Takara Bio 634861)
Sequencing NextSeq 500/550 High Output Kit v2.5 "
flow cell 300 Cycles (Illumina 20024908) $4867.00 $304.19

Total $419.15

Table D2. Components needed for RNA-seq analysis of A-to-l editing. *Price per sample is variable
depending on multiplexing in RNA-seq on the same flow cell (16 samples were used in this study).

Component Product (vendor and SKU) Unit Price ($) Price per sample* ($)
Biotin label Bio“”'dPi?a‘;%dgazgj%gﬁ)grpg (Sigma $257.00 $0.05
e | StemaEnsenstc ek | 100
EndoV Regﬁggw:gijgggl\/&ﬂ'\gg(%gew $76.00 $0.30
1° antibody A“ti"\éﬁgplg’r'lzngggnbas',AErgg’,o?;Sy)(NeW $181.00 $0.72
20 HRP Goat anti-MoAl:ﬁi%(l)%(;’ (HHI;;) Secondary $204.00 $0.08
Swsrae | SigErSen westato e | s400.00 5040

Total $2.00

Table D3. Components needed for EndoVLISA detection of A-to-l editing. *Calculated based on
necessary amounts for processing 1 ug of mMRNA and performing EndoVLISA detection in one-well of a 96-

well plate.
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Figure D26. Quantifying inosine levels in mRNA isolated from human tissue. Purified mRNA from the
indicated tissues was purchased from Takara Bio and then biotinylated and glyoxal-denatured. 500 ng was
immobilized in each well of a white streptavidin-coated 96-well plate, and wells were then probed with a
1:1000 EndoV-MBP solution followed by MBP-targeting 1° antibody (1:1000) and 2° HRP-conjugated
antibody (1:40,000). SuperSignal™ West Atto chemiluminescent substrate was then added to each well
and allowed to incubate with shaking for 1 minute, followed by luminescent measurement using a BioTek
Cytation 5 plate reader. Inosine (pmol/ug mMRNA) was calculated based off a standard curve containing
known concentrations of RNA | control strand (0-2 pmol) mixed with 500 ng in vitro transcribed mRNA. Data
points represent individual values from each well (n = 3 for each sample).
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Appendix E:

Omitted Data from Chapter 6

Thermoreversible Control of Nucleic Acid Structure and Function with Glyoxal Caging
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Figure E1. Decaging kinetics of a fully glyoxalated DNA strand at 95 °C with increasing pH. a)
Representative images of decaging with 20% PAGE analysis. 20 pmol of a fully caged DNA strand was
incubated at 95 °C for the indicated times and immediately loaded onto a 20% polyacrylamide gel. b)
Densitometric quantification of caging as a function of time. Values represent mean (n = 2) normalized
percentages versus band intensity of an untreated DNA control. Error bars denote standard deviation.
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Figure E2. Decaging kinetics of a fully glyoxalated DNA strand at 70 °C with increasing pH. a)
Representative images of decaging with 20% PAGE analysis. 20 pmol of a fully caged DNA strand was
incubated at 70 °C for the indicated times and immediately loaded onto a 20% polyacrylamide gel. b)
Densitometric quantification of caging as a function of time. Values represent mean (n = 2) normalized
percentages versus band intensity of an untreated DNA control. Error bars denote standard deviation.
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Figure E3. Decaging kinetics of a fully glyoxalated DNA strand at 50 °C with increasing pH. a)
Representative images of decaging with 20% PAGE analysis. 20 pmol of a fully caged DNA strand was
incubated at 50 °C for the indicated times and immediately loaded onto a 20% polyacrylamide gel. b)
Densitometric quantification of caging as a function of time. Values represent mean (n = 2) normalized
percentages versus band intensity of an untreated DNA control. Error bars denote standard deviation.
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Figure E4. Decaging kinetics of a fully glyoxalated DNA strand at 37 °C with increasing pH. a)
Representative images of decaging with 20% PAGE analysis. 20 pmol of a fully caged DNA strand was
incubated at 37 °C for the indicated times and immediately loaded onto a 20% polyacrylamide gel. b)
Densitometric quantification of caging as a function of time. Values represent mean (n = 2) normalized
percentages versus band intensity of an untreated DNA control. Error bars denote standard deviation.
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Figure E5. Room temperature stability of a glyoxalated DNA strand with increasing pH. a)
Representative images of decaging with 20% PAGE analysis. 20 pmol of a fully caged DNA strand was
incubated at room temperature for the indicated times and immediately loaded onto a 20% polyacrylamide

gel. b) Densitometric quantification of caging as a function of time. Values represent mean (n

:2)

normalized percentages versus band intensity of the fully caged DNA strand at T = 0 hours. Error bars

denote standard deviation.
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Figure E6. Fluorogenic performance of the broccoli RNA aptamer with increasing caging times. a)
20% PAGE analysis of broccoli RNA aptamer (104nt) after various amounts of glyoxal caging, illustrating
an increase in apparent molecular weight. b,c) Functional performance of broccoli aptamers with increasing
degrees of caging, demonstrating that only partial glyoxalation (5—-10 minutes) is necessary to ablate
fluorogenic activity.



311

a decaging time
|
(<) untr. Om 30s 1Tm 2m 5m 10m 20m
- . aeaa -
b (<) untr. Om 30s 1Tm 2m 5m 10m 20m
C
o0Q 1.0 g
0.8 3
o© 0.6 g
0.4 S
0.2 §
1 @
710.02 &
s
-0.00
RPN
Q, Q Q Q
, \@@ SIS & ARSI

Figure E7. Restoration of fluorogenic activity in a caged broccoli RNA aptamer as a function of
increasing decaging times. a) 20% PAGE analysis of caged broccoli RNA aptamer (104 nt) after
increasing decaging times at 95 °C pH 7.5 illustrating a decrease in apparent molecular weight. b,c)
Fluorescent activity of caged broccoli aptamers as a function of decaging times, demonstrating that ~2
minutes is optimal for full restoration of fluorogenic activity.
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Figure E8. Glyoxalation disrupts 10-23 DNAzyme structure and target cleavage. a) 20% PAGE
analysis of the 10-23 DNAzyme with increasing amounts of glyoxal caging, illustrating an increase in
apparent molecular weight. b) 12% PAGE analysis monitoring target cleavage by increasingly caged 10-
23 DNAzyme. c) Densitometric quantification of caged DNAzyme activity. Band intensity was used to
quantify activity as percent target cleavage (n = 3). Error bars denote standard deviation.
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Figure E9. DNAzyme decaging kinetics. 20% PAGE analysis of caged 10-23 DNAzyme after increasing
decaging times at 95 °C pH 7.5 illustrating a decrease in apparent molecular weight.
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Figure E10. Glyoxal caging and decaging of a fully 2'-O-methylated RNA aptamer. a) 20% PAGE
analysis of caged ARC259 (23nt) after increasing caging times, illustrating an increase in apparent
molecular weight. b) 20% PAGE analysis of caged ARC259 after increasing decaging times at 95 °C, pH
7.5 illustrating a decrease in apparent molecular weight.
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Figure E11. Functional binding activity of increasingly caged ARC259. Fluorescence polarization (FP)
curves of aptamer binding towards VEGF 165 or bovine serum albumin (BSA). All values were normalized to
a buffer blank and represent mean (n = 3) of independent replicates.
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Figure E12. Glyoxal caging of a TNA oligonucleotide. Sequence of model TNA strand (23 nt) and 20%
PAGE analysis after increasing caging times, illustrating an increase in apparent molecular weight.
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Figure E13. Glyoxal caging of TNA disrupts hybridization to DNA. Microscale thermophoresis (MST)
of TNA binding towards a complementary (black) or scrambled DNA sequence (grey) with increasing caging
times. Values represent mean (n = 3) of independent replicates.
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Figure E14. Analytical characterization of synthesized model PNA strand. a) Chemical structure and
sequence of model PNA strand used in the study. Glu = glutamic acid. b) HPLC (A260 nm) and c) TOF
ESI-MS analysis of purified PNA.
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Figure E15. Analytical characterization of glyoxal-treated PNA. a) Chemical structure and sequence of
PNA strand with putative glyoxal adducts (red). Glu = glutamic acid. b) TOF ESI-MS analysis of purified
PNA treated with glyoxal.
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Figure E16. PAGE analysis of PNA caging and decaging. a) 20% PAGE analysis after increasing caging
times, illustrating observed downward shift in electrophoretic mobility. b) 20% PAGE analysis of caged PNA
after increasing decaging times at 95 °C pH 7.5, illustrating restoration in electrophoretic mobility.
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Figure E17. Proposed molecular mechanism of PNA mobility shifts. Bis-hemiaminal adducts
introduced by glyoxal may result in an ionizable proton and overall gain in negative charge through
hydrogen bond sharing between hydroxyl moieties.
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Figure E18. Glyoxal caging of PNA caging inhibits hybridization to DNA. a) Microscale thermophoresis
(MST) of PNA binding towards a complementary (black) or scrambled DNA sequence (grey) with increasing
caging times. Values represent mean (n = 3) of independent replicates.
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Figure E19. Reversible control of RNase H with glyoxal caging. a) 12% native PAGE gel showing
requirement of RNA:DNA duplexes for RNase H cleavage activity. b) 12% denaturing PAGE gel of RNase
H mediated target cleavage of untreated, caged, and decaged RNA.
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Figure E20. One-pot activation of thermostable RNase H. a) 12% PAGE analysis and b) quantified
percent target cleavage (n = 2) by thermostable RNase H with increased decaging time at 95 °C.
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Figure E21. Glyoxal does not inhibit RNase A. 12% PAGE analysis of RNase A activity towards
untreated, caged, and decaged RNA, illustrating cleavage of all substrates.
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Figure E22. Glyoxal does not inhibit Nuclease P1. 12% PAGE gel of nuclease P1 cleavage of untreated,
caged, and decaged a) DNA and b) RNA.
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Figure E23. Reversible control of DNase | recognition and cleavage. 12% PAGE gel of DNase |
cleavage of untreated, caged, and decaged DNA.
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Figure E24. Reversible control of EcoRI. 12% PAGE gel of EcoRIl mediated target cleavage by
untreated, caged, and decaged DNA.
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Figure E25. Glyoxal does not inhibit RNase T. 12% PAGE gel of RNase T cleavage of untreated, caged,
and decaged a) DNA and b) RNA.
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Figure E26. Glyoxal does not inhibit snake venom phosphodiesterase I. 12% PAGE gel of
phosphodiesterase cleavage of untreated, caged, and decaged a) DNA and b) RNA.
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Figure E27. Glyoxalation disrupts sgRNA and Cas9 mediated target cleavage. a) Caging kinetics of
sgRNA were monitored by 10% PAGE gel illustrating an increase in apparent molecular weight. b) 1%
agarose gel analysis monitoring dsDNA target cleavage by increasingly caged sgRNA. “-“ indicates no
sgRNA or RNP included in reaction. c) Densitometric quantification of Cas9 activity with increasingly caged
sgRNA. Band intensity was used to quantify activity as percent target cleavage (n = 2). Error bars denote
standard deviation.
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Figure E28. Glyoxalation of sgRNA is reversible with rapid decaging. a) Decaging kinetics of sgRNA
at 95 °C were monitored by 10% PAGE gel illustrating decrease in apparent molecular weight. b) 1%
agarose gel analysis monitoring target cleavage by increasingly decaged sgRNA. c) Densitometric
quantification of caged sgRNA- Cas9 activity. Band intensity was used to quantify activity as percent target
cleavage (n = 2). Error bars denote standard deviation.
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Figure E29. Glyoxalation of sgRNA is reversible with slow decaging. Decaging kinetics of sgRNA at
37 °C were monitored by 10% PAGE gel illustrating decrease in apparent molecular weight.
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Figure E30. Amplification of B-actin from human genomic DNA using Taq and Hot Start Taq
polymerases. a) PCR amplification with increasing genomic DNA template visualized by 1% agarose gel
stained with SYBR Safe (NT = no template). Expected target band (~653 bp) is indicated by black arrows,
while off-target and putative primer-dimer bands are labeled with red arrows. b) Densitometric
quantification of amplificon purity. Bars represent mean and S.D. from 2 independent trials.
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Figure E31. Forward primer glyoxal treatment and PCR specificity. a) PCR reactions using increasingly

caged forward primer as visualized by 1% agarose gel and b) quantified using densitometry. Bars represent
mean and S.D. from 2 independent trials.
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Figure E32. Reverse primer glyoxal treatment and PCR specificity a) PCR reactions with increasingly

caged reverse primer as visualized by 1% agarose gel and b) quantified using densitometry. Bars represent
mean and S.D. from 2 independent trials.
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Figure E33. Primer decaging during PCR. 20% PAGE analysis of caged forward/primer mix after
increasing PCR cycles in 1X PCR buffer, illustrating a decrease in apparent molecular weight. D = initial
denaturation step (94 °C for 2 min). Reactions contain a mix of two primers, resulting in two distinct bands
in each lane. Green arrows denote fully decaged forward and primer.
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Figure E34. Confirming transfection efficiency and specificity. HEK293T cells were transfected with
200 ng of a pCMV vector encoding eGFP. Control cells received PBS. After 12 hours, GFP expression was
detected by live-cell imaging using a BioTek Lionheart FX automated microscope.
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Figure E35. Optimizing ASO concentration and confirming sequence specificity. HEK293T
cells were co-transfected with both a pCMV vector encoding eGFP (200 ng) as well as increasing
amounts of either an eGFP-targeting or scrambled ASO (“-“ denotes no ASO). After 24 hours,
GFP expression was detected by live-cell imaging using a BioTek Lionheart FX automated
microscope (4X magnification).
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Figure E36. Caging kinetics of an eGFP-targeting ASO as monitored by 20% PAGE gel illustrating an
increase in apparent molecular weight.
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Figure E37. Optimizing ASO glyoxal treatment time for inhibiting gene silencing. HEK293T cells were
co-transfected with both a pCMV-eGFP vector (200 ng) as well as 250 nM increasingly caged eGFP-
targeting ASO. After 12 hours, expression was detected by live-cell imaging using a BioTek Lionheart FX
automated microscope (4X magnification). GFP positive cells per field were counted using ImageJ, and
values represent mean with S.D (n = 3 wells). BF = brightfield.
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Figure E38. Untreated and glyoxal caged ASOs are cell permeable. LNA ASOs were first Cy5-labeled,
followed by either no treatment or glyoxal caging for 8 h. HEK293T cells were incubated with 250 nM
respective ASO for 18 hour. Media was then removed, and cells were washed 3x with fresh media. Cells
were then imaged using a BioTek Lionheart FX automated microscope (10X magnification).
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Figure E39. ASO glyoxalation is reversible with slow decaging. Decaging kinetics of fully caged (8 hour

treatment time) ASO at 37 °C in complete DMEM were monitored by 20% PAGE gel illustrating decrease
in apparent molecular weight.
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Figure E40. Increasingly caged ASO proportionally tunes the amount of GFP positive cells. At t= 0,
HEK293T cells were transfected with a pCMV-GFP plasmid as well as 250 nM of untreated or increasingly
glyoxal caged ASO. Graph shows quantification of GFP-positive cells in each field across treatment groups
during the experimental time course. Circles represent individual wells (n = 3) from a 96-well plate.
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Figure E41. Representative live-cell fluorescence microscopy images during in cellulo ASO
decaging. HEK293T cells were co-transfected with both a pCMV-eGFP vector (200 ng) as well as 250 nM
increasingly caged eGFP-targeting ASO. At the indicated time points, expression was detected by live-cell
imaging using a BioTek Lionheart FX automated microscope (4X magnification). BF = brightfield. Media
was replaced on days 4 and 7.
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Figure E42. Caged ASOs do not affect cell viability. a) On day 7, plates from the time course decaging
experiment were tested using a WST-1 assay to measure cell viability. Values represent mean and S.D. of
3 wells calculated as a percentage of untreated control cells. b) In parallel, HEK293T cells were seeded in
a 96-well plate at 10,000 cells/well and incubated with a range of glyoxal concentrations for 7 days. Media
was replaced on days 4 and 7, and viability was then measured using a WST-1 assay. Values represent
mean and S.D. of 3 wells calculated as a percentage of untreated control cells. ICso value (mean with 95%
confidence interval) was calculate using a dose-response curve fit in Prism.



