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Abstract 

 

Protein Engineering of Encapsulin Nanocontainers for Biocatalysis Applications 

 

 

By Matthew C. Jenkins 

 

 

Nature has been shown to repeatedly employ proteinaceous containers spanning a broad 

range of length scales (i.e. approximately 10 to >2000 nm) to suit myriad biological functions 

including the propagation and infectious behavior of viruses, creating distinct microenvironments 

designed to facilitate specific metabolic processes, and the generation of metabolite storehouses 

for maintaining intracellular homeostasis. Such macromolecular cage assemblies are evolutionary 

marvels, forming highly symmetrical and monodisperse architectures in a hierarchical fashion 

from either singular or small subsets of structurally-related protein building blocks. In recognition 

of their vast diversity in terms of sizes, morphologies, physiochemical attributes, and dynamic 

functional behaviors, synthetic biologists have increasingly sought to repurpose naturally 

occurring protein containers for applications in a breadth of biotechnologically-relevant fields. 

Along these lines, this dissertation specifically focuses on the rational engineering of a recently 

discovered class of proteinaceous nanocontainers, referred to as encapsulins, in order to generate 

catalytically functional multienzyme nanoreactors.  

The first chapter provides general context for this dissertation by presenting a broad 

overview of select protein-based container structures found in nature, followed by several brief 

reviews of therapeutic, catalytic, and biomaterials applications for which these protein-based 

containers have been employed in recent decades. The second chapter describes efforts to 

rationally engineer the exterior surface of encapsulin nanocontainers derived from the 



hyperthermophilic bacterium Thermotoga maritima to present a series of solvent-exposed peptide 

interaction domains. T. maritima encapsulins (TmE) presenting external SpyCatcher covalent 

interaction domains were shown to capture up to 60 copies of an Escherichia coli dihydrofolate 

reductase (DHFR) variant enzyme both in vitro and in vivo. Surface-tethered DHFR enzymes 

maintained catalytic functionality with minimal deviations from their untethered Michaelis-

Menten profiles. The third chapter expands upon the DHFR-decorated nanocontainers generated 

in chapter 2 to construct a bi-enzymatic nanoreactor metabolon in which the reduction of 

dihydrofolate by DHFR is used to fuel the demethylation of an aryl substrate by LigM, a 

tetrahydrofolate-dependent aryl-O-demethylase enzyme isolated from Sphingomonas 

paucimobilis SYK-6, which was encapsulated within the TmE lumen. The resulting bi-enzymatic 

nanoreactors were shown to be functional, though mutations previously used to enlarge the 5-fold 

symmetry pores natively distributed throughout the TmE shell were needed to facilitate efficient 

exchange of pathway metabolites between the interior and exterior spaces. 

The fourth chapter shifts focus to describe attempts to generate a novel in vitro cargo 

loading mechanism for TmE under benign solvent conditions by abrogating the native in vivo 

container assembly process using engineered steric obstructions. Recombinant fusion of a bulky 

protein domain to the lumen-oriented N-terminus of TmE was shown to prevent full container 

assembly, and subsequent proteolytic liberation of the TmE coat proteins resulted in rapid 

initiation of container assembly. However, cargo loading attempts in tandem with protease 

treatment proved unsuccessful, highlighting the need for refinement of the steric-based assembly 

design. 

The final chapter provides a general summary of the works presented in the preceding 

chapter. Additionally, several commentaries concerning the successes and failures of the 



nanocontainer engineering strategies employed in this dissertation are presented, along with 

general opinions pertaining to possible future directions within the field of nanocontainer 

engineering. 
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1.1 – Overview of Proteinaceous Micro-and Nanocontainers Used in 

Biotechnology 
 

1.1.1 – Bacterial Microcompartments 
 

 Representing perhaps the largest and most sophisticated proteinaceous cage structures 

found in nature, bacterial microcompartments (BMCs) encompass a class of diverse prokaryotic 

organelles responsible for co-localizing core sets of functionally-related enzymes within the 

luminal spaces of the protein cages in order to sequester specific metabolic pathways from the 

larger cytosolic environment (1-3). BMCs are ubiquitous in nature with recent bioinformatics 

analyses having positively identified BMC operons in organisms from 23 of the currently 

established bacterial phyla, indicating that approximately 20 to 25% of all species within the 

bacterial kingdom possess these organelle macromolecules based on current estimates (4, 5). 

Identified BMC operons within bacterial genomes typically consist of two primary gene cassettes 

with one cassette encoding the genes for several related structural proteins required to construct 

the BMC outer shell and another cassette encoding the core enzymes responsible for the intended 

metabolic function of the BMC (1). Additional genes encoded in the operons can include 

regulatory proteins, substrate-specific importer proteins designed to increase cellular uptake of 

BMCs’ target substrates, and cytoskeletal-associated proteins responsible for uniformly 

distributing assembled BMCs throughout the bacterial cytosol (1, 6). In total, most BMC operons 

consist of a total of roughly 10 to 20 genes tightly clustered in the host genome (3, 7-10). Several 

studies have subsequently suggested that BMC operons behave as superloci, resulting in the wide 

distribution of BMCs throughout the bacterial kingdom via facile horizontal transfer of BMC gene 

clusters among bacterial species (11). This assertion is strengthened by the fact that roughly 40% 
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of BMC-containing bacteria sharing common natural habitats (e.g. anaerobic soil, marine waters, 

etc.) have also been shown to contain multiple BMC operons within their genomes (11). 

 

Figure 1.1 – Atomic structures of BMC-P, BMC-H, and BMC-T coat proteins used in the construction of BMC outer 

shells. All coat protein oligomers are displayed in the top down view, with the exception of the BMC-TD dimer of 

trimers on the far right. The BMC-P (PDB ID: 2QW7) and BMC-H (PDB ID: 3BN4) structures above originate from 

the β-carboxysome of Synechocystis sp. PCC 6803 while the BMC-T (PDB ID: 4HT5) and the BMC-TD (PDB ID: 

4HT7) originate from the β-carboxysome of Synechococcus elongatus sp. PCC 6301. 

Structurally, BMCs are heteropolymers comprised of roughly 10,000 to 20,000 copies of 

several highly conserved shell protein subunits that self-assemble in vivo to form polyhedral cages 

approximately 100 to 500 nm in external diameter (2, 5, 12) (Figure 1.1). Specifically, three 

classes of shell proteins, denoted BMC-H (Pfam00936), BMC-P (Pfam03319), and BMC-T 

(tandem fusion of Pfam00936 proteins), are used for BMC construction (13-16). BMC-H proteins 

are the most abundant shell components, forming planar hexameric tiles that subsequently 

polymerize in an edge-wise fashion to create the BMCs’ polyhedral facets, while BMC-P proteins 

form puckered pentamers designed to cap the resulting vertices where the facets meet in the 

assembled BMC structure. BMC-T proteins appear sporadically in the BMC facets, forming 
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trimeric “pseudo-hexamers” that are structurally and functionally similar to the hexameric tiles 

produced by BMC-H subunits. Both BMC-H hexamers and BMC-T pseudo-hexamers possess 

pores approximately 4 to 7 Å in diameter located at their respective central axes, which serve 

important roles in establishing the selective-permeability intrinsic to BMC shells (15, 17-20). 

Interestingly, both the BMC-H and BMC-T proteins have been shown to also form vertically 

stacked dodecameric tiles that are believed to be further involved in the dynamic regulation of 

BMC shell permeability. In the former case, BMC-H hexamers that are not incorporated into the 

BMC superstructure have been shown to reversibly bind in a slightly offset manner on top of 

BMC-embedded hexamers to form the dodecameric stacks, which occludes the central pore of the 

embedded BMC-H hexamer and allows the BMCs to rapidly restrict metabolite flux across the 

Figure 1.2 – Cartoon representations of the native metabolic functions of A) carboxysomes, and B) metabolosomes. 

The shell protein colors in the cartoons correspond to the colors used for the individual shell components depicted in 

Figure 1.1. Figure adapted from Ref. (1). Abbreviations: CA – carbonic anhydrase; RuBisCO – ribulose 1,5-

bisphosphate carboxylase/oxygenase; HCO3
– – carbonic acid; CO2 – carbon dioxide; O2 – molecular oxygen; RibBP 

– ribulose-1,5-bisphosphate; 3-PGA – 3-phosphoglycerate; AlcDH – alcohol dehydrogenase; AldDH – aldehyde 

dehydrogenase; NAD(H) – nicotinamide adenine dinucleotide; PTA – phosphotransacylase; CoA – coenzyme A; AK 

– acetyl kinase; Pi – inorganic phosphate; ATP – adenosine triphosphate; ADP – adenosine disphosphate   
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BMC shell (21, 22). In contrast, vertical stacking of BMC-T pseudo-hexamers creates a pocket of 

void volume between the two trimeric pseudo-hexamers, thus creating gated, airlock-style pores 

in the BMC shell that can be dynamically opened and closed independently on the cytosolic and 

luminal faces in response to the binding of specific ligands (14, 23, 24). 

In terms of their metabolic functions, BMCs can largely be divided into two primary classes 

consisting of anabolic carboxysomes used to perform carbon dioxide (CO2) fixation in autotrophs, 

and catabolic metabolosomes employed by heterotrophs for the utilization of specific niche carbon 

sources for growth and respiration (1, 25). Carboxysomes are natively found in all 

photosynthetically-capable cyanobacteria and are used as a CO2-concentrating mechanism to fuel 

the Calvin cycle enzymes carbonic anhydrase (CA) and ribulose-1,5-bisphosphate 

carboxylase/oxygenase (RuBisCO) encapsulated within the BMC lumen (2, 26, 27) (Figure 1.2A). 

To achieve CO2 concentration, cell membrane transport proteins designed to facilitate carbonic 

acid (HCO3
-) influx encoded in the carboxysome operon first act to increase the cytosolic 

concentrations of HCO3
- within the host organism. Cationic pores located at the central axes of 

BMC-H hexameric tiles in the carboxysome shell then draw anionic HCO3
- and ribulose-1,5-

bispohosphate substrates into the BMC lumen where encapsulated CA dehydrates the HCO3
- to 

CO2 (20). The nascent CO2 then feeds directly into the co-encapsulated RuBisCO alongside 

ribulose-1,5-bisphosphate to form two equivalents of the three carbon sugar 3-phosphoglycerate 

via RuBisCO’s carboxylase activity. One equivalent of the anionic 3-phosphoglycerate product 

subsequently diffuses out of the carboxysome lumen through the same cationic pores facilitating 

HCO3
- entry in order to feed into cellular metabolic pathways for energy production while the 

other equivalent is used to recharge the RuBisCO for further rounds of catalysis. The cationic pores 

of the carboxysome shell are critically important to the functional success of these organelle 
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structures as they not only promote the influx of anionic HCO3
- and ribulose-1,5-bisphosphate 

substrates for CA and RuBisCO, respectively, but they also act as permeability barriers that 

prevent the transport of non-polar gasses, such as CO2 and molecular oxygen (O2), through the 

BMC shell (2, 27). Thus, volatile CO2 generated in the luminal space is retained in order to feed 

the notoriously inefficient RuBisCO enzymes while O2, the opposing substrate known to fuel 

RuBisCO’s non-productive oxygenase activity, is largely excluded from entering the BMC. 

While anabolic carboxysomes utilize their innate permeability restrictions to concentrate a 

volatile substrate in a specified locus, catabolic metabolosomes largely use their BMC shells to 

prevent the efflux of cytotoxic metabolites generated within the BMC lumen (28). Specifically, 

metabolosomes use a common mechanism involving the enzymatic evolution of a reactive 

aldehyde intermediate from a target substrate that is unique to each metabolosome (Figure 1.2B). 

Given that each metabolosome converts only a single target substrate, the initial aldehyde-forming 

enzyme is often referred to as a BMC’s “signature enzyme” (25). The best studied signature 

enzymes to date are B12-dependent enzyme complexes that generate aldehydes through cofactor-

mediated radical mechanisms, though an increasing number of B12-independent glycyl radical 

enzymes have been identified as BMC-associated signature enzymes in recent years (29, 30). 

Following conversion of the target substrate by the signature enzyme, a functionally conserved set 

of core enzymes are then used to process the resulting aldehyde intermediate into order to 

ultimately yield product alcohols and phosphate esters that can be utilized for cellular energy 

production (1, 5, 25). 

To date, characterized metabolosomes have predominantly been identified in the genomes 

of anaerobic soil and enteric bacterial species, and have been accordingly shown to use alternative 

carbon sources, such as 1,2-propanediol (8, 31), ethanolamine (7), 1-amino-2-propanol (32), 
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choline (33, 34), and the rare sugars L-fucose and L-rhamnose (10, 35) as target substrates for 

BMC catabolism. Using the 1,2-propanediol utilizing BMC (Pdu) as an example to illustrate target 

substrate flux though the BMC-associated enzyme cascade, the initial aldehyde intermediate is 

generated by encapsulated PduCDE, a B12-dependent diol dehydratase, to form propionaldehyde 

from 1,2-propanediol (Figure 1.2B). A portion of the propionaldehyde pool is immediately 

converted into propionyl-CoA using an equivalent each of NADH and CoA by the aldehyde 

dehydrogenase PduP. The remainder of the propionaldehyde is used to generate 1-propanol by the 

alcohol dehydrogenase PduQ, which simultaneously regenerates the NADH cofactor consumed 

by PduP. The 1-propanol evolved by PduP passes out of the BMC lumen as one of the two final 

metabolic products while the propionyl-CoA is converted to propionyl phosphate by the 

phosphotransacylase PduL, which liberates the equivalent of CoA for subsequent rounds of 

catalysis. The propionyl phosphate then also leaves the BMC lumen where is can enter the host 

cell’s central metabolism via the methylcitrate metabolic pathway for energy production (36). 

Emphasizing the importance of sequestering the toxic aldehyde intermediate, previous research 

efforts have shown that interfering with Pdu shell assembly can lead to the accumulation of 

propionaldehyde in cell culture media to final concentrations between 15 to 20 mM, which in turn 

causes extensive damage to host DNA and can eventually lead to total culture arrest (28, 31). 

Generally speaking, the native encapsulation of β-carboxysome and metabolosome cargo 

enzymes tends to occur in an “inside-out” fashion in which the individual cargo enzymes coalesce 

into condensed core aggregate prior to encapsulation (37-40). Recruitment of BMC shell proteins 

around the pre-formed enzyme core is subsequently accomplished via specific protein-protein 

interactions that have been shown to occur between the interior surfaces of BMC shell proteins 

and ~20 amino acid α-helical encapsulation peptides (EPs) predominantly localized to the N-
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termini of several metabolon enzymes, or on the C-terminus of the CcmN protein in β-

carboxysomes (41, 42). Interestingly, not all metabolon enzymes possess EPs; however, non-EP 

presenting enzymes have been shown to be packaged within BMC containers nonetheless due to 

“piggybacking” within the condensed enzyme core alongside EP-containing enzymes (43, 44). In 

contrast to β-carboxysomes and metabolons, the more evolutionarily distinct α-carboxysomes 

instead actively package cargo enzymes during the process of shell assembly. Specifically, a highly 

conserved intrinsically disordered scaffolding protein, CsoS2, has been shown to serve the dual 

purpose of both binding to RuBisCO and CA enzymes while simultaneously recruiting the 

formation of α-carboxysome shell proteins around the nascent cargo (45). Following recruitment 

of the BMC shells, short N-terminal EPs present on the large subunit protein of RuBisCO bind to 

the interior faces of CsoS1C shell proteins with submicromolar affinities to lock the tethered 

enzymes in place within the BMC lumen (46). 

 

1.1.2 – Microbial Encapsulins 
 

 Encapsulins are a recently discovered class of proteinaceous cage structures intrinsic to 

both bacterial and archaeal species which have several initial similarities to bacterial 

microcompartments, such as the abilities to self-assemble into polyhedral shells and to encapsulate 

enzyme cargoes in vivo to fulfill specific metabolic functions (47, 48). However, while the 

diameters of individual BMCs typically fall within the range of 100 to 500 nm, encapsulins are 

significantly smaller cage assemblies with currently characterized containers ranging from 

approximately 24 to 42 nm in external diameter (Figure 1.3). Accordingly, encapsulins are often 

referred to as “nanocontainers” or “nanocompartments” to reflect their smaller size. Likewise, 

whereas BMCs are heteropolymers assembled from several structurally homologous shell 
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proteins, encapsulins are entirely homopolymeric macromolecules consisting of a single protomer 

shell protein that self-assembles into the final nanocontainer construct (49). The encapsulin 

protomers (Pfam04454) are typically between 31 to 33 kDa in size and share neither sequence nor 

structural homology with BMC shell proteins (47, 48). Collectively, these discrepancies indicate 

that while encapsulins and BMCs may share functionally similar roles in sequestering certain 

metabolic operations within microbial cellular environments, the two classes of prokaryotic 

protein cages are evolutionarily distinct (47-49). 

 

Figure 1.3 – Representative atomic structures of several encapsulins resolved in recent years. Cartoon representations 

of the containers’ overall geometries and quasiequivalent monomers arrangements are depicted below. PDB IDs for 

presented encapsulins: T. maritima encapsulin – 3DKT; P. furiosus encapsulin – 2E0Z; Q. thermotolerans encapsulin 

– 6NJ8.  
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 Genome mining efforts within the last few years have revealed that encapsulin containers 

are widely distributed among prokaryotes with conservative estimates indicating that between 1 to 

3.5% of all microbial organisms likely contain encapsulin nano-organelles at a minimum (48). 

Given that encapsulin operons are broadly dispersed across microbial species from different phyla 

and physical environments, it is likely that encapsulin genes, like those of BMCs, are transmitted 

among prokaryotic species via horizontal transfer rather than vertical inheritance (47-49). 

Encapsulin operons are usually quite simple, often consisting of a single gene or a two gene 

cassette in which the gene for the encapsulin protomer and its affiliated cargo protein are either 

directly linked via genetic fusion or are immediately juxtaposed within the host genome (47, 49-

51). In some organisms, however, a primary cargo protein is positioned adjacent to the protomer 

gene while other functionally related cargo proteins are spread across different loci within the host 

genomic DNA (52). For cargo proteins that are not fused to encapsulin protomer genes in vivo, 

encapsulation of the translated cargo protein is accomplished in a process referred to as “selective 

self-sorting” using programmed protein-protein interactions between aliphatic “cargo-loading 

peptides” (Clp) genetically encoded on one of the cargo protein’s native termini (usually the C-

terminus) and a corresponding hydrophobic binding cleft located on the luminal face of each 

encapsulin protomer (49). Of the cargo proteins characterized to date, all have been shown to 

exhibit some type of antioxidant activity, suggesting that the nascent encapsulin family may play 

a functional role in combating oxidative or nitrosative stresses within cells (48, 52, 53). The current 

repertoire of known cargo proteins includes iron storage proteins such as ferritin-like proteins 

(FLP) and iron-mineralizing encapsulin-associated Firmicute (IMEF) proteins, dye-decolorizing 

peroxidases, dihydroneopterin aldolases, di-iron hemerythrins, and even multidomain nitrate 

reductase-hydroxlamine oxidases used for anaerobic ammonium oxidation (48). 
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Figure 1.4 – Structural assessment of the gp5 major coat protein of HK97 (top; PDB ID: 1OHG). The characteristic 

A-Domain, P-Domain, and extended loop (i.e. E-Loop) substructures are labeled. Alignments of the gp5 coat protein 

with the T = 1 encapsulin from T. maritima (bottom left; PDB ID: 3DKT), and the larger T = 3 and T = 4 encapsulins 

from M. xanthus and Q. thermotolerans (bottom right; PDB IDs: 4PT2 and 6NJ8, respectively) are depicted below. 

The observed deviation in the E-loop orientation of the T. maritima encapsulin has been suggested as a possible 

explanation for its inability to form the quasiequivalent structures of higher T-number encapsulins (47). 

Atomic-level structures for the encapsulins from Thermotoga maritima (49), Myxococcus 

xanthus (53), Pyrococcus furiosus (50), and Quasibacillus thermotolerans (54, 55) have been 

resolved within the last thirteen years. Analyses of structural data for these distinct containers have 

yielded valuable information pertaining to shell assembly and critical protomer-protomer 

interactions, cargo loading and distribution, and native physiological functions. Encapsulin 

protomers adopt a homologous fold to the gp5 major coat protein of the HK97 bacteriophage (56-

58) and self-assemble into icosahedral container structures presenting 20 equivalent triangular 

faces. The number of subunits used to construct the assembled nanocontainers is, however, 
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variable, and consequently dictates the overall size of the final encapsulin structure (characterized 

encapsulins span the mass range of 1.8 to 9.6 MDa upon assembly) (49, 54). Nanocompartments 

composed of 60 coat protomers, such as the T. maritima encapsulin, are approximately 24 nm in 

external diameter upon assembly and are constructed from 12 pentameric vertices in accordance 

with Casper and Klug’s T = 1 triangulation symmetry model (59, 49).  Larger containers composed 

of 180 protomers, such as the encapsulins from M. xanthus and P. furiosus, are approximately 30 

to 32 nm in external diameter and are collectively constructed from 12 pentameric vertices and 20 

hexameric faces in accordance with a T = 3 symmetry model (50, 53). Finally, the recently 

discovered container from Q. thermotolerans utilizes 240 subunits to form a container roughly 42 

nm in diameter, which adopts a T = 4 triangulation arrangement consisting of 12 pentameric 

vertices and 30 hexameric faces (54, 55). The ability of encapsulin protomers in the T =3 and T = 

4 containers to adopt both pentameric and hexameric substructures indicates that these protomers 

can adopt quasi-equivalent folds in a manner similar to many viral capsids found in nature (59, 60) 

(Figure 1.3). Accordingly, the morphological similarities at both the protomer and 

macromolecular levels between encapsulins and known virus capsids has led to the speculation 

that encapsulins likely share a common evolutionary ancestor with many HK97-like viruses (49, 

61). 

Each nanocompartment, regardless of triangulation number, contains several pores (3-7 Å 

in diameter) located at three major symmetry axes of the shell structure (49). For most encapsulins, 

pores located at the two-fold symmetry axis are heavily lined with negatively-charged residues 

while another set of pores located at the five-fold symmetry axis of the container vertices are more 

neutral in character. Perhaps the most intriguing of the three pores are those located at the three-

fold symmetry axis whose amino acid composition is not conserved and seems to vary across 
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different orthologs (47). The encapsulin from Q. thermotolerans deviates from this trend 

somewhat as all of the native symmetry pores are heavily lined with negatively charged residues, 

a phenomenon which is likely directly associated with this particular encapsulin’s function as an 

iron mineralizing container (estimates indicate that the Q. thermotolerans encapsulin can sequester 

up to 23,000 iron atoms within the cage interior) (54). While there is still some ambiguity as to 

which of the multiple symmetry pores on a given encapsulin are critical for biological function, it 

is thought that collectively these openings are responsible for regulating the flux of small 

molecules and ions from the cytosol to encapsulin lumen. Simultaneously, these same pores are 

also thought to serve as a permeability barrier precluding the entry of larger compounds, thus 

facilitating the creation of organelle-like nanoenvironments in vivo (49). 

 

1.1.3 – Virus-like Particles 

 

 Viruses constitute the most abundant biological entities on Earth with recent estimates 

indicating that viral species outnumber both the known bacterial and archaeal species combined 

by roughly 15-fold (62). As a result of their prevalence and their ability to persist in multifarious 

biomes across the globe, viruses encompass the largest pool of genetic diversity found in nature, 

the vast majority of which remains unexplored (62-65). The evolutionary and ecological success 

of viruses is due, in part, to their sophisticated capsid shells, which simultaneously package and 

protect the viral genome, facilitate infectivity while mediating host immunogenic responses, and 

dynamically disassemble and reassemble during the viral replication cycle (66). Given these 

impressive qualities, synthetic biologists have actively sought to recapitulate similar multifaceted 

properties in both synthetic and biologically-derived scaffolds for diverse applications in 
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nanomedicine, the development of novel nanobiomaterials, biologically-templated 

nanoelectronics, and many other fields (65, 67, 68).  

 Viral capsids are typically constructed form one or several protein subunits that self-

assemble into hierarchical cage structures within a host cell during viral replication. Research 

efforts in recent decades, however, have shown that capsid proteins can often be recombinantly 

expressed independently from the viral genome to produce monodisperse, hollow cage structures 

with identical or highly similar morphologies to the parent virus (69, 70). These hollow constructs, 

referred to as “virus-like particles” (VLPs), are incapable of self-replication in the absence of the 

full viral genomic material, and are thus entirely non-pathogenic. Additionally, much of the 

functional plasticity observed for the progenitor viral capsids is preserved in the corresponding 

VLPs as these properties and pleomorphic behaviors often originate from tertiary and quaternary 

protein-protein interactions intrinsic to the capsid’s three-dimensional structure (71). Coupled with 

the fact that viral capsids have been shown to tolerate a variety of genetic and chemical 

modifications, VLPs have become highly attractive scaffolds for synthetic biology and protein 

engineering endeavors (70, 72, 73). 

 As of 2013, approximately 110 unique VLPs had been generated and reported in literature 

sources (74). Of those reported containers, the majority of VLP nanocages currently used for 

biotechnology applications originate from plant-pathogenic viruses, animal-pathogenic viruses, or 

bacteriophages, many of which can be produced in high yield and purity via heterologous 

expression in common laboratory hosts such as E. coli or yeast strains (70, 74) (Figure 1.5). As 

such, these VLPs have been extensively characterized both biophysically and structurally, 

permitting researchers atomic-level detail when engineering and derivatizing VLP scaffolds (66). 

Morphologically, commonly utilized VLPs can broadly be divided into two structural classes: 
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roughly spherical capsids adopting icosahedral symmetries and rod-shaped filamentous assemblies 

(66, 69). Spherical VLPs typically span the range of 20 to 500 nm in external diameter and include 

the plant pathogens cowpea chlorotic mottle virus (CCMV), cowpea mosaic virus (CPMV), and 

Brome mosaic virus (BMV), the animal pathogens Simian vacuolating virus 40 (SV40)  and 

hepatitis B virus (HBV), and the bacteriophages P22, MS2, and Qβ as the most commonly utilized 

structures (66, 70). Filamentous VLPs, by contrast, are typically between 5 to 20 nm in diameter 

and can extend to over 2 μm along their longitudinal axes. The two most prevalent filamentous 

VLPs are the plant-pathogenic tobacco mosaic virus (TMV) and the bacteriophage M13 (66, 70).  

 

Figure 1.5 – Atomic structures for several of the most commonly employed VLPs in biotechnology. Structures are 

approximately scaled relative to one another. PDB IDs: P22 – 5UU5; Qβ – 1QBE; MS2 – 2MS2; HBV – 1QGT; 

CCMV – 1CWP; BMV – 1JS9; CPMV – 1NY7; TMV – 4UDV. 
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 While the current repertoire of VLPs is impressive, it is by no means expansive given that 

less than 1% of the viral biosphere is estimated to have been explored to date. In light of this fact, 

novel VLPs possessing unique physiochemical and structural properties will undoubtedly be 

revealed in the years and decades to come as bioinformatic technologies continue to advance. 

Indeed, several recent reviews have described new subsets of archaeal viruses abstracted from 

extremophilic organisms presenting novel capsid architectures previously unobserved in viral 

communities (75-77). 

 

1.1.4 – Lumazine Synthase 

 

 Though animal species must obligately acquire riboflavin (i.e. vitamin B2) through regular 

dietary intake, plants and certain microbial species possess the ability to biosynthesize riboflavin 

in vivo as part of their standard metabolism (78, 79). In such organisms, lumazine synthase (LS) 

and riboflavin synthase (RS) represent the final two enzymes from the riboflavin biosynthetic 

pathway (80) (Figure 1.6A). LS specifically is responsible for the generation of 6,7-dimethyl-8-

ribityllumazine (3) from 5-amino-6-(D-ribitylamino)uracil (1) and L-3,4-dihydroxy-2-butanone 4-

phosphate (2). Subsequently, two equivalents of 6,7-dimethyl-8-ribityllumazine are used by RS to 

generate one equivalent of riboflavin (4) and an equivalent of 1, with the latter being recycled for 

subsequent rounds of catalysis by LS (80, 81). Given that riboflavin biosynthesis is not an 

endogenous process in the animal kingdom, both LS and RS have been extensively studied in 

recent decades as potential targets for the development of selective antimicrobial therapeutics 

designed to treat bacterial and fungal infections (80). 
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Figure 1.6 – A) Atomic structure of A. aeolicus lumazine synthase. B) Final two steps of the riboflavin biosynthetic 

pathway. 

The riboflavin biosynthetic pathway is particularly noteworthy in relation to naturally 

occurring proteinaceous containers as several crystallographic studies have revealed that LS 

enzymes natively self-assemble into porous, 60 subunit cage structures as their final quaternary 

structure in some organisms (82-87) (Figure 1.6B). Such cages adopt a T = 1 icosahedral 532 

symmetry constructed from 12 pentameric substructures with a final assembled mass of 

approximately 1 MDa, and usually have external and internal diameters of approximately 16 and 

12 nm, respectively (81, 85). Pores in the LS shell are found at the 5-fold symmetry axes located 

at the center of each pentamer, permitting the exchange of substrates and products between the 

cage lumen and the cytosol. Combined sedimentation and crystallographic experiments dating 
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back to the 1970s have also revealed that most organisms producing LS cages package a trimer of 

RS enzymes within the cages to form a bifunctional enzyme complex referred to as the “heavy 

riboflavin synthase” (82, 88), though E. coli has been shown to be an exception as it natively 

produces a LS cage structure devoid of RS cargo (84). Previous kinetic assessments of LS cages 

containing internalized RS trimers has shown that cascade catalysis is possible for the two enzymes 

when initial substrates are present in low concentrations, perhaps representing an evolutionary 

method designed to ensure a consistent riboflavin supply for the host during both abundant and 

scarce nutrient conditions (78, 84). 

RS trimers are packaged into LS shells in vivo using short, C-terminal peptide tags, with 

the peptide tag of each RS monomer arranged near the 3-fold symmetry axis of the trimeric 

quaternary structure (89, 90). Given that each LS cage possesses 20 identical 3-fold symmetry 

axes, it has been speculated that the efficiency of RS packaging is facilitated by symmetry 

matching of cargo-loading peptides and luminal cargo peptide binding sites (90). This symmetry 

matching phenomenon has been suggested before for encapsulin nanocontainers possessing 

ferritin-like protein and dye-decolorizing peroxidase cargoes (49), though whereas the cargo 

peptide binding site is known for several encapsulins, a defined cargo peptide binding cleft has yet 

to be identified for LS cages (81, 90). Interestingly, LS shells from several species have been 

shown to possess pleomorphic behavior in which they can swell into expanded cage structures 

with external diameters of approximately 30 nm at slightly alkaline pH and under certain buffer 

conditions (82, 90, 91). While in the expanded state, encapsulated RS cargo can diffuse out of the 

LS cages, indicating that the expanded shells likely possess increased porosity compared to the 

compacted LS shells (78, 82). While LS enzymatic activity is maintained for expanded cages, RS 

activity is obviously lost, suggesting that the ability to reversibly transition between the compacted 
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and expanded quaternary states may represent a form of dynamic regulation for the overall LS/RS 

complex (91). 

Nearly two decades ago, an icosahedral LS cage from the hyperthermophilic organism 

Aquifex aeolicus was identified and subsequently crystallized (85) (Figure 1.6B). This particular 

A. aeolicus LS (AaLS) possesses several key qualities that has led to its increasing utilization in 

synthetic biology pursuits in the years succeeding its discovery. First, the hyperthermophilic nature 

of the host organism is recapitulated in the AaLS cages, which have been shown to withstand 

heating up to 120°C due in part to increased numbers of inter-subunit ion-pairs relative to other 

LS cages (85). Additionally, AaLS has been shown to undergo the same pleomorphic expansions 

observed previously for LS cages from B. subtilis (91). Finally, the 12 amino acid sequence of the 

C-terminal cargo loading peptide from A. aeolicus RS has been identified and has been shown to 

permit the artificial loading of AaLS capsids both in vivo and in vitro via fusion onto the C-termini 

of non-native cargo proteins (89). Collectively, these traits have cemented LS, and especially 

AaLS, as versatile scaffolds for diverse biotechnology applications. 

 

1.1.5 – Ferritins 
 

 Ferritins (Ftn) represent one of the most prevalent (and accordingly, one of the best studied) 

classes of protein nanocages found in nature due to their universal importance in maintaining 

intracellular iron homeostasis (92). Intrinsic to all kingdoms of life, the Ftn family of proteins 

consists of spherical hollow cage structures between 9 to 12 nm in external diameter that are 

responsible for scavenging Fe(II) ions in vivo (Figure 1.7), mineralizing them as poorly soluble 

ferrihydrites within their luminal spaces in order to prevent the Fe(II)-mediated generation of 
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cytotoxic hydroxide radicals from intracellular hydrogen peroxide via the Fenton reaction (i.e. Fe2+ 

+ H2O2 → Fe3+ + OH- + OH●) (93-95). All Ftn cages are constructed from either one or several 

related monomeric proteins, with each monomer having a total mass of approximately 20 kDa and 

consisting of a structurally conserved 4-helix bundle connected by a series of flexible loops (94, 

95). A short fifth helix, known as the E-helix, resides near the C-terminus of each monomer and 

extends roughly perpendicularly to the central axis of the 4-helical bundle (94, 96). Generally, the 

various Ftn cages utilize distinct ferroxidase catalytic sites located on the luminal faces of their 

monomeric subunits to promote the oxidation of Fe(II), using either O2 or H2O2 as the 

corresponding oxidant (97). However, while all Ftn cages have similar biological functions, three 

distinct subfamilies of Ftn nanocontainers with unique structural and biophysical properties have 

emerged in recent decades. 

 

Figure 1.7 – Atomic structures of ferritin and Dps nanocages. The two cage structures are approximately scaled 

relative to one another.  

 The first subclass of ferritins are the “classical” ferritins found in eukaryotes and some 

bacterial species (92, 93). These nanocages consist of 24 ferritin monomers that self-assemble into 
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hollow cages adopting an octahedral 432 symmetry structure and possessing external and internal 

diameters of 12 and 8 nm, respectively. Once assembled, the cages have a total molecular weight 

of approximately 0.45 MDa, and possess eight defined pores lined with anionic residues at their 

3-fold symmetry axes designed to facilitate the influx of cationic Fe(II) (94, 98). While some of 

the classical ferritins are homopolymeric entities, mammalian ferritins are heteropolymeric, 

consisting of heavy (H) and light (L) subunits (93). The two subunits are highly similar, sharing 

55% sequence identity with one another, though they have been found to serve distinct, yet 

complimentary roles in vivo (99). Specifically, the H-subunits are 182 amino acids in length and 

contain luminally-oriented ferroxidase sites that bind two iron atoms simultaneously in order to 

catalyze the oxidation of Fe(II) using molecular O2 as the oxidant, resulting in the formation of 

H2O2 (93). The L-subunit, which is slightly smaller at a total of 174 amino acids, lacks this 

ferroxidase site, and instead possesses a series of anionic glutamate residues designed to generate 

a microenvironment within the ferritin lumen that promotes the mineralization of nascent Fe(III) 

originating at the H-subunit ferroxidase sites as hydrous ferric oxides (93). By siphoning away the 

Fe(III) formed by the H-subunits in this manner, the L-subunits effectively accelerate the 

processing rate of Fe(II) by the H-subunit ferroxidase centers. Once a sufficiently large ferrihydrite 

core has been formed within the ferritin lumen, additional ferrihydrite mineralization begins to 

occur at the surface of the iron core, thus limiting the net amount of H2O2 generated by the 

ferroxidase sites within the ferritin. In total, the interior volume of the ferritin cage allows for the 

accumulation of up to 4000 to 4500 iron atoms as poorly soluble ferrihydrite, though the ferritin 

shell itself ensures that the mineralized iron core remains soluble within the host organism (93-

96). Interestingly, the ratio of H:L subunits incorporated into ferritin shells has been shown to be 
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tissue specific, and represents a means through which Fe(II) remediation can be optimized for 

specific cell types (99). 

 

Figure 1.8 – A) Atomic structure of Bfr dimers depicting the heme cofactor (orange sticks) resting in the binding cleft 

generated at the 2-fold symmetry axis between the two monomers. The side-view below shows the propionate moieties 

of the heme cofactor extending downward past the luminal face of the dimer. B) Cross-sectional view of the E. coli 

Bfr showing the symmetry of the embedded heme cofactors. 

 Largely similar to the classical ferritin subclass, bacterioferritins (Bfr) represent the second 

ferritin subclass and are obligately restricted to the archaeal and bacterial kingdoms (94, 96). Bfr 

cages generally adopt the same 24-mer superstructure, the same 432 icosahedral symmetry, and 

the same general dimensions as classical ferritins; however, the Bfr subclass is unique in that many 

of its members possess 12 b-type heme cofactors bound in distinct clefts located at the containers’ 

2-fold symmetry axes between two fold-adjacent monomers (Figure 1.8A) (96, 100). The heme 

groups are positioned deep (approximately 13 Å) in the Bfr shell such that their propionate 

moieties extend into the Bfr lumen (Figure 1.8B) (101), and are coaxially ligated into their 

individual binding clefts by a pair of symmetry-related methionine residues with one methionine 
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originating from each of the juxtaposed monomers (100, 102, 103). This particular methionine 

residue is not completely conserved among Bfr family members, though, and thus not all Bfr cages 

are capable of incorporating heme cofactors (96). Subsequent crystallographic and biochemical 

investigations have revealed that Bfr-associated ferredoxins containing NAD(P)H binding sites 

and coordinated [2Fe-2S] clusters can bind above the Bfr-bound heme groups in order to transfer 

electrons directly to the heme (101). The heme groups, in turn, then transfer the ferredoxin-

delivered electrons into the Bfr interior, rapidly reducing mineralized Fe(III) on the surface of the 

iron core back to Fe(II) for iron mobilization and release from the Bfr lumen (104). 

 The final subclass of ferritins encompasses the DNA-binding proteins from starved cells 

(Dps), also referred to as “mini-ferritins.” As their name implies, Dps containers are natively 

induced in nutrient starved stationary phase bacterial cells and function to protect cellular DNA 

from oxidative damage resulting from Fenton-based radicals (105, 106, 107). Structurally, Dps 

containers are spherical, dodecameric assemblies adopting a tetrahedral symmetry and possessing 

total exterior and interior diameters of 9 and 4.5 nm, respectively (Figure 1.7). As a result of their 

smaller dimensions relative to Ftn and Bfr, Dps cages are capable of only mineralizing up to 

approximately 500 iron atoms per nanocontainer (108). At the monomeric level, structural 

analyses indicate that Dps proteins likely share an evolutionary lineage with Bfr monomers (95). 

 Though Dps monomers adopt the same 4-helical bundle fold typical of Ftn and Bfr 

monomers, several key differences distinguish the Dps proteins from those of their fellow 

subclasses. First, whereas both Ftn and Bfr monomers possess intrasubunit ferroxidase centers 

located near the center of their respective 4-helical bundles, Dps cages utilize an intersubunit 

ferroxidase site that is assembled at the luminal 2-fold symmetry axis from residues belonging to 

adjacent shell monomers (95, 109). Once assembled into complete cages, Dps containers have 
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similar 3-fold symmetry pores as those found in Ftn and Bfr, though the Dps pores are slightly 

smaller and possess relatively less net anionic charge density (106). Perhaps the largest structural 

difference intrinsic to Dps monomers, though, is the presence of an extended segment of 

polycationic residues on the N-terminus that extends outward into the surrounding solvent (108, 

110). These polycationic tags have subsequently been shown to facilitate the binding of expressed 

Dps cages to host cell DNA in a sequence-independent manner. This physical tethering of Dps 

containers to host DNA affords the genomic material specific protection from reactive oxygen 

species both by locally sequestering Fe(II) ions and also by effectively capping the polyanionic 

charges of the DNA backbone that would otherwise attract Fe(II) via Coulombic attraction (108, 

110).  

 

1.1.6 – Synthetic Protein Cage Assemblies 

 

 One of the consistent themes of living systems is that biological molecules assembled from 

simple building blocks often present physical, chemical, and functional properties greater than 

those of their constituent components. This phenomenon is evident as well in the plethora of 

protein-based cage assemblies found in nature as such micro and nanoscale containers typically 

display attributes that are absent in their corresponding protomers, including biophysical 

robustness, dynamic assembly and disassembly behaviors, specific permeability restrictions, and 

the capacity to generate distinct microenvironments. Over the last 20 years, researchers have 

attempted to emulate this nonpareil of evolution through the rational design of protein cages that 

self-assemble in a bottom-up fashion from either small peptides (111, 112) or from proteins of 

natural origin which do not natively form cage-like structures in vivo (113-119). Macromolecular 



25 
 

cages generated in this manner have the potential to present novel morphologies and/or tailored 

higher-order functions for varied biotechnological applications (66, 120). Several key findings 

have emerged from these early efforts, the first of which is that the assembly of proteins into 

macromolecular complexes in nature is largely dictated by the principles of symmetry (120, 121). 

Specifically, symmetrical designs are believed to be evolutionarily favorable as they inherently 

minimize the total number of unique interfacial contacts requiring optimization between subunits 

within an assembly (66, 120, 121). The second finding was that a minimum of two distinct subunit 

rotations (e.g. 2-fold, 3-fold, etc., referred to as “symmetry groups,” and abbreviated C2, C3, etc.) 

are necessary for assembly of complete macromolecular cage structures; propagation of a single 

symmetric interface, by contrast, tends to yield more simplistic oligomeric structures such as cyclic 

rings or head-to-tail filaments (121). The primary design challenge researchers must address is 

thus to design specific protein-protein interactions between protomeric subunits that will yield the 

Figure 1.9 – A) Synthetically designed 12-mer tetrahedral cage (114). B) Engineered symmetry interfaces used to 

generate the synthetic cage. The 3-fold symmetry subunits were taken from the lower-right corner of the full cage 

structure in A) and the colors were changed slightly for clarity. 
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necessary symmetry elements at the proper geometries for self-assembly into cage structures (113, 

115, 116).  

 Fortuitously, the design of non-native self-assembling structures can be simplified by 

employing naturally oligomeric proteins as the composite protomeric subunits, utilizing the natural 

symmetry interfaces intrinsic to the protomers to aid in cage construction rather than designing the 

requisite symmetry groups entirely de novo (113, 122). Accordingly, two separate methodologies 

have been employed to accomplish cage assembly using oligomeric protomers. The first method, 

pioneered by Padilla et al. in 2001, involves the genetic fusion of two or more protein subunits 

that natively display different oligomeric states to fulfill the symmetry requirements for a given 

architecture (113). As an initial proof-of-principle, the trimeric bromoperoxidase A2 from 

Streptomyces aureofaciens (PDB ID: 1BRO) was fused to a dimeric portion of the Influenza virus 

matrix protein M1 (PDB ID: 1AA7) using a rigid α-helical linker, which subsequently generated 

a tetrahedral 12-mer cage upon recombinant expression of the fusion protein in E. coli according 

to TEM and sedimentation analyses (113). This design principle was later refined and used to 

generated both nanoscale tetrahedral (114, 123) and cubic (115) assemblies with sufficient 

ordering to obtain atomic-resolution crystal structures. In a similar method, engineered α-helical 

coils known to self-assemble into C3, C4, and C5-symmetrical coiled-coils were fused onto the C-

terminus of a trimeric esterase from Pseudomonas putida IFO12996 (PDB ID: 1ZOI) in separate 

experiments (118, 124, 125). Using flexible peptide linker sequences between the C-terminus of 

the esterase and the start of the coil sequence, the resulting container assemblies were shown to 

adopt tetrahedral, octahedral, and icosahedral morphologies using the C3, C4, and C5 coiled-coils, 

respectively; however, none of these assemblies have been verified at atomic scale to date as the 

coiled-coils have been shown to yield a mixture of homo-oligomers during recombinant 
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expression, presumably due to the flexibility afforded to the α-helical coils by the designed peptide 

linkers (118, 124, 125). This problem of homo-oligomerization has been observed in several of 

previous studies as well, and will require further optimization in future experiments to elucidate 

the geometric considerations necessary to generate homogeneous assemblies (115). 

The second method for generating non-native cage structures involves the use of 

computational algorithms, such as the symmetry algorithms built into the Rosetta software suite 

(126, 127), to engineer de novo intersubunit interactions in order to generate novel protomer 

interfaces capable of prompting self-assembly (122). This process typically follows two key steps 

in which the oligomeric protein subunits are symmetrically docked into a desired target 

architecture, and then multiple low energy protein-protein interactions are designed at the resulting 

interfaces between symmetrical units (122). Using this methodology, King et al. were successful 

in constructing both 12-mer and 24-mer cages adopting tetrahedral and octahedral symmetries, 

respectively, from the same trimeric variant PduTC38S coat protein originally native to a 

propanediol-utilization BMC (PDB ID: 3N79) (122). Crystal structures obtained for both cage 

architectures revealed that the novel protein-protein sidechain interactions at the engineered 

interfaces closely matched the computationally designed orientations, though the computational 

designs were not entirely successful as additional point mutations were subsequently introduced 

into the tetrameric cage to eliminate a slow oligomeric exchange between the trimeric subunits 

and the assembled 12-mer cages (122). This same methodology was subsequently used to generate 

a robust 60-mer wireframe dodecahedron from a trimeric class I KDPG aldolase native to 

Thermotoga maritima (PDB ID: 1WA3); the resulting cage structure was found to be stable up to 

80°C, could withstand guanidine hydrochloride treatment up to a concentration of 6.7 M, and was 
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found to be capable of reversible disassembly in the presence of 2.25 M guandinium thiocyanate 

(128). 

 

Figure 1.10 – Computationally-designed icosahedral nanocontainers using either C5 + C2 symmetry interfaces (left, 

PDB ID: 5IM4), C5 + C3 interfaces (middle, PDB ID: 5IM5), or C3 + C2 interfaces (right, PDB ID: 5IM6). All 

structures originate from (117). Structures not to represented to scale. 

Expanding the computational methodology even further, two-component cage structures 

have also been designed using novel interfaces generated between two different oligomeric protein 

subunits, which has attractive biotechnological implications as multi-component assemblies have 

the potential to form a larger repertoire of geometric morphologies that cannot be accessed with a 

single protomeric subunit (117, 129). In one such study, atomic resolution structures were obtained 

for two sets of 24-mer architectures adopting tetrahedral point symmetries, which were generated 

using either four copies of two distinct trimeric protein oligomers (C3 + C3 subunit symmetries), 

or four copies of a trimeric subunit in conjunction with six copies of a dimer subunit protein (C3 + 
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C2 subunit symmetries) (129). Interestingly, the tetrahedral cages could be formed both through in 

vivo coexpression of the two oligomeric protomers, or by in vitro mixing of separately purified 

protomers, representing the ability to impart user-defined temporal control over cage assembly 

(129). Following the initial success with the 24-mer assemblies, larger 120-mer icosahedral cages 

with molecular weights of 1.8 to 2.8 MDa were constructed in a follow-up study from two-

component designs employing paired sets of either 12 pentameric and 20 trimeric protomers (C5 

+ C3), 12 pentameric and 30 dimeric protomers (C5 + C2), or 20 trimeric and 30 dimeric subunits 

(C3 + C2) (117). These larger cages (24 to 40 nm in external diameter) were capable of in vitro 

self-assembly like their 24-mer tetrahedral predecessors, and were also capable of internalizing 

cargo proteins during in vitro assembly on the basis of charge complementarity (117). 

While the computational design of novel cage architectures represents an incredibly 

powerful tool for de novo nanocontainer design, the methodology is not without its limitations. 

One particularly persistent problem is that the majority of the both single and multi-component   

designer cages are insoluble upon recombinant expression in host strains, which necessitates the 

computational design and screening of large subsets of candidates (117, 128-130). This insolubility 

factor, which is currently difficult to predict a priori, is likely a result of the novel interface designs, 

which often involve the replacement of hydrophilic residues in favor of hydrophobic patches 

intended to drive self-assembly (66, 119, 129). Additionally, the algorithmic analyses needed to 

generate the large subsets of candidate designs are both extensive, time consuming, and require 

significant computing power (118). However, continuous advances in both computational 

technologies and algorithmic designs will likely reduce these burdens in the years to come. 
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1.2 – Therapeutic Applications of Protein Containers 
 

1.2.1 – Polyvalent Vaccine Scaffolds  

 

  Vaccines are undoubtedly one of mankind’s greatest innovations given their widespread 

and beneficial impacts on human health, wellbeing, and longevity. Historically, the first systematic 

implementation of prophylactic vaccinations dates back to Edward Jenner’s development of a live 

attenuated smallpox vaccine in the late 18th century (131, 132). Over the last 200 years following 

this epidemiological breakthrough, vaccination strategies have continually advanced with modern 

licensed vaccines now including an array of live attenuated whole organisms, inactivated (i.e. 

deceased) organisms, or isolated protein and polysaccharide epitopes abstracted from pathogenic 

species (132). Recent estimates from the World Health Organization indicate that current 

vaccination strategies save up to 2.5 million lives annually across the globe (133), and routine 

vaccination regimens have either eliminated or can effectively prevent infections from poliovirus, 

smallpox, measles, mumps, diphtheria, rubella, and hepatitis A (72, 134). In spite of their many 

successes, however, there still remain a vast number of microbial and viral pathogens for which 

no effective vaccines have been developed; consequently, vaccine development remains a critical 

area of study among the scientific, clinical and public health fields. 

 VLPs, and to a lesser extent other proteinaceous cage structures such as ferritins and 

encapsulins, have been increasingly incorporated into novel vaccine designs over the last 40 years 

following the commercial licensing of a VLP-like vaccine derived from the HBV surface antigen 

(HBsAg) protein in 1981 (135). Several VLP-derived vaccines have subsequently been licensed 

for prophylactic use in humans or animals, including both Gardasil® and Cervarix® for the 
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prevention of cervical cancers resulting from human papilloma virus infection, Hecolin® for 

prevention of hepatitis E virus infection, and both Porcilis® PCV and CircoFLEX® for the 

prevention of porcine circoviruses in commercial swine populations (72, 136). The success of these 

vaccines is a result of several key structural and practical features of VLPs that make them ideal 

candidates for vaccine development. As described previously in Section 1.1.3 (above), VLPs are 

hollow cage structures assembled from recombinantly expressed viral capsid proteins. Given that 

VLPs are assembled devoid of the native viral genome, they are non-infectious and thus safer than 

traditional attenuated live vaccines, which can sometimes recover virulence upon introduction into 

a host (137). Additionally, VLPs mimic the morphological traits of viral capsids, including the 

high density display and regular ordering of surface exposed antigens. This dense display of 

surface antigens has been shown to elicit stronger host immunogenic responses relative to 

monovalent antigen vaccines due to more extensive cross-linking of B-cell surface receptors 

resulting from polyvalent B-cell/VLP interactions (131, 138). Likewise, the overall size of VLPs, 

typically within the range of 20 to 200 nm, has been shown to favor their uptake by antigen 

presenting cells and to permit them direct access to the lymphatic system for effective immune cell 

targeting (131, 139). Finally, the recombinant expression of VLPs is often facile and scalable in 

common industrial expression hosts, including E. coli, yeast, insect, plant, and mammalian cells, 

or even in cell-free expression systems (132, 140, 141). 

 In addition to their capacity to serve directly as antigenic vaccine agents, VLPs and other 

proteinaceous cages have become attractive scaffolds for the generation of polyvalent chimeric 

nanocages displaying non-native antigens due to their robustness and their tolerance to both 

chemical and genetic modifications (70). This concept was proven viable in the late 1980s when a 

19 amino acid protein epitope derived from a portion of the VP1 protein originating from the foot 
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and mouth disease virus (FMDV) was recombinantly fused into the VLP-forming hepatitis B core 

antigen (HBcAg) (142). Chimeric HBcAg-VP1 epitope VLP assemblies were subsequently shown 

to elicit immunogenic responses nearly as strong as the FMDV itself while the same VP1 epitope 

provoked a significantly weaker response when administered alone or fused to the N-terminus of 

a monomeric β-galactosidase carrier protein (142). This particular route of vaccine candidate 

development holds great promise given the ever increasing sophistication of bioinformatic and 

molecular biology technologies that have continued to rapidly advance over the last half century. 

 

1.2.2 – Nanoscale Delivery Vehicles and Imaging Agents 

 

 The ability to individually target specific tissues and cell types in vivo is of great 

importance in modern medicine for effectively treating various disease states while simultaneously 

minimizing deleterious off-target side effects. For example, the ability to specifically deliver 

cytotoxic antineoplastic drugs to tumor cells represents a persistent challenge in numerous 

chemotherapeutic treatment strategies given that many such pharmaceuticals are non-specific and 

have well-known propensities to also target rapidly proliferating non-cancerous tissues, such as 

blood cells, hair follicles, and the gastrointestinal epithelium (143-145). Similar to the 

development of vaccine scaffolds, many protein-based cages natively possess structural and 

biophysical features making them well-suited for the development of specific nanoscale vehicles 

capable of facilitating the delivery of small molecule drugs, genetic materials, antibodies, and 

therapeutic biocatalysts both in vitro and in vivo (146-149). Particularly, naturally-derived protein 

cages are biocompatible, they are within the appropriate size range for efficient cellular uptake via 

endocytosis, they have the potential to support high loading capacities of therapeutic drugs and 
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biologics due to their large surface areas and internal volumes, and they can be specifically 

modified to present a variety of targeting ligands, including peptides, aptamers, and carbohydrates, 

on their exterior surfaces for tissue-specific delivery of their cargoes (134, 144, 148, 150). Several 

studies have also shown that conjugation of hydrophobic drug molecules to proteinaceous 

nanocages can increase their solubility, thereby increasing both their bioavailability and efficacy 

in vivo (134, 149, 151). 

 

Figure 1.11 – Cartoon representations of several commonly applied nanovehicle designs. In all designs above, the 

porous protein cages are depicted as black hexagons while the red and blue surface loops represent cell-specific 

targeting ligands decorated on the cages’ exterior surfaces. In the left-hand and middle designs, therapeutic cargoes 

are represented by the glowing green spheres. In the right-hand design, a model nanoparticle is represented by the 

glowing golden sphere. 

 Generally, drug molecules are either chemically functionalized onto protein cage exterior 

surfaces or are confined within the cages’ lumens for therapeutic delivery applications (70, 144). 

Internalization of drug molecules presents the added benefits of protecting the drug from the 

surrounding environment while also preventing harmful cytotoxic effects due to non-specific drug 

exposure during circulation of the nanocarrier vehicle (144). Luminal loading of protein 

nanocontainers is typically accomplished using either pores natively distributed throughout the 

nanocontainers’ shells, or by reversibly disassembling and reassembling the containers in the 
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presence of the drug molecule (146, 149, 150). Additionally, therapeutic cargoes can be either 

passively encapsulated, or they can be directed into a container’s lumen using either some form of 

internal targeting ligand or via chemical conjugation (70, 149). For example, given that the native 

function of viral capsids is to encapsulate viral genetic material, multiple groups have successfully 

loaded recombinant VLP nanocontainers with silencing RNAs (siRNAs) or antisense 

oligonucleotides by allowing the nucleic materials to passively bind to the viral coat proteins’ 

luminal faces (152-155). In a particularly eloquent example, Ashley et al. utilized both passive and 

directed encapsulation strategies to package and deliver several therapeutic cargoes to Hep3B 

human hepatocellular carcinoma cells in vitro using MS2 VLPs presenting surface-conjugated 

SP94 and H5WYG peptide targeting ligands (152). Specifically, the MS2 nanovehicles were 

charged with either siRNAs (i.e. passive packaging) or several RNA oligonucleotide-labeled 

therapeutic cargoes and imaging agents (i.e. directed packaging), including cadmium selenide 

(CdSe) and zinc sulfide (ZnS) quantum dots, the ricin toxin A-chain, and the anticancer drugs 

doxorubicin, cisplatin, and 5-fluorouracil (152). Further examples in which protein nanocontainers 

were utilized for the targeted delivery of therapeutics are listed in Table 1.1, below. 

 As alluded to in the example above, proteinaceous nanocontainers have also gained 

significant attention in recent decades as modular scaffolds for tissue-specific cell imaging 

applications. Similar to the delivery of therapeutic drugs and biologics, nanocontainers employed 

for cellular imaging are first either decorated or filled with a variety of molecular contrast agents, 

including fluorophores, quantum dots, and metals. The loaded nanovehicles can then be directed 

towards certain cell types in vivo using externally-presented targeting ligands for use in 

fluorescence-based imaging, positron emission tomography (PET), and magnetic resonance 

imaging (MRI) technologies (68, 156, 157). The use of protein nanocontainers as delivery 
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Table 1.1 -    Recently employed protein nanocontainers as delivery vehicles for therapeutic agents. Abbreviations: CCMV – cowpea chlorotic mottle virus; CPMV 

– cowpea mosaic virus; HBV – hepatitis B virus; TMV – tobacco mosaic virus.

Nanocontainer Therapeutic Cargo Targeting ligand Reference

Ferritin/Apoferritin Cisplatin Antibody against melanoma antigen CSPG4 Falvo et al. (2013)

Trastuzumab Fc-binding peptide Kang et al.  (2012)

Doxorubicin RGD4C peptide Zhen et al.  (2013)

ZW800

CCMV Doxorubicin Folic acid Barwal et al.  (2016)

IR-780 iodide dye F3 peptide Wu et al.  (2017)

CPMV Proflavine -- Yildiz et al.  (2013)

HBV siRNA RGD peptides Choi et al.  (2013)

M13 Doxorubicin SPARC binding peptide Ghosh et al.  (2012)

MS2 Cisplatin SP94 peptide Ashley et al.  (2011)

Doxorubicin

5-fluorouracil

Ricin-toxin A chain 

siRNA

Antisense oligonucleotide Transferrin Wu et al.  (2005)

Porphyrin Jurkat leukemia T-cell aptamers Stephanopoulos et al.  (2010)

MicroRNA 146a HIV1 Tat47-57 peptide Pan et al.  (2012)

AuNP EGFR affibody peptide Kwon et al.  (2014)

P22 Aldoxorubicin EGFR affibody peptide Kim et al.  (2019)

HER2 affibody peptide

Bortezomib SP94 peptide Min et al.  (2014)

Qβ Human epidermal growth factor Pokorski et al.  (2011)

Porphyrin B-cell targeting glycan ligand Rhee et al.  (2012)

TMV Doxorubicin RGD peptides Tian et al.  (2016)

T. maritima  encapsulin Doxorubicin SP94 peptide Moon et al.  (2014)

Doxorubicin RGD4C peptide Min et al.  (2014)

Bortezomib SP94 peptide

Doxorubicin Fc-binding peptide Kim et al.  (2016)

Aquifex aeolicus  lumazine 

synthase
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platforms for contrast agents is particularly appealing due to several key factors. First, the 

nanoscale sizes, uniform morphologies, and large payload capacities of nanocontainers allows 

them to carry high concentrations of imaging agents within small spatial loci, which can greatly 

improve contrast resolution for more accurate imaging (156-159). Additionally, the 

biocompatibility of many protein cage species allows both the cages and their affiliated cargoes to 

be cleared from the body quickly, whereas heavy metal quantum dots and paramagnetic 

nanoparticles (NPs) have been shown to persist in certain tissues where toxic leaching of heavy 

metals can occur over time (156, 157, 160). Finally, the ability of protein containers to stabilize 

metal NPs of varying sizes has also been shown to enhance MRI imaging by significantly 

increasing the particles’ transverse and longitudinal relaxivities (161, 162). Table 1.2 below details 

several recent studies describing the use of various nanocontainer platforms as targeted delivery 

vehicles for contrast imaging agents. 

 

Table 1.2 - Recently employed protein nanocontainers as delivery vehicles for contrast imaging agents. Abbreviations: 

CPMV – cowpea mosaic virus; PVX – potato virus x; TMV – tobacco mosaic virus. 

Nanocontainer Imaging Agent Targeting ligand Reference

Ferritin/Apoferritin Fluorophore RGD4C peptide Lin et al. (2011)

64
Cu

Gadolinium C3d peptide Crich et al.  (2006)

Co(II)-doped iron oxide NP Melanoma targeting peptide Fantechi et al.  (2014)

Fe3O4 NP RGD peptide Kitagawa et al. (2017)

Fe3O4 NP EGFR affibody peptide Li et al.  (2012)

CPMV Fluorophore Pan-brombesin peptide analog Steinmetz et al.  (2011)

Fluorophore VEGFR-1 peptide ligand Brunel et al.  (2010)

HK97 Fluorophore Transferrin Huang et al. (2010)

MS2 QDs SP94 peptide Ashley et al.  (2011)

Fluorophore Jurkat leukemia T-cell aptamers Tong et al. (2009)

P22 Fluorophore EGFR affibody peptide Kim et al.  (2019)

HER2 affibody peptide

PVX Fluorophore GE11 peptide Chariou et al.  (2015)

TMV Gadolinium VCAM-1 targeting peptide Bruckman et al.  (2015)

Fluorophore

T. maritima encapsulin Fluorophore SP94 peptide Moon et al.  (2014)

Fluorophore Fc-binding peptide Moon et al.  (2014)
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1.3 – Protein Containers as Nanoscale Catalytic Scaffolds 
 

1.3.1 – Enzymatic Catalysis 

 

Over the last two decades, significant research efforts have been devoted to repurposing 

natural protein cage architectures of varying sizes and morphologies to create micro- and nanoscale 

storehouses for functional enzyme biocatalysts (i.e. nanoreactors). In particular, synthetic 

biologists have sought to generate novel catalytic scaffolds and biomaterials for in vitro and in 

vivo applications by exploiting the inherent biocompatibility, plasticity, and monodispersities of 

naturally-derived protein containers (163, 164). In many reported cases, encapsulation affords 

several distinct benefits to non-native enzyme cargoes, such as increased thermostability, 

resistance to proteolytic degradation, the prevention of catalyst loss due to aggregation, and even 

tolerance to elevated concentrations of organic solvents (165-169). Additionally, several research 

groups have shown that the concentrations of non-native cargoes can be user-modulated, allowing 

researchers to tune both the molecular crowding of guest enzymes and, by extension, the catalytic 

properties of the resulting nanoreactor (170-172). For example, Azuma et al. recently showed that 

the encapsulated concentration of a computationally engineered retroaldolase variant could be 

linearly controlled up to a maximum of 45 copies of enzyme within an engineered lumazine 

synthase nanocontainer (170). The authors subsequently found that at low enzyme packing 

densities (~8 enzymes per container), the kcat of the retroaldolase catalysts was unaffected while 

the KM for a fluorogenic test substrate was increased 4.5-fold. However, increasing the 

concentration of retroaldolase enzymes further resulted in concurrent decreases in the measured 

kcat value. 
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Similar to the non-native therapeutic and imaging agents discussed in Section 1.2 above, 

biocatalyst cargoes can also be packaged into nanocontainers both in vivo and in vitro using an 

assortment of recombinant and post-translational means. As a general overview, enzymes can be 

non-specifically encapsulated by stochastic capture during in vitro assembly of capsid shells (173, 

174), through natural or engineered non-covalent interactions between the capsid interior surface 

and the enzyme cargo, and through covalent means of tethering the enzyme within the container 

lumen (175). Natural non-covalent encapsulation relies on repurposing lumen-orienting peptide or 

nucleic acid affinity ligands derived from either capsid scaffolding proteins or from the native 

biological cargo for a given container, such as the EPs of metabolosome BMCs, the Clps of 

microbial encapsulins, or the scaffolding protein of the P22 VLP (41, 42, 47, 176). Alternatively, 

engineered interactions are typically accomplished using paired coiled-coil interactions, 

Coulombic attraction between the biocatalyst and the container interior, or particularly in the case 

of VLPs, RNA aptamers designed to advantageously imitate the native genomic cargo of a viral 

capsid (81, 177, 178). By contrast, covalent attachment of cargoes within nanocontainers is 

typically accomplished by recombinantly fusing the cargo enzyme to a luminally-oriented 

terminus of the nanocontainer protomer, by Sortase A-mediated peptide ligation, or through the 

use of isopeptide bonds formed by SpyCatcher/SpyTag pairs (179-181). 

In addition to the encapsulation of single enzymes, the use of nanocontainers as templates 

for the development of artificial multienzyme pathways performing sequentially-acting catalytic 

transformations (i.e. metabolons) has also been explored in recent years. In a seminal work in the 

field, Patterson et al. developed a three-enzyme cascade within P22 VLPs by recombinantly fusing 

a β-glycosidase, a galactokinase, and a glucokinase together with flexible peptide linkers 

distributed between them (182). The three tethered enzymes were successfully directed into the 
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P22 lumen via a truncated scaffolding protein motif that natively binds on the capsid interior wall 

(183). Interestingly, while the three-enzyme metabolon was shown to be functional within the P22 

lumen, competitive inhibition of the initial β-glycosidase enzyme was needed in order to 

artificially repress its efficiency to increase substrate flux through the entire metabolon. These 

results indicate that the relative catalytic efficiencies and stoichiometries of metabolon enzymes 

must be considered in multistep pathway design, similar to what has been observed previously 

when synthetic metabolons were generated using flexible peptide scaffolds (184, 185).  

In another example, Giessen and Silver employed the SpyCatcher/SpyTag bacterial 

superglue system (181) to covalently load a pyridoxal phosphate-dependent tryptophanase, TnaA, 

and a flavin mononucleotide-dependent monooxygenase, FMO, simultaneously into the lumen of 

MS2 VLPs in vivo for the two-step production of indigo dye from two equivalents of L-tryptophan 

(179). Measured indigo output from several nanoreactors containing different ratios of the two 

enzyme catalysts showed that optimal metabolon production occurred when approximately 4 

copies of TnaA and 2 copies of FMO were loaded into the MS2 VLPs. A subsequent in vitro 

comparison of the optimized nanoreactors with the same stoichiometric ratio of non-encapsulated 

enzymes showed that overall indigo production was nearly equivalent between the two samples. 

However, the catalytic activities of the non-encapsulated enzymes dropped to < 30% and < 10% 

at three and seven days post-purification, respectively, while the MS2-encapsulated enzymes 

maintained their starting activity levels over the same seven day timespan, indicating that 

encapsulation greatly extended the functional lifetimes of the individual biocatalysts. Additionally, 

the indigo-producing nanoreactors were shown to function in vivo as well, with E. coli host cells 

expressing the MS2-based metabolons exhibiting a 60% increase in indigo production relative to 

a parallel E. coli strain containing non-encapsulated TnA and FMO enzymes. Collectively, these 
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works indicate that nanocontainer-based metabolons can be utilized as artificial organelle 

structures in vivo, which could be a beneficial addition to preexisting metabolic engineering 

platforms (186).  

 

1.3.2 – Non-enzymatic Catalysis 

 

 In addition to the encapsulation of enzyme biocatalysts, the symmetrical structures and 

limited internal volumes of protein cages have been increasingly exploited as scaffolds for the 

size-constrained synthesis of highly uniform metal NPs. This particular application of protein 

nanocontainers has gained significant interest over the last decade following the discovery that 

many such metal, metal oxide, and quantum-dot NPs are capable of performing catalytic 

transformations akin to those of enzymes and traditional chemocatalysts (187). Specifically, Gao 

et al. discovered in 2007 that Fe3O4 ferromagnetic NPs, similar to those naturally mineralized 

within the cores of Ftn nanocages, possess intrinsic peroxidase-like catalytic activities highly 

Figure 1.12 – General approach to mineralizing NPs within nanocontainer shells for subsequent nanozyme-based 

catalysis with the encapsulated NP. 
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reminiscent of heme-containing peroxidase enzymes (188). In the years following this initial 

discovery, a variety of nanomaterials possessing inherent enzyme-like catalytic activities, which 

have since been classified as “nanozymes” (189), have been developed, such as Prussian blue and 

Mn3O4 NPs collectively possessing peroxidase-, catalase-, glutathione peroxidase-, and superoxide 

dismutase-like activities (187, 190). 

 Studies with catalytic nanozymes have shown that NP size directly affects the associated 

catalytic behavior as smaller NPs possess higher surface areas, and thus present a larger number 

of available reactive sites (188). Accordingly, the ability to develop monodisperse nanozyme NPs 

within the constrained interior volumes of protein nanocages is highly appealing. Ftn and 

apoferritin (i.e. ferritins lacking the native ferrihydrite core particles; Aftn) nanocages have been 

extensively exploited for the development of ~4-6 nm nanozyme NPs in recent years, either 

through natural Ftn-catalyzed mineralization of various metals, through the accumulation of metal 

ions within the nanocage interior (mediated by the net anionic charge of the Ftn lumen) followed 

by treatment with reducing agents such as sodium borohydride (NaBH4), or through the 

disassembly and reconstruction of the Ftn shell (191, 192). As an example, Ueno et al. generated 

palladium NPs within Aftn cages by reducing Pd(II) metal ions with NaBH4 that were capable of 

performing the catalytic hydrogenation of a series of olefin compounds in aqueous media (193). 

Given the relatively small diameter and highly anionic character of Aftn pores, the authors 

observed that smaller substrates with more cationic character were granted preferential access to 

the encapsulated Pd-NPs over larger or more anionic substrates. In a similar work, Liu et al. 

successfully encapsulated 4.5 nm nanoceria (CeO2) NPs within Aftn shells by reversibly 

disassembling the Aftn cages in vitro. Subsequently, encapsulation of the nanoceria NPs within 

Aftn shells allowed the NPs to be efficiently endocytosed into HepG2 cells in vivo via ferritin 
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specific receptor-mediated endocytosis where they were able to catalytically scavenge reactive 

oxygen species more effectively than superoxide dismutase (194). In addition to Ftn cages, size-

constrained NP synthesis has also been accomplished within the larger void spaces of VLPs and 

encapsulins using either direct capsid-promoted mineralization or specific mineralization initiated 

by genetically introduced metal-binding affinity tags (195-197). 

 Within the last decade several protein nanocages have also been used as scaffolds for the 

specific templating of organometallic chemocatalysts. Ftn and Aftn cages have been the 

predominantly employed nanocages for these applications due to their particular affinities for the 

direct coordination of various metals (198-200). Abe et al. showed that the Aftn cages generated 

using the L-subunits from horse liver (L-subunits lack the catalytic ferroxidase center, but retain 

the metal accumulation center; see Section 1.1.5 above) were capable of coordinating a 2,5-

norbornadiene-rhodium(I) ligand on their interior surfaces following incubation of Aftn cages with 

2,5-norbornadiene-rhodium(I) chloride dimer complexes in a 9% acetonitrile aqueous solution 

(198). Subsequently, the rhodium-functionalized Aftn cages were used to catalyze the size-

constrained synthesis of phenylacetylene polymers within the containers’ luminal spaces. Several 

years later, Maity et al. employed a similar strategy with the same horse liver L-subunit Aftn cages 

to coordinate both palladium and iridium-containing chemocatalysts within lumen of Aftn in order 

to perform the two-step generation of biphenyl ethanol from Suzuki-Miyaura coupling and 

hydrogenation reactions in an aqueous medium using 4-iodoacetophenone as the initial substrate 

(199). While the overall reaction yield was low (~10% total conversion), a control reaction 

performed under the same aqueous conditions with the corresponding [IrCp*Cl2]2 and 

[Pd(allyl)Cl]2 complexes in the absence of the Aftn cage showed that only the palladium-mediated 
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coupling reaction occurred (~85% conversion), indicating that coordination of the iridium catalyst 

with the Aftn cage provides stabilization for the chemocatalyst in aqueous solvent. 

 

1.3.3 – Dual Chemo-biocatalytic Cascades 

 

 Given that numerous protein containers have been derivatized with both biocatalysts and 

chemocatalysts, several groups have recently used protein cages as scaffolds to template combined 

chemo-biocatalytic reaction complexes. Patterson et al. recently employed the P22 VLP as a 

scaffold capable of housing both a covalently-tethered rhodium-based chemocatalyst and a non-

covalently scaffolded NADH-dependent alcohol dehydrogenase enzyme (AdhD) within the 

container lumen (201). The authors showed that the encapsulated AdhD biocatalysts were able to 

successfully reduce acetoin to 2,3-butanediol, generating NAD+ in the process. Subsequently, the 

covalently-encapsulated rhodium complex was used to regenerate the NADH cofactor to fuel 

additional rounds of AdhD-mediated acetoin conversion by coupling the reduction of NAD+ to the 

oxidation of sodium formate with carbon dioxide liberated as the oxidized byproduct. While the 

combined chemo-biocatalyst cascade was functional, the authors did note that the activity of the 

encapsulated rhodium-complex was approximately 48-fold slower as compared to the non-

encapsulated chemocatalyst. 

 In a more recent work, Bari et al. successfully utilized the highly uniform exterior surface 

topology of Pdu BMCs as nucleation sizes for the templated formation of catalytically active gold 

NPs (AuNPs) (202). Purified Pdu metabolosomes exposed to auric chloride were shown to 

subsequently facilitate the growth of ~2-3 nm AuNPs evenly distributed across the Pdu exterior 

surfaces. Interestingly, not only were the surface-bound AuNPs able to catalyze the reduction of 
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4-nitrophenol to 4-aminophenol on the container exterior, but the Pdu compartments also retained 

their native metabolic function as they were observed to readily convert 1,2-propanediol into 

propionaldehyde. While the biocatalytic and chemocatalytic reactivities of these augmented BMCs 

were not directly coupled to one another, they were nonetheless compatible and showed that the 

BMC shell could serve as an efficient barrier between the two catalytic species. This type of 

physical separation of biocatalysts and chemocatalysts using the shells of protein cages may be 

advantageous for future designs as it has been well established in a number of one-pot dynamic 

kinetic resolution experiments involving organometallic catalysts and lipases that the two catalysts 

must often be separated to prevent destruction of the organometallic complexes or poisoning of 

the lipases (203, 204). 

 

1.4 – Novel Biomaterials from Nanocontainer-derived Supramolecular Assembly 
 

1.4.1 – Applications and Advantages of Supramolecular Assembly 

 

 As the breadth of research efforts into the catalytic functionalization of VLPs, encapsulins, 

and other nanoscale containers continues to expand, there has naturally emerged an increasing 

interest in translating these advances with individual nanoreactors into larger scale, 

multidimensional assemblies. Accordingly, such biological compartments inherently possess 

many appealing qualities for the construction of higher-order supramolecular structures, such as 

their exquisite uniformity with respect to their sizes, symmetries, and anisotropic topological 

features, as well as the ease with which exterior surface modifications can be introduced either 

genetically or post-translationally (69, 70). As such, the self-assembly of protein nanocontainers 
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into ordered structures on nano- to micrometer length scales presents a number of unique 

opportunities for the precise templating of biocatalysts, chemocatalysts, and/or catalytic metal 

nanoparticles into porous, geometrically-defined biomaterials (205-208). Recent works have 

exemplified some of the unique benefits of such supramolecular array structures, including the 

generation of artificial multistep catalytic pathways (208), and the dense packing of catalysts 

within a small spatial locus, allowing for higher overall catalyst loads within a given reaction 

volume as compared to reactions containing catalysts dispersed homogeneously in solution (207, 

209). Additionally, arranging proteinaceous nanoreactors in defined lattice arrays can permit the 

facile observation of container structural features, including morphological changes resulting from 

capsid engineering or cargo packaging, using techniques such as cryo-EM (210). Finally, the 

recovery and reuse of bulk superstructures is typically feasible using gentle separation methods, 

such as centrifugation or filtration (208), while some superstructure lattices can even be reversibly 

disassembled and reassembled as needed via select changes to the solution phase conditions (206, 

211, 212). 

 

1.4.2 – Two-dimensional Assemblies 

 

 Functionally, the simplest methods for the formation of multidimensional biomolecular 

assemblies typically involve the deposition and subsequent drying of nanocontainers on solid 

surfaces (213), non-covalent adsorption of containers via electrostatic interactions with a charged 

surface (209, 214, 215), or the direct covalent attachment of containers to functionalized supports 

(216, 217). Alternatively, dense two-dimensional (2D) arrays of viral capsids can be 

electrostatically preassembled at the liquid-air interfaces of Langmuir-Blodgett monolayers and 
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subsequently transferred to solid supports for downstream applications (210, 214, 218, 219). 

Finally, both top-down and bottom-up nanolithography technologies have been successfully 

implemented to create specified 2D arrangements of nanocontainers on surfaces for various 

applications, such as the development of nanoelectronics, biosensors, and catalytically active chips 

(209, 220-224).  One particularly interesting example was recently presented by Koch et al. in 

which the authors used engineered TMV capsids adsorbed to solid supports as scaffolds capable 

of binding high quantities of functionalized glucose oxidase and horseradish peroxidase enzymes 

for the development of a two-step catalytic biosensor (209). Subsequent analysis of the sensor 

performance revealed that virus-immobilized enzymes exhibited a 45-fold catalytic rate 

enhancement as compared to equal solution volumes containing the two enzymes non-specifically 

adhered to the same solid support without the virus scaffold. Additionally, virus-immobilization 

increased the functional lifetime of the two sensor catalysts such that the biosensors were able to 

maintain >50% catalytic activity for up to three weeks. In light of these results, the authors 

conclude that such dense packing and stabilization of target proteins, in conjunction with stable 

surface adsorption of the viral scaffolds to solid supports, could be used for the development of 

both flow-cell based sensor and catalytic systems. 

 

1.4.3 – Three-dimensional Assemblies 

 

In addition to the formation of 2D nanocontainer arrays on surfaces, three-dimensional 

(3D) bulk assemblies can similarly be generated, typically in either a bottom-up layer-by-layer 

(LbL) fashion originating from a solid support, or as free-floating bulk crystals formed in solution 

(215, 225).  Collective research efforts over the last few decades have elucidated many of the 
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underlying physical principles that dictate the formation these types of superstructures. In almost 

all cases, synthesis of ordered 3D arrays is principally facilitated by the presence of some form of 

multivalent ion (i.e. Ca2+, Mg2+, etc.) (211, 226), chemical moiety (i.e. polyionic dendrimers, Ni-

NTA conjugates, etc.) (227-229), or biological bridging element (i.e. protein binding domains, 

ssDNA hybridization, etc.) (206, 225, 230-232) capable of non-covalently binding to two or more 

individual nanocontainers simultaneously. Additionally, extensive research regarding the interplay 

of solution pH and ionic strength for electrostatic-dependent assemblies has been reported (211, 

233). 

 The construction of LbL assemblies typically mimics the initial formation of 2D lattices as 

protein nanocontainers are adsorbed onto solid supports via electrostatic or covalent interactions. 

Higher-order assembly of additional nanocontainer strata is subsequently achieved in an iterative 

fashion by adhering multivalent bridging mediators to the base monolayer of container particles, 

followed by the addition of another layer of nanocontainers, and so on (231). In a recent work, 

Moon et al. used the covalent isopeptide bond-forming SpyCatcher/SpyTag system (181) to 

functionalize the exterior surfaces of AaLS containers with FKBP12 and FRB protein domains, 

which form heterodimers in the presence of rapamycin (234). Using the FKBP12/FRB-decorated 

containers for LbL assembly in the presence of rapamycin led to facile formation of discrete strata. 

Additionally, by only partially occupying the available SpyTag ligands presented on the AaLS 

shell, the authors were able to use the remaining free SpyTag ligands to simultaneously 

functionalize the AaLS containers with β-lactamase-SpyCatcher fusion enzymes. In so doing, LbL 

assembly promoted the formation of catalytically active superstructures exhibiting successively 

higher substrate turnover rates in a given reaction volume as the number of nanocontainer strata, 

and thus the overall amount of lattice-confined β-lactamase, were increased. 
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 In another clever example of superstructure formation, Liljestrom et al. advantageously 

used the difference in the isoelectric points of CCMV capsids (pI ~ 3.8) and avidin (pI ~10.5), 

along with the anisotropic distribution of the surface charges on the two entities, to electrostatically 

assemble ordered 3D lattice structures (206). Specifically, the negative charges on the exterior 

surface of CCMV capsids are largely centered around the 60 pores distributed across the 

nanocontainer surface while the tetrameric avidin has positively charged patches on each monomer 

that adopt a tetrahedral arrangement in the oligomeric structure. Given the relatively small size of 

the avidin tetramers relative to the CCMV capsids (~7 versus ~28 nm, respectively), the two 

proteins efficiently crystallized into densely packed body-centered cubic lattices on the micrometer 

length scale. While the crystal formation itself is impressive, the beauty of the electrostatic 

assembly used to form the superstructures is that the biotin binding sites of the avidin tetramers 

were left unaltered. As such, the authors subsequently showed that biotinylated fluorophores, gold 

nanoparticles, and even horseradish peroxidase enzymes could be incorporated into the crystal 

lattices both pre- and post-formation. Kinetic analyses of the crystals containing horseradish 

peroxidase showed that both pre- and post-functionalized samples exhibited >2-fold higher 

specific activity as compared to free enzyme in solution. 

 

1.5 – Aims and Scope of the Dissertation 
 

 The general theme of this dissertation focuses on the rational engineering of T. maritima 

encapsulin nanocontainers in order to generate biocatalytic scaffolds capable of performing multi-

step catalytic transformations in a facile and effective manner. 
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 Chapter 2 focuses on the genetic incorporation of both non-covalent and covalent peptide-

binding domains into the T. maritima encapsulin monomer at strategic locations such that the 

peptide domains are displayed on the external surface of the assembled nanocontainers following 

in vivo translation. These domains were subsequently used in attempts to generate ordered 

supramolecular assemblies of nanocontainers and to decorate the exterior surfaces of encapsulin 

nanocontainers with functional enzyme catalysts. In the latter case, detailed Michaelis-Menten 

assessments were used to elucidate the consequence of enzyme immobilization in regard to 

catalytic performance. 

 Chapter 3 expands on the surface functionalization work detailed in Chapter 2 to describe 

a dual-enzyme nanoreactor generated through the covalent attachment of one enzyme biocatalyst 

on the encapsulin surface and the simultaneous encapsulation of a second enzyme biocatalyst 

within the nanocontainer’s lumen. Substrate exchange between the two enzymes was investigated 

using encapsulin variants containing wildtype-sized and genetically enlarged pores in their 

assembled shells. 

 Lastly, Chapter 4 details the engineering of encapsulin nanocontainers in order to prevent 

their natural self-assembly using recombinantly imposed steric obstruction. Subsequently, these 

variants were used in attempts to perform in vitro loading of encapsulin nanocontainers with a 

non-native fluorogenic cargo protein under benign solvent conditions via proteolytic alleviation of 

the engineered steric burdens. 
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2.1 – Introduction 
 

 Protein-based micro- and nano-scale containers are specialized three-dimensional 

architectures found throughout nature that are inherently designed to perform a variety of 

biologically essential tasks, including the packaging, protection, and transportation of genetic 

material, the generation of chemically distinct microenvironments, the co-localization of 

functionally-related enzymes, and the dynamic capture and release of specific metabolites 

according to cellular needs (1-6). Structural characterizations of proteinaceous containers from all 

kingdoms of life have revealed highly uniform macromolecular assemblies adopting a range of 

sizes and morphologies, the most common of which include spherical containers displaying 

polyhedral symmetries and rod-like containers forming extended tubular filaments (7-9).  

Assembled containers are typically generated from the polymerization of one or several protomeric 

subunit(s), and, in accordance with their diverse native functions, generally display unique 

biophysical properties. As a result of their natural polyvalency, monodispersity, structural 

plasticity, and biocompatibility, protein containers have attracted increasing attention from 

researchers over the last half century seeking to employ these macromolecular assemblies as 

functionalizable nano-scale vehicles for applications in medicine, industrial catalytic processes, 

and the development of next-generation biomaterials (9-11). 

 Among the natural proteinaceous cages, encapsulins are a recently established class of 

nanocontainer structures that are intrinsic to a variety of bacterial and archaeal species which 

function as simple organelles in vivo (12). Morphologically, encapsulins are polyhedral shells 

constructed in a homopolymeric fashion from a single conserved protomeric coat protein. Atomic 

resolution structures obtained for several encapsulins reveal cage assemblies on the order of 20 to 
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42 nm in external diameter adopting T = 1, T = 3, or T = 4 icosahedral symmetries constructed 

from 60, 180 or 240 subunits, respectively (12-15). Currently, encapsulin containers are believed 

to participate in the intracellular mitigation of oxidative stressors, and have been found to 

selectively encapsulate enzyme cargoes such as dye-decolorizing peroxidases, ferritin-like iron 

mineralizing proteins, haemerythrins, and two-domain nitrite reductase-hydroxylamine oxidases 

(6, 12, 16). Transport of metabolites to and from the encapsulin lumen is accomplished via a series 

of largely conserved pore structures located at the 2-fold, 3-fold, and 5-fold symmetry axes (12). 

Due to their small sizes and uniform construction, encapsulins have become attractive candidates 

for the development of tailored, biorthogonal protein scaffolds in recent years (16). 

 The exterior decoration of proteinaceous nanocontainers represents a powerful tool for the 

introduction of novel properties into these robust biological scaffolds. This phenomenon has been 

observed to occur naturally with certain viral capsids possessing associated surface proteins, many 

of which are involved in either facilitating viral tropism and infectivity or in stabilizing the 

assembled capsid superstructure (17-20). Mimicking this natural enhancement of container 

structures, previous works have shown a number of nanocontainers to be amenable to both 

chemical and genetic derivatizations as means for tailored surface engineering (10, 21, 22). While 

both methodologies are viable, genetic derivatization is particularly appealing as modifications 

made to promoters are subsequently presented in a uniform, symmetrical fashion on the surfaces 

of the resulting assembled cages. 

 In the last two decades, a variety of small peptide binding domains (PBDs) isolated from 

natural protein sources have been used to scaffold disparate biocatalysts, structural proteins, or 

other biological molecules on the basis of programmed protein-protein interactions that occur 

between the PBDs and corresponding peptide ligand (PL) sequences (23-27). Each PBD 
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recognizes a specific ligand sequence, allowing researchers to template biorthogonal associations 

to suit both in vitro and in vivo applications. Several prominent PBDs include the Src homology 3 

(SH3) and the PSD95/DlgA/Zo-1 (PDZ) domains isolated from mouse metazoan signaling 

pathways, which non-covalently bind the peptide ligand sequences PPPALPPKRRR (Kd = 0.1 μM) 

and GVKESLV (Kd = 8 μM), respectively (23, 28, 29) (Figure 2.1). In more recent years, the 

SpyCatcher/SpyTag bacterial superglue system was developed by Zakeri et al. as a means of 

covalently tethering proteins together by exploiting the native ability of the CnaB2 domain from 

the Streptococcus pyogenes fibronectin binding protein FbaB to form intramolecular isopeptide 

bonds (30) (Figure 2.1). Collectively, these PBDs have been applied to the development of 

artificial metabolic pathways (23, 24), the enhancement of protein stability through self-cyclization 

(31), and the production of functionalizable biofilm matrices (32). 

 

Figure 2.1 – Atomic structures for the PDZ (PDB: 2PDZ), SH3 (PDB: 1CKB), and SpyCatcher (PDB: 4MLI) protein 

binding domains. Surface densities corresponding to the N- and C-termini for each PBD are colored in green and red, 

respectively. The amino acid sequences of the individual peptide ligands specific to the PDZ, SH3, and SpyCatcher 

domains are displayed under each structure along with their respective Kd values. The Kd value for SpyCatcher is 

bracketed as it is an assumed theoretical value due to the covalent nature of the SpyCatcher/SpyTag interaction (30). 

The peptide ligands are depicted in blue, orange, and magenta in the atomic structures for the PDZ, SH3, and 

SpyCatcher domains, respectively. 
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 In this study, we report the presentation of both non-covalent and covalent PBDs on the 

exterior surface of encapsulins abstracted from the hyperthermophilic bacterium Thermotoga 

maritima (TmE). Surface presentation of PBDs was accomplished by either genetically 

incorporating PBD genes within solvent-exposed flexible loops of the TmE protomer subunit or 

by appending PBDs directly to the TmE’s exterior-oriented C-terminus. TmE fusion proteins 

containing embedded PDZ or SH3 domains were subsequently used in attempts to generate 

ordered supramolecular assemblies in a heterogeneous fashion with partnered TmEs displaying 

recombinantly fused PDZ or SH3 ligand sequences on their C-termini. Additionally, TmEs 

containing C-terminally fused SpyCatcher domains were used as polyvalent scaffolds for the high-

density localization of Escherichia coli dihydrofolate reductase (DHFR) variants possessing 

corresponding SpyTag sequences. The results presented herein show that TmEs are tolerant to 

genetic insertions at a number of locations within the protomer sequence, and thus the generation 

of TmE-PBD chimeras represents a general strategy for introducing new functionalities into these 

robust nanocontainers. 

 

2.2 – Results and Discussion 

 

2.2.1 – External Display of Non-covalent Peptide Binding Domains 

 

Our first research aim was to attempt to generate higher-order supramolecular structures 

using paired TmE variants displaying non-covalent PBDs and their corresponding PLs on their 

exterior surfaces. Accordingly, we first set about designing the two populations of nanocontainer 

variants with one population consisting of TmEs presenting surface exposed PDZ or SH3 peptide-
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binding domains and the other population consisting of TmEs displaying the corresponding PDZ 

or SH3 ligand sequences. For TmEs presenting PBDs, several segments of the TmE monomer 

containing flexible, solvent-exposed loops were chosen for the genetic insertion of the PBD 

sequences. Loop insertion was reasoned to be a feasible design strategy due to the small sizes of 

the PDZ (10.5 kDa) and SH3 (6.9 kDa) domains, the close spatial proximity of the native N- and 

C-termini in both PBDs, and due to the PL binding clefts being on the opposing faces of the PBDs 

with respect to their termini (Figure 2.1). PBDs were subsequently inserted between TmE residues 

59 and 60 (TmE59-PDZ and TmE59-SH3), residues 124 and 125 (TmE124-PDZ and TmE124-SH3), 

or between residues 135 and 136 (TmE135-PDZ and TmE135-SH3) (Figure 2.2A). Once assembled, 

PBDs inserted at these positions should adopt 3-fold, 2-fold, or 5-fold symmetry arrangements, 

respectively (Figure 2.2B). An additional glycine residue was encoded at both the 5’ and 3’ ends 

of the PBDs to generate slight flexibility into the backbone of the fusion protein where the ends of 

the PBDs meet the TmE monomer. For TmE variants presenting the corresponding PLs, amino 

acid sequences for the PDZ and SH3 ligands were fused to the TmE C-terminus (denoted TmE-

PDZlig or TmE-SH3lig, respectively), which has been shown previously to be both solvent 

exposed and amenable to small peptide affinity-tag fusions (12, 33-35). In the case of TmE-

PDZlig, C-terminal fusion of the PDZ ligand sequence was an obligate requirement as the terminal 

carboxylate moiety is essential for proper ligand binding within the PDZ domain (29). 
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Figure 2.2 – A) TmE protomeric subunit (PDB: 3DKT) with residues 59-60, 124-125, and 135-136 depicted as blue, 

green, and red spheres, respectively. B) Symmetrical distributions of PBD insertion positions across assembled 

nanocontainer surfaces. 

  

TmE-PBD variants were purified to homogeneity using C-terminal hexahistidine affinity 

tags in conjunction with immobilized metal affinity chromatography (IMAC). Purified samples of 

both wildtype and variant TmEs were visually assessed via transmission electron microscopy 

(TEM) and were found to appear morphologically identical under the staining conditions and 

acceleration voltage used for imaging with external diameters matching previously published 

values of approximately 24-25 nm (Figure 2.3) (12). Given the overall size of the TmE 

nanocontainers in relation to the small sizes of the two PBDs (PDZ domain = 10.5 kDa; SH3 

domain = 6.9 kDa), it is perhaps unsurprising that the PBDs do not appear visible in the TEM 

images collected. In conjunction with TEM analyses, dynamic light scattering (DLS) was used to 

assess the solution hydrodynamic diameters of the TmE variants (Table 2.1). Consistent with the 
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TEM data, wildtype TmE containers were shown to possess hydrodynamic diameters of 

approximately 24 nm. Interestingly, the TmE59-PDZ, TmE124-PDZ and TmE135-PDZ variants also 

possessed hydrodynamic diameters of roughly 24 nm while the TmE59-SH3, TmE124-SH3 and 

TmE135-SH3 variants exhibited diameters of approximately 30 to 31 nm, which seems 

counterintuitive given the smaller size of the SH3 domains. However, while the increases in 

hydrodynamic diameter are seemingly consistent for the SH3-containing variants, the increases 

are also both relatively minor and within error of the values collected for wildtype TmE and the 

PDZ-containing variants. TEM images were not collected for TmE-PDZlig or TmE-SH3lig 

variants as it was assumed that the flexible PLs would not be observable under the imaging 

conditions used. However, DLS measurements show that both TmE-PL variants possess 

hydrodynamic diameters identical to wildtype TmE (Table 2.1).  

 

Figure 2.3 – Transmission electron microscopy images of TmE-PDZ encapsulin fusion proteins. TmE-SH3 fusion 

proteins are not shown as they appeared visually indistinguishable from either wildtype TmEs or TmE-PDZ variants 

under the imaging conditions used. Scale bars = 40 nm.  

  

 Following purification and initial biophysical characterization of the nanocontainer 

variants, we next attempted to form higher-order heterogeneous assemblies by creating in vitro 

mixtures of TmE-PBD and TmE-PL variants. As an initial test, we chose to create mixtures of 

TmE135-PDZ and TmE-PDZlig as a representative test case given that the 135/136 insertion 
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position appears to have the most uniform distribution across the surface of the TmE containers. 

For the preliminary test, a static mass of 0.2 mg of purified TmE-PDZlig was mixed with varying 

masses of TmE135-PDZ (final mass values between 0.0125 and 0.0500 mg), representing mole 

ratios of TmE-PDZlig to TmE135-PDZ between 20:1 and 5:1 . Following an overnight incubation 

at 4°C to promote the association of the PBDs and PLs, the mixtures were assessed via DLS 

(Figure 2.4), showing consistent increases in the average particle size correlated with the 

decreasing mass ratio of TmE-PDZlig to TmE135-PDZ. Interestingly, these assemblies appeared to 

be somewhat stable as the same increases in particle size were still present upon re-assessment 

following three days’ storage at 4°C, though the average particle sized decreased slightly for each 

of the heterogeneous mixtures. 

 

Table 2.1 – Dynamic light scattering assessments of TmE-PBD and TmE-PL variants 

 

Variant
Hydrodynamic 

Diameter (nm)

Wildtype TmE 24.3 ± 6.7

TmE59-PDZ 24.6 ± 5.1

TmE124-PDZ 25.2 ± 6.4

TmE135-PDZ 23.7 ± 6.7

TmE-PDZlig 23.5 ± 6.6

TmE59-SH3 30.7 ± 7.9

TmE124-SH3 30.3 ± 7.4

TmE135-SH3 30.7 ± 7.3

TmE-SH3lig 24.1 ± 6.2
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Figure 2.4 – Dynamic light scattering profiles for in vitro sample mixtures containing variable mole ratios of TmE-

PDZlig to TmE135-PDZ. Average hydrodynamic diameter values at 1 and 3 days post mixing are displayed in the table 

below. Values in parentheses represent polydispersity indices for each sample. 

  

 Encouraged by this initial success, we sought to scale up our in vitro mixtures, adding 

variable molar ratios of TmE-PBDs and TmE-PLs up to equimolar 1:1 mixtures. As before, 

mixtures were prepared by combining TmE-PBDs and TmE-PLs in a common buffer solution and 

incubating them overnight at 4°C prior to DLS assessment. The scattering intensity data for the 

expanded in vitro mixtures showed that mixtures all of the TmE-PDB and TmE-PL mixtures tested 

exhibited similar trends. Specifically, mixtures of 100:1 and 1:100 of TmE-PDBs to TmE-PLs, 

regardless of PBD insertion position, showed minimal changes in their respective scattering 
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intensity profiles relative to pure samples of the TmE-PBDs or TmE-PLs alone. However, as the 

molar ratios between the TmE-PBDs and TmE-PLs became smaller (i.e. ratios of 10:1 up to 1:1, 

or 1:10 up to 1:1), dramatic increases in scattering intensity for larger diameter assemblies became 

apparent, presumably due to rampant association of the two TmE variants. While this association 

of TmEs was the intent of our work, the apparent in vitro binding of TmE-PBDs and TmE-PLs 

was not an ordered process as visible aggregates emerged in our samples as the ratio of the two 

TmE variants approached 1:1 (Figure 2.5A). This undesirable aggregation was also observed 

spectrophotometrically by measuring incident light scattering at 350 nm (Figure 2.5B). Control 

experiments in which either TmE-PBDs or TmE-PLs were mixed at 1:1 molar ratios with wildtype 

TmE showed no changes in the scattering profiles relative to the individual TmE variants alone, 

indicating that the observed aggregation for mixtures of TmE-PBDs and TmE-PLs can be 

attributed to the protein-protein interactions mediated by the PDZ or SH3 domains with their 

corresponding ligand sequences (data not shown). 

 Reasoning that the formation of aggregates was likely the result of rapid, kinetically driven 

protein-protein interactions between the TmE-PBDs and TmE-PLs rather than thermodynamically 

favorable ones, we subsequent sought to optimize the in vitro mixing and sample incubation 

conditions to promote more thermodynamically driven, ordered assembly of supramolecular 

structures. However, attempts to optimize the association of TmE variants, including variations in 

buffer pH, ionic strength, incubation time, incubation temperature, and even attempts to reduce the 

net valency of the TmE-PBDs using chemically synthesized PDZ and SH3 linkers prior to mixing 

with TmE-PLs, proved ineffectual. Consequently, we decided to move on from our attempts to 

form higher-order structures in favor or functionalizing the exterior surfaces of TmEs with 

functional biocatalysts instead. 
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Figure 2.5 – A) The left-hand picture depicts a DLS cuvette containing TmE135-SH3 only. The right-hand picture 

depicts the same cuvette following the addition of a 1:1 molar ratio of TmE-SH3lig, resulting in visible, polydisperse 

aggregates. B) The chart represents a spectrophotometric light scattering assessment of aggregates formed upon 

mixing variable molar ratios of TmE135-SH3 and TmE-SH3lig. The values above each bar represent the background-

corrected UV absorbance value at 350 nm for each sample. 
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2.2.2 – Covalent Display of Functional DHFR Enzymes 

  

Following the problematic issues arising from the use of non-covalent PDZ and SH3 

domains for encapsulin functionalization, we next sought to decorate the exterior of TmE 

encapsulins using the SpyCatcher/SpyTag bacterial superglue system as a means of covalently 

tethering biocatalysts to nanocontainer surfaces (30). External presentation of SpyCatcher domains 

was accomplished by fusing the SpyCatcher gene sequence onto the C-terminus of the TmE 

monomer gene to form the TmE-SpyCatcher (TmE-SC) hybrid (Figure 2.6). The TmE C-terminus 

was chosen for the SpyCatcher domain fusion to simplify the molecular cloning process as the 

generation of the PDZ and SH3 domain loop insertions used previously had been difficult and time 

Figure 2.6 – A) TmE protomeric subunit (PDB: 3DKT) with the C-terminal residue depicted as purple spheres. B) 

Cartoon representation of the TmE-SpyCatcher fusion gene (top) with a 15 amino acid flexible linker sequence 

between the two genes depicted in grey. Below is a cartoon representation of the pentameric distribution of 

SpyCatcher domains across the nanocontainer surface. 
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consuming. Additionally, the C-termini of adjacent TmE monomers are spaced roughly 3 nm apart 

from one another in a pentagonal arrangement around the nanocontainer’s 5-fold vertices upon 

assembly, which we reasoned should provide sufficient space for decoration with SpyTag-

containing biocatalysts (30). Purified TmE-SC fusion proteins were morphologically assessed via 

TEM and were found to be visually indistinguishable from native TmE nanocontainers (Figure 

2.7). This result is consistent with TEM images collected previously for the PDZ and SH3 

decorated encapsulins, and with previous reports in which the SpyCatcher domain specifically was 

not visible on nanocontainer surfaces due to the combination of its small size (12.4 kDa), the 

negative staining conditions, and the accelerating voltages used for visual assessment during TEM 

imaging (36). 

 

Figure 2.7 – Transmission electron microscopy images of wildtype TmE, TmE-SpyCatcher, and TmE-SpyCatcher 

with covalently tethered sfGFP-ST reporter proteins. Scale bars = 40 nm. 
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Figure 2.8 – A) SDS-PAGE analysis of in vitro titration experiments showing the progressive accumulation of a high 

molecular weight TmE-SC:sfGFP-ST bioconjugate when the concentration of sfGFP-ST is increased relative to a 

static concentration of TmE-SC. B) SEC chromatogram depicting the separation of bioconjugated nanocontainers 

formed from an in vitro reaction mixture containing excess sfGFP-ST. TmE-SC:sfGFP-ST conjugates elute near the 

void volume of the SEC column while excess sfGFP-ST elutes approximately 8 mL later. 

  

Having shown that TmE-SpyCatcher hybrids retain the ability to self-assemble into 

macromolecular nanocontainers, we next sought to probe the functionality of the encapsulin-bound 

SpyCatcher domains by recombinantly fusing the AHIVMVDAYKPTK sequence of the 

corresponding SpyTag ligand onto the N-terminus of superfolder GFP (sfGFP-ST). Figure 2.8A 

shows that in vitro titration of the 44.0 kDa TmE-SC with purified 29.9 kDa sfGFP-ST leads to 



101 
 

the formation of a high molecular weight bioconjugate product of approximately 74 kDa in SDS-

PAGE tests, indicating that the surface-presented SpyCatcher domains retain their native ability to 

form isopeptide bonds with available SpyTag fusion proteins. Covalent capture of sfGFP-ST by 

TmE-SC was further verified during size exclusion chromatography analysis by the presence of a 

485 nm absorbance signal, corresponding to the absorbance of the sfGFP chromophore (37), at the 

same elution volume as the bioconjugated protein product (Figure 2.8B). Subsequent TEM images 

collected from the SEC-purified TmE-SC:sfGFP-ST bioconjugates show that the nanocontainers 

lose much of the surface clarity previously seen for the wildtype and TmE-SC containers, 

indicative of sfGFP-ST surface attachment (Figure 2.7). 

Following the successful covalent attachment of sfGFP-ST probes on encapsulin surfaces, 

the SpyTag sequence was next recombinantly fused onto the N-terminus of E. coli dihydrofolate 

reductase (DHFR-NST) in order to assess the catalytic behavior of nanocontainer-bound enzymes. 

A subsequent in vitro titration of purified TmE-SC with DHFR-NST showed the formation of a 

similar high molecular weight bioconjugate protein in SDS-PAGE gels as was observed previously 

during the titration of TmE-SC with sfGFP-ST (Figure 2.9A). To verify that the high molecular 

weight band indeed arose from the formation of a covalent bond between TmE-SC and DHFR-

NST, a mutation was introduced into the SpyTag sequence which has been shown previously to 

abolish the capacity of the SpyTag to form isopeptide bonds (30). Specifically, the SpyTag’s sole 

aspartate residue, whose sidechain γ-carbonyl is the target of nucleophilic attack during isopeptide 

bond formation with the SpyCatcher domain, was converted into an alanine. Repeating the titration 

experiment with the modified DHFR variant, referred to as DHFR-NST(DA), resulted in a 

complete lack of bioconjugate formation, confirming that the high molecular weight protein is a 

product of isopeptide bond formation between the SpyCatcher and SpyTag elements (Figure 
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2.9B). Likewise, TEM images collected for TmE-SC alone and TmE-SC mixed with DHFR-

NST(DA) appear visually identical while images collected for TmE-SC:DHFR-NST 

bioconjugates show a similar reduction in clarity around the surface of the nanocontainers akin to 

the TEM images for TmE-SC:sfGFP-ST bioconjugates, though to a seemingly lesser extent 

(Figure 2.9C). 

 

Figure 2.9 – In vitro titrations of a static concentration of TmE-SC with variable concentrations of A) DHFR-NST or 

B) the DHFR-NST(DA) non-binding variant. C) TEM images collected for TmE-SC, TmE-SC mixed with excess 

DHFR-NST(DA), or TmE-SC with bioconjugated DHFR-NST. Scale bars = 40 nm. 
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Table 2.2 – Michaelis-Menten kinetics values collected for all DHFR variants. The “Fold Change” values for immobilized DHFR*-NST and DHFR*-CST variants refer to the fold 

change relative to either free DHFR*-NST or DHFR*-CST in solution, respectively
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Initial Michaelis-Menten kinetics tests of DHFR enzymatic activity monitoring the 

conversion of dihydrofolate (DHF) to tetrahydrofolate (THF) show that the presence of the SpyTag 

sequence on DHFR has no detrimental effect on the Km for DHF, but the overall kcat is reduced by 

approximately 3 to 5-fold relative to previously reported literature values (Table 2.2) (38-40). 

Following this initial kinetic assessment, we noticed that the enzyme’s inherently low Km for DHF 

(< 1 μM) necessitated that we conduct our kinetics experiments near the limit of detection for our 

spectrophotometric assay. In order to obtain more reliable and reproducible data, we introduced a 

single point mutation distal to the DHFR active site at residue 42, converting the native methionine 

to a tryptophan. This M42W variant of DHFR has been characterized previously and has been 

shown to possess a higher Km value for DHF (39, 41-43). Michaelis-Menten kinetics tests with our 

DHFR(M42W)-SpyTag variant (herein referred to as DHFR*-NST) showed that the Km value 

indeed increased approximately 3-fold to a value of 2.96 ± 0.33 μM. At this point, we also decided 

to generate an additional DHFR(M42W) variant with the SpyTag ligand fused onto the enzyme’s 

C-terminus in order to probe whether the orientation of the biocatalyst would influence its catalytic 

performance upon immobilization onto encapsulin surfaces. This C-terminal variant (DHFR*-

CST) was also kinetically characterized, exhibiting a Km value of 6.83 ± 0.83 μM, which represents 

an approximate 7-fold increase over the initial DHFR-NST. Interestingly, the kcat values for 

DHFR*-NST and DHFR*-CST remained relatively unchanged with the addition of the M42W 

mutation (Table 2.2). Collectively, the unchanged kcat values coupled with the slightly increased 

Km values for the M42W variants were sufficient for higher fidelity spectroscopic analyses. 
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Figure 2.10 – SDS-PAGE image depicting a highly pure sample of TmE-SC:DHFR*-CST bioconjugate. A diluted 

sample of bioconjugate was titrated with increasing concentrations of MTX-F to obtain the binding curve shown on 

the right. 

We next sought to functionalize TmE-SC nanocontainers with our DHFR*-ST variants and 

reassess their respective catalytic performances. However, accurately analyzing the kinetic profiles 

of encapsulins presenting surface-immobilized DHFR* necessitated that the amount of bound, 

functional enzyme in each bioconjugate sample be quantitatively determined. To this end, we 

found that co-expression of both the TmE-SC and the DHFR*-ST variants in E. coli cells led to 

the production of nanocontainers with seemingly complete occupancy of the available SpyCatcher 

domains due to higher in vivo overexpression of the DHFR*-ST variants relative to TmE-SC when 

the genes for both proteins were induced from T7 promoters using IPTG. Fully-decorated 

nanocontainers could subsequently be recovered in high purity from co-expression cultures, 

permitting the concentration of surface bound DHFR* to be determined spectrophotometrically 

using the combined theoretical extinction coefficients for the TmE-SC and DHFR*-ST variants 

since both proteins are present in a 1:1 molar ratio. However, since the spectrophotometric data 
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cannot distinguish between functional and non-functional immobilized enzymes, we also 

performed fluorescence-based titrations of our protein samples using a fluorescein-labeled 

derivative of methotrexate (MTX-F), which is a well-established and potent competitive inhibitor 

of DHFR, whose fluorescein moiety experiences a 3 to 4-fold increase in emission intensity upon 

active site binding (44, 45). Figure 2.10 shows a purified sample of TmE-SC:DHFR*-CST whose 

concentration was determined to be 4.6 μM from its 280 nm absorbance signal.  Subsequently, a 

portion of the protein sample was diluted to a final concentration of 1.5 μM and was then titrated 

with MTX-F ranging from 0.2 to 5.0 μM. Segmental regression analysis of the resulting 

fluorescence titration data yielded an intersection of the two linear trendlines at 1.9 ± 0.3 μM, 

which corresponds to a back-calculated concentration of 5.5 ± 0.9 μM for the original protein 

stock. Comparatively, the titration data is in reasonably good agreement with the absorbance data 

and suggests that all of the encapsulin-bound DHFR* enzymes possess solvent accessible, 

functional active sites. Additional control reactions confirmed that neither the encapsulins nor the 

SpyCatcher domains themselves interfere with MTX-F binding during titration analyses. 

However, given that the spectrophotometric analysis is significantly faster and less error-prone 

than the MTX-F titration method, we elected to characterize all of the decorated nanocontainers in 

this manner going forward. 

Kinetics data for both DHFR*-ST variants show that immobilization onto TmE surfaces 

via the SpyCatcher domains has no appreciable effect on the enzymes’ kcat values, though 4.4-fold 

and 2.9-fold increases in Km for DHF were observed for the DHFR*-NST and DHFR*-CST 

enzymes, respectively (Table 2.2). To determine whether these decreases in substrate binding 

affinity resulted from immobilization of the DHFR* variants onto encapsulins themselves or 

whether the effect resulted from isopeptide bond formation with another protein in general, the 



107 
 

SpyCatcher domain was genetically fused onto the C-terminus of E. coli maltose binding protein 

(MBP) to generate the MBP-SpyCatcher hybrid (MBP-SC) as a generic covalent binding partner. 

Subsequent kinetics tests with MBP-SC:DHFR*-ST conjugates showed no significant increase in 

Km for either DHFR* variant, indicating that the decrease in DHF binding affinity upon encapsulin 

immobilization is a phenomenon that is likely specific to the nanocontainer assemblies. 

Additionally, the DHFR*-NST variant possesses an encoded thrombin cleavage site interspersed 

between the SpyTag sequence and the beginning of the DHFR* gene. Encapsulins decorated with 

DHFR*-NST were kinetically assessed (Table 2.2) and were then treated with bovine thrombin to 

liberate the bound DHFR* enzymes (Figure 2.11). The cleaved DHFR* enzymes were then 

isolated via SEC and their kinetic parameters were reassessed for comparison (Table 2.2). The 

resulting data show that thrombolytic cleavage of DHFR*-NST from the encapsulin surface 

alleviates the observed decrease in binding affinity for DHF, further indicating that the Km 

alterations are specific to encapsulin immobilization. We speculate that the decreased binding 

affinities likely arise from either steric crowding of the surface-bound DHFR* enzymes, localized 

increases in solvent viscosity near the encapsulin surface due to extensive ordering of solvent water 

molecules (though this effect is more likely to manifest as a decrease in kcat rather than Km), or due 

to some percentage of the enzyme population adopting orientations that occlude access to the 

active site as a result of the flexible nature of the linker sequences connecting the TmE and 

SpyCatcher domains (46, 47). However, given that the observed Km increases for DHF are 

relatively minor, we did not investigate this effect further. 
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Figure 2.11 – SDS-PAGE analysis of thrombin cleavage tests. The N-terminal thrombin cleavage sites remains 

accessible in TmE-SC:DHFR*-NST samples, as determined by the disappearance of the initial conjugate protein band 

and the formation of a new band corresponding to the size of the cleaved DHFR* formed in a parallel control digestion 

of free DHFR*-NST. 

Having shown that the enzymatic activities of both DHFR*-NST and DHFR*-CST are 

largely unaffected by surface immobilization, we subsequently investigated whether tethering 

DHFR* to encapsulins conferred any observable effects with respect to enzyme stability. To this 

end, the enzymatic activities of purified free DHFR*-CST, DHFR*-CST covalently conjugated to 

MBP-SC, and DHFR*-CST conjugated to TmE-SC were assessed following brief incubations at 

increasing temperatures. DHFR*-CST was assayed in particular as this variant was subsequently 

used for the generation of encapsulin-scaffolded multienzyme nanoreactors (discussed in Chapter 

3). The resulting activity profiles (Figure 2.12) show that untethered DHFR*-CST exhibits an 

apparent melting temperature (Tm) value of 48°C. Covalent fusion of DHFR*-CST to MBP-SC 

increases the Tm value by approximately 7°C to 55°C, which is well within the previously reported 

range of Tm values determined for the fairly thermostable MBP (48, 49). Surprisingly, however, 
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covalent fusion of DHFR*-CST to the hyperthermophilic TmE nanocontainers yielded no such 

stabilizing benefits as the Tm observed value is approximately equal to that of the free enzyme in 

solution. 

 

Figure 2.12 – Thermal stability of free DHFR*-CST, MBP-immobilized enzyme, and TmE-immobilized enzyme 

reported as retention of enzymatic activity following 30 minutes of incubation at each temperature. Bovine serum 

albumin (BSA) was also assessed as a control. The Tm values depicted in the right-hand chart were obtained by 

applying a Boltzmann fit to the thermal stability data.   

 

2.3 – Conclusion 
 

 Our primary goal in this study was to introduce either non-covalent or covalent peptide 

binding domains into the T. maritima encapsulin monomeric subunit in order to generate 

engineered encapsulin nanocontainers whose exterior surfaces could be functionalized for 

biocatalytic applications via non-native protein-protein interactions. In our initial experiments, we 

successfully grafted the PDZ and SH3 non-covalent peptide binding domains into solvent-exposed 

flexible loops in the TmE monomer sequence located between residues 59/60, residues 124/125, 
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and residues 135/136. Subsequent IMAC purification and morphological characterizations using 

TEM and DLS showed that wildtype-sized assembled nanocontainers could be isolated for all of 

the variants, indicating that the incorporation of either PBD at these loop positions was well 

tolerated by the TmEs. However, in vitro mixing experiments showed that association of the PDZ-

or SH3-functionalized TmEs with corresponding nanocontainers presenting the respective PDZ or 

SH3 ligand sequences generated amorphous aggregates of varying sizes rather than the desired 

ordered assemblies. Previous works involving the formation of ordered supramolecular arrays 

using VLPs and other protein-based nanocontainers have shown that careful balancing of buffer 

conditions, particularly solution pH and ionic strength, are often required to bring nanocontainers 

into weakly attractive regimes where thermodynamic assembly is favored over disordered 

kinetically-driven associations (50-53). Attempts to modulate buffer conditions in a similar 

manner were unsuccessful with our TmE-PBD and TmE-PL variants, however, as aggregates were 

continuously detected in optimization trials. As an alternative to the presented research design, 

several recent studies have shown that proteinaceous nanocontainers, particularly those being 

assembled using programmed protein-protein interactions similar to the PDZ and SH3 domains 

used here, could be assembled in a hierarchical fashion using a “layer-by-layer” technique in which 

iterative strata of nanocontainers presenting opposing surface binding elements are constructed in 

a bottom-up manner from a starting solid support (54, 55). Such a strategy might be more amenable 

to our TmE-PBD and TmE-PL variants as the solid support could limit the growth of container 

supramolecular lattices to two dimensions using a single component at a time rather than 

attempting to construct assemblies three dimensionally in solvent containing both TmE variants 

simultaneously. 
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 As an alternative to the non-covalent peptide binding domains, we transitioned to the usage 

of the covalent SpyCatcher/SpyTag system to functionalize the exterior surfaces of our encapsulin 

nanocontainers, thus using the TmE shell as a scaffold for the dense display of active biocatalysts. 

As with the TmE-PBDs, the stability and plasticity of the encapsulin shells was exemplified as 

fusion of the SpyCatcher domain onto the encapsulin monomer sequence was well tolerated, 

yielding assembled nanocontainers shown to adopt wildtype-like morphologies via TEM. Further, 

we have shown that the SpyCatcher domain permits both in vitro and in vivo decoration of TmEs, 

with TmEs decorated in vivo achieving complete occupancy of all 60 SpyCatcher domains present 

per container. DHFR* variants tethered to encapsulin surfaces were largely unaffected by 

isopeptide immobilization, displaying only modest increases in Km that could subsequently be 

alleviated following proteolytic liberation from the nanocontainer surfaces. While these kinetics 

results are promising, DHFR is a relatively small, monomeric enzyme that tolerated the dense 

surface display well. The same may not be true for larger and/or multimeric proteins, thus 

additional engineering may be needed to address such added complexities in future scaffolding 

designs. Several methods to address this issue could include the redistribution of the SpyCatcher 

domains across the encapsulin surface, generating linker sequences between the TmE surface and 

the covalently fused SpyCatcher domain (or between the SpyTag sequence and the protein of 

interest) of sufficient length and stability to increase the radial spacing between surface-tethered 

proteins, or the co-expression of TmE-SC and wildtype TmE monomers in vivo to achieve 

assembled nanocontainers with reduced surface valency. 

 Our final analytical test in which we assessed the thermal stability of bioconjugated 

DHFR* variants yielded perhaps the most surprising results as DHFR*s exhibited increased 

stability when tethered to monomeric MBP-SC fusion proteins, but not when immobilized on the 
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surface of hyperthermophilic TmE-SC nanocontainers. This result could perhaps be explained by 

the nature of the thermostable behaviors intrinsic to MBP and encapsulins, respectively. Namely, 

whereas encapsulins containers are known to exhibit thermal tolerance in their assembled state, 

MBP exhibits thermostable behavior as a singular protein monomer with reported Tm values 

exceeding 60°C under certain buffer conditions (48, 49). To the best of our knowledge, no group 

has previously tested the inherent thermal stability of non-assembled encapsulin monomers, 

presumably because encapsulins assemble readily in vivo and have only been purified as whole 

nanocontainer structures. As such, it is feasible that the thermal tolerance of encapsulins is an 

ensemble property dictated by the intersubunit protein-protein interactions of the assembled shells 

rather than a native property of the individual monomers, and thus enzymes covalently fused to 

TmE surfaces may not experience associative increases in thermal tolerance themselves.  

 

2.4 – Materials and Methods 
 

2.4.1 – Reagents and Materials 

 

 Fluroescein methotrexate triammonium salt was purchased from Biotium (Fremont, CA). 

All other chemicals and reagents were purchased from Sigma Aldrich (St. Louis, MO). Carbon 

film 200 mesh copper electron microscopy grids were purchased from Electron Microscopy 

Sciences (Hatfield, PA). All pre-packed chromatography columns were purchased from GE 

Healthcare (Marlborough, MA). Free TALON affinity resin was purchased from Genesee 

Scientific (San Diego, CA). Free amylose affinity resin was purchased from New England Biolabs 

(Ipswich, MA). Electrocompetent E. coli DH5α cells were purchased from ThermoFisher 
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Scientific (Waltham, MA) while chemically competent E. coli BL21(DE3) cells were acquired 

from New England Biolabs (Ipswich, MA). All commercial enzymes used for molecular cloning 

were purchased from New England Biolabs unless otherwise noted. Bovine thrombin was 

purchased from Millipore Sigma (Burlington, MA). All DNA primers were ordered from 

Integrated DNA Technologies (Coralville, IA). Isolated genomic DNA from Thermotoga maritima 

was acquired from ATCC (Manassas, VA). The pJD757 vector containing the genes encoding the 

PDZ and SH3 peptide binding domains was a generous gift from Dr. John Dueber (University of 

California, Berkeley, CA). The pD441-SR:H6_sfGFP_SC plasmid containing both of the wildtype 

gene sequences encoding superfolder GFP (sfGFP) and SpyCatcher was a generous gift from Dr. 

Vincent Conticello (Emory University, Atlanta, GA). 

 

2.4.2 – Molecular Cloning 

 

 The wildtype TmE gene was PCR amplified from isolated T. maritima genomic DNA 

(ATCC®43589™) using primers encoding NdeI and HindIII restriction sites within the forward 

and reverse primers, respectively. The amplified gene was digested with NdeI and HindIII 

restriction enzymes and was then ligated into linear pET23b vector that had been digested with the 

same enzymes using T4 DNA ligase. The final pET23b:TmE vector assembly was confirmed via 

DNA sequencing. TmE variants containing embedded PDZ of SH3 peptide binding domains were 

generated by first PCR amplifying the respective PBD from the pJD757 vector using terminal 

primers encoding ~15 to 20 bp of sequence homology to the region of insertion within the TmE 

gene. Subsequently, the PCR-amplified PBDs were used in two sequential overlap extension PCR 

reactions to add the 5’ end of the TmE gene onto the amplified PBD, followed by the 3’ end. The 
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full fusion genes were then digested with NdeI and HindIII restriction enzymes, ligated into 

linearized pET23b vector using T4 DNA ligase, and confirmed via DNA sequencing. TmE variants 

containing the PDZ or SH3 ligand sequences as C-terminal fusions were generated in a series of 

iterative PCR reactions in which a common forward primer was used in conjunction with a 

collection of reverse primers containing successive portions of the respective ligand sequence. The 

final amplified fusion genes were digested with NdeI and HindIII restriction enzymes, ligated into 

linearized pET23b using T4 DNA ligase, and confirmed via DNA sequencing. The pET23b:TmE-

SC vector was created by first amplifying the SpyCatcher gene and an upstream flexible linker (-

GSGGGTGGGSGGGTS-) from the pD441-SR:H6_sfGFP-SC vector using primers encoding 

flanking regions at both ends designed to have sequence complementarity to the 3’ end of the TmE 

gene and a section of the pET23b vector downstream from the TmE gene. This amplified PCR 

product was isolated and used as a megaprimer to perform whole-plasmid amplification of the 

pET23b:TmE vector, thereby inserting the flexible linker and the SpyCatcher domain into the 

vector sequence at the C-terminal end of the TmE gene. The final plasmid product was confirmed 

via DNA sequencing. 

 The sfGFP gene was initially amplified from the pD441-SR:H6_sfGFP-SC vector using a 

series of iterative PCR reactions. Specifically, a common reverse primer containing an encoded 

XhoI restriction site was used in conjunction with a series of forward primers designed to 

sequentially construct the full SpyTag gene sequence, a hexahistidine affinity tag, and a NcoI 

restriction site on the 5’ end of the sfGFP gene. The final PCR product was digested with NcoI 

and XhoI, and was then inserted into pCDFDuet-1 vector that had been linearized with the same 

restriction enzymes in order to generate the pCDF:sfGFP-ST plasmid. The final plasmid product 

was confirmed via DNA sequencing. 
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The E. coli DHFR gene was PCR amplified from isolated genomic DNA using primers 

encoding NdeI and SpeI restriction sites at the 5’ and 3’ ends of the amplified gene, respectively. 

Prior to the current work, DNA sequences encoding the SpyTag ligand and a short flexible linker 

(-GSGSS-) had been inserted into the pET14b vector (Novagen) directly downstream from the 

native NcoI site, putting the SpyTag ligand in the same reading frame as the plasmid’s N-terminal 

hexahistidine affinity tag with the flexible linker joining the two tag sequences (unpublished 

work). The pET14b vector had also been previously modified to contain a non-native SpeI 

restriction site directly upstream of the plasmid’s native XhoI site. The amplified DHFR gene and 

the pET14b-SpyTag vector were digested in tandem with NdeI and SpeI restriction endonucleases, 

then the two ligated DNA products were covalently joined using T4 DNA ligase to form the 

pET14b:DHFR-NST vector. Successful incorporation of the DHFR gene was confirmed via DNA 

sequencing. The M42W variant of DHFR was produced using site-directed mutagenesis primers 

in conjunction with whole-plasmid amplification. Template pET14b:DHFR-ST plasmid was 

removed via DpnI digestion, and then the linear mutant DNA was transformed directly into DH5α 

chemically competent cells for plasmid propagation and subsequent isolation. Successful 

incorporation of the M42W mutation was confirmed via DNA sequencing. The final plasmid was 

deemed pET14b:DHFR*-NST. 

For in vivo co-expression with the pET23b:TmE-SC plasmid, the DHFR*-NST gene was 

moved to the pCDFDuet-1 vector to avoid issues arising from the use of vectors containing 

identical antibiotic resistances and origins of replication. Consequently, the DHFR*-NST gene 

was excised from pET14b by digestion with NcoI and XhoI restriction enzymes and was then 

ligated into pCDFDuet-1 vector that had been digested with the same enzymes. Subsequently, the 

pCDF:DHFR*-CST variant was generated in a similar manner to the sfGFP-ST gene by 
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sequentially PCR amplifying the DHFR* gene several times with a common forward primer 

containing a NcoI restriction site and a series of reverse primers designed to successively add a 

hexahistidine affinity tag, the SpyTag sequence, and a terminal XhoI restriction site to the 3’  end 

of the amplified gene. The final DHFR*-CST gene product was digested with NcoI and XhoI and 

then ligated into fresh pCDFDuet-1 vector that had been digested with the same enzymes. All 

constructs were verified via DNA sequencing. 

To generate the maltose binding protein-SpyCatcher (MBP-SC) hybrid gene, the 

SpyCatcher domain was first PCR amplified from the pD441-SR:H6_sfGFP-SC vector using 

primers encoding NdeI and XbaI restriction sites at the 5’ and 3’ ends of the amplified gene, 

respectively. The amplified gene was subsequently digested with NdeI and XbaI, and it was then 

inserted into linear pMAL-c2x vector that had been digested with the same enzymes to form the 

pMAL-c2x:SC vector. The final plasmid product was confirmed via DNA sequencing. 

 

2.4.3 – Protein Overexpression and Purification 

 

 All recombinant proteins were overexpressed in BL21(DE3) E. coli cells. For wildtype 

TmE, TmE-PDZ variants, TmE-SH3 variants, and TmE-SpyCatcher variants, E. coli cells from a 

single colony containing the corresponding pET23b:TmE vectors were inoculated into LB medium 

and grown at 37°C in the presence of 0.1 mg/mL ampicillin to an OD600 value between 0.5 – 0.7. 

Protein overexpression was induced with the addition of a final concentration of 0.3 mM isopropyl 

β-D-thiogalactopyranoside (IPTG). Cells were harvested via centrifugation following 18 hours of 

expression time at 37°C. For DHFR variants, cells containing the respective pCDF:DHFR vector 

were grown in LB medium at 37°C in the presence of 0.05 mg/mL streptomycin to an OD600 value 
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between 0.5 – 0.7, and then protein expression was induced with the addition of a final 

concentration of 0.3 mM IPTG. The cells were harvested via centrifugation after 16 hours of 

expression time at 30˚C. For sfGFP-SpyTag, cells containing the pCDF:sfGFP-ST vector were 

grown in LB medium at 37°C in the presence of 0.05 mg/mL streptomycin to an OD600 value 

between 0.5 – 0.7, and then protein expression was induced with a final concentration of 0.5 mM 

IPTG. The cells were harvested via centrifugation after 18 hours of expression time at 30°C. For 

MBP-SC, cells containing the pMAL-c2x:SC vector were grown in LB medium at 37°C in the 

presence of 0.1 mg/mL ampicillin and 10 mM glucose to an OD600 value between 0.5 – 0.7. Protein 

overexpression was induced with the addition of a final concentration of 0.3 mM IPTG. The cells 

were harvested via centrifugation after 6 hours of expression time at 30°C. 

Wildtype TmE lacking a C-terminal hexahistidine affinity tag was purified according to 

previously established procedures (56). IMAC affinity chromatography was abandoned for 

purification of TmE-SC nanocontainers decorated with DHFR-SpyTag variants due to recent 

literature reports showing that hexhistidine affinity tags fused to TmE have the potential to 

promote non-specific association of proteins with TmE surfaces (34). All TmE-SC nanocontainers 

decorated with DHFR-SpyTag variants via in vivo co-expression were subsequently purified in an 

identical manner. Cell pellets were resuspended on ice in 50 mM Tris-HCl (pH 7.5) containing 

Protease Inhibitor Cocktail (Sigma Aldrich, P8849), 0.1 μg/mL PMSF, and 5 μg/mL DNaseI and 

then the cells were lysed by sonication (10 second pulses, 20 seconds rest between pulses) for 3.5 

minutes. Insoluble debris was removed via centrifugation at 4000 rpms for 40 minutes at 4°C. The 

clarified supernatant was then loaded into a HiTrap Q-FF anion exchange column (pre-equilibrated 

with 5 column volumes of lysis buffer) and the column flow-through was collected. Solid 

ammonium sulfate was added to the flow-through sample to reach a final concentration of 20% 
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(w/v), and then the sample was incubated for 20 minutes at 4°C on an orbital rocking table to 

promote precipitation of unwanted contaminant proteins. Following the incubation period, the 

sample tube was centrifuged at 4000 rpms for 20 minutes at 4°C to isolate precipitated contaminant 

proteins. The resulting supernatant was decanted into a fresh Falcon tube, and additional solid 

ammonium sulfate was added to reach a final concentration of 40% (w/v). The same 4°C 

incubation and centrifugation steps were repeated to isolated precipitated nanocontainers. The 

resulting solid pellet was resuspended in 5 to 10 mL of 50 mM Tris-HCl (pH 7.5) and was 

immediately loaded into a cellulose dialysis bag (14 kDa MWCO). The dialysis bag was immersed 

sequentially into two beakers containing 1 L of 50 mM HEPES-KOH (pH 7.5), 100 mM NaCl 

each with a minimum of 4 hours dialysis at 4°C with gentle stirring in each beaker to remove 

residual ammonium sulfate. The dialyzed sample was then recovered, passed through a 0.2 μm 

syringe filter, and then loaded into a HiPrep 16/60 Sephacryl S-500 HR size exclusion column pre-

equilibrated in 50 mM HEPES-KOH (pH 7.5), 100 mM NaCl and connected to an NGC 

Chromatography FPLC system (Bio-Rad, Hercules, CA). The same buffer was used as the mobile 

phase during this second chromatography step. Assembled encapsulins were isolated from the size 

exclusion column and stored at 4°C until use in experiments. Protein concentrations for isolated 

TmE, TmE-SC and TmEΔ9Gly2-SC were determined spectrophotometrically at 280 nm using 

theoretical extinction coefficient values: 36,440 M-1cm-1, 47,900 M-1cm-1, and 46,410 M-1cm-1, 

respectively. For decorated TmEs, protein concentrations were obtained by using the combined 

extinction coefficients for the nanocontainer and DHFR-SpyTag variant used.   

For IMAC purifications of sfGFP-SpyTag, all TmE-PBD variants, and both TmE-PL 

variants, cell pellets were resuspended in 50 mM Tris-HCl (pH 7.5), 150 mM NaCl, 10 mM 

Imidazole and then the cells were lysed via sonication in the same manner as described above for 
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the TmE-SC variants. Insoluble debris was removed via centrifugation at 4000 rpms for 40 minutes 

at 4°C, then the clarified lysate was loaded into a 30 mL polypropylene disposable column 

containing 1 mL of TALON affinity resin (pre-equilibrated with 5 column volumes of lysis buffer). 

The column was sealed and placed on a rocking table at 4˚C for 20 minutes. The column was then 

unsealed and the flow-through was collected. Subsequently, the resin bed was washed with 15 

column volumes of the resuspension buffer, then bound protein was eluted by washing the resin 

bed with 4 column volumes of 50 mM Tris-HCl (pH 7.5), 150 mM NaCl, 250 mM Imidazole. The 

eluted protein was then loaded into a cellulose dialysis bag (14 kDa MWCO) and dialyzed 

overnight at 4°C into 50 mM Tris-HCl (pH 7.5), 150 mM NaCl to remove excess imidazole. For 

sfGFP-ST, the final concentration of the isolated protein was determined via the absorbance of the 

native fluorophore at 485 nm using the previously reported extinction coefficient value of 8.33 x 

104 M-1cm-1 (37). Purified sfGFP-SpyTag was kept at 4°C until use in experiments. For TmE-PBD 

and TmE-PL variants, proteins concentrations were determined via their respective 280 nm 

absorbance signals using the following theoretical extinction coefficients: TmE59/124/135-PDZ = 

39,545 M-1cm-1; TmE-PDZlig = 36,565 M-1cm-1; TmE59/124/135-SH3 = 52,035 M-1cm-1; TmE-

SH3lig = 36,565 M-1cm-1. 

Purification of DHFR-NST and DHFR-CST variants was performed following the same 

TALON resin purification protocol as for sfGFP-SpyTag with the exception that the lysis buffer 

consisted of 50 mM Tris-HCl (pH 7.5), 150 mM NaCl, 2.5 mM β-mercaptoethanol, 10 mM 

Imidazole. Bound enzyme was eluted from the resin using the same buffer solution with the final 

concentration of imidazole increased to 250 mM. The eluted protein was then loaded into a 

cellulose dialysis bag (14 kDa MWCO) and dialyzed overnight at 4°C into 50 mM K-Phosphate 

(pH 7.0), 100 mM NaCl, 2.5 mM β-mercaptoethanol. Purified DHFR-SpyTag was flash frozen in 
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liquid nitrogen and stored at -80°C until use in experiments. Protein concentrations for DHFR-

NST, DHFR*-NST, and DHFR*-CST were determined spectrophotometrically at 280 nm using 

theoretical extinction coefficient values: 34,950 M-1cm-1 for DHFR-NST and 40,450 M-1cm-1 for 

both variants containing the M42W mutation. 

Purification of MBP-SC was performed by first resuspending cell pellets in 50 mM Tris-

HCl (pH 7.5), 500 mM NaCl containing Protease Inhibitor Cocktail, 0.1 μg/mL PMSF, and 5 

μg/mL DNaseI. The cell solution was then lysed via sonication in the same manner as described 

above. Insoluble debris was removed via centrifugation at 4000 rpms for 40 minutes at 4°C, then 

the clarified lysate was loaded into a 30 mL polypropylene disposable column containing 1 mL of 

amylose affinity resin (pre-equilibrated with 5 column volumes of lysis buffer). The column was 

sealed and placed on a rocking table at 4˚C for 20 minutes. The column was then unsealed and the 

flow-through was collected. Subsequently, the resin bed was washed with 15 column volumes of 

the resuspension buffer, then bound MBP-SC was eluted by washing the resin bed with 4 column 

volumes of 50 mM Tris-HCl (pH 7.5), 500 mM NaCl, 10 mM maltose. Purified MBP-SC was 

flash frozen in liquid nitrogen and stored at -80°C until use in experiments. Protein concentrations 

for purified MPB-SC were determined spectrophotometrically at 280 nm using the theoretical 

extinction coefficient 77,810 M-1cm-1. 

 

2.4.4 – Dynamic Light Scattering Analysis 

 

 In vitro mixtures of purified TmE nanocontainers presenting corresponding PBDs and PLs 

were mixed in 50 mM Tris-HCl (pH 7.5), 150 mM NaCl buffer in varying mass or concentration 

ratios. Final protein concentrations were kept to a maximum of no more than 10 μM for each TmE 
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variant. Samples were incubated at 4°C overnight prior to being subjected to DLS assessment 

using a NanoPlus DLS Particle Analyzer (Micromeritics Instrument Corporation, Norcross, GA). 

Data collection was performed at 20°C, and all samples were passed through 0.2 μm syringe filters 

prior to assessment to remove any dust. 

 

2.4.5 – In vitro SpyCatcher/SpyTag Conjugation Reactions 

 

 In vitro conjugations between purified proteins with fused SpyCatcher domains and partner 

proteins presenting fused SpyTags were performed by mixing a given final concentration of the 

SpyCatcher fusion protein with a minimum of a 5 μM excess of the SpyTag-fusion partner. All 

conjugation reactions were performed in 50 mM K-Phosphate (pH 7.0), 100 mM NaCl, 2.5 mM 

β-mercaptoethanol. Unless otherwise stated, conjugations were allowed to proceed overnight at 

4°C prior to purification of the resulting bioconjugate. Purification of bioconjugates from 

unreacted starting proteins was performed by loading the conjugation reaction mixture into a 

Superdex 200 Increase 10/300 GL column that had been pre-equilibrated with 50 mM K-Phosphate 

(pH 7.5), 100 mM NaCl, 2.5 mM β-mercaptoethanol and was connected to an ÄKTA Explorer 10 

FPLC system (GE Life Sciences, Little Chalfont, Buckinghamshire, UK). The same buffer was 

used as the mobile phase during purification chromatography, and protein elution was monitored 

spectrophotometrically at 280 nm. For samples containing sfGFP-ST, sample elution was also 

monitored at 485 nm to detect sfGFP chromophores. Purified bioconjugates were kept at 4°C until 

needed for experimentation. 
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2.4.6 – Fluorescein Methotrexate Titrations 

 

 Fluorescein methotrexate (MTX-F) titrations were performed by titrating purified sample 

proteins with known concentrations of MTX-F in 50 mM K-Phosphate, 0.1 M NaCl, 2.5 mM β-

mercaptoethanol and monitoring the change in fluorescence intensity at 517 nM upon MTF-F 

binding. The range of MTX-F tested spanned from 0.2 – 5.0 μM. All fluorometric readings were 

collected using a HORIBA Jobin Yvon FluoroMax®-3 fluorimeter (Edison, NJ). Samples were 

excited at 496 nm and the resulting emission data was collected with both the excitation and 

emission slits of the instrument set at 2 nm and the data integration time set to 0.2 seconds. 

Segmented regression analysis of titration data was performed using GraphPad Prism 8.4.1 (La 

Jolla, CA). 

 

2.4.7 – Michaelis-Menten Kinetics Analyses 

 

 Steady-state kinetics of free and bioconjugated DHFR variants were performed at 22°C by 

monitoring the depletion of NADPH spectrophotometrically at 340 nm on a Varian Cary 50 Bio 

UV-visible spectrophotometer (Santa Clara, CA). The reaction mixture used for all kinetics runs 

consisted of 100 mM K-Phosphate (pH 7.0), 100 mM NaCl, 1 mM dithiothreitol, 20 mM sodium 

ascorbate, and 0.1 mM NADPH. A final concentration of free DHFR* or bioconjugated DHFR* 

between 2.5 – 50 nM was added into the reaction mixture and allowed to equilibrate for at least 10 

minutes to prevent hysteresis effects. Kinetics tests were initiated upon the addition of 

dihydrofolate (DHF) into the reaction mixture. A combined extinction coefficient for NADPH and 
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DHF of 11,800 M-1cm-1 (57) was used to calculate the rate of NADPH consumption during the 

course of each reaction. All reactions were conducted in triplicate with error values representing 

one standard deviation from the mean. Kinetics data were processed using GraphPad Prism 8.4.1 

(La Jolla, CA). 

 

2.4.8 – Thermal Stability Assays 

 

 Assessments of DHFR* thermal stability in relation to bioconjugation state were performed 

by incubating 2.5 μM stocks of enzyme in 100 mM K-Phosphate (pH 7.0), 100 mM NaCl, 2.5 mM 

β-mercaptoethanol within the heating blocks of a Bio-Rad C1000 Touch Thermal Cycler 

(Hercules, CA) at temperatures ranging from 10°C up to 90°C for 30 minutes. Immediately 

following each incubation, enzyme stocks were removed and used to prepare reaction mixtures 

containing 100 mM K-Phosphate (pH 7.0), 100 mM NaCl, 1 mM dithiothreitol, 20 mM sodium 

ascorbate, 0.1 mM NADPH, and a final concentration of 5 nM enzyme. Reactions were initiated 

upon the addition of a final concentration of 60 μM DHF and were monitored 

spectrophotometrically at 340 nm as described in Section 2.4.7 above for 20 minutes at 22°C. All 

reactions were conducted in triplicate with error values representing one standard deviation from 

the mean. Thermal activity plots were analyzed using GraphPad Prism 8.4.1 (La Jolla, CA). 

 

2.4.9 – Transmission Electron Microscopy Imaging 

 

Individual TEM grids were prepared by applying 4 μL of biological sample onto the carbon 

surface of carbon-copper grids for five minutes. Samples were diluted to a final protein 
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concentration between 0.1 – 0.3 mg/mL to prevent overcrowding of proteins on the grid surface. 

After five minutes had elapsed, the edge of the grid was gently blotted against a sheet of Whatman 

1 filter paper. The grid was then inverted and quickly immersed sequentially into two drops of 

deionized water. The edge of the grid was again blotted against filter paper, and then negative 

staining was accomplished by applying 4 μL of 1% (w/v) phosphotungstic acid (pH 6.5, prepared 

in double distilled water and pH adjusted with KOH) onto the surface of the grid and allowing it 

to incubate for 20 seconds. The edge of the grid was then blotted against filter paper one final time, 

and then the grids were allowed to air dry for five minutes before being placed into a vacuum 

desiccator for five additional minutes prior to imaging. TEM imaging was performed on a Hitachi 

HT7700 transmission electron microscope (Hitachi, Tokyo, Japan) operating at an accelerating 

voltage of 80.0 kV. 
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3.1 – Introduction 
 

 In nature, both eukaryotic and prokaryotic organisms rely on multistep enzymatic cascade 

reactions to rapidly facilitate the numerous cellular processes necessary to sustain life and growth 

(1). Enzymatic cascades are inherently beneficial as they allow organisms to maintain lower net 

concentrations of metabolic intermediates, thus preventing the formation of futile byproducts or 

the release of toxic species into the larger cellular environment (2, 3). Further, metabolic cascades 

can often enhance the individual reactivities and selectivities of pathway enzymes through a 

process known as “substrate channeling” in which normal reaction equilibria are subverted through 

the direct transfer of intermediates between sequentially acting enzyme catalysts (2, 4).  For 

efficient substrate channeling to occur, however, functionally related enzymes must typically be 

co-localized within macromolecular complexes or organelle structures to minimize the spatial 

distances chemical intermediates must traverse between active sites (5).  

Chemists and synthetic biologists alike have devoted intense research efforts towards 

mimicking the channeling effects of natural systems using synthetically crafted multienzyme 

metabolons. Generally, synthetic enzyme complexes have been constructed using a number of 

related strategies including the generation of non-native fusion proteins (6, 7), using protein or 

DNA-based scaffolds as selective enzyme templates (8-13), the immobilization of enzymes onto 

solid supports (14-16), or by sequestering enzymes within lipid-bound micelles or proteinaceous 

cages (17-24). In recent decades, naturally occurring protein-based cage assemblies, including 

bacterial microcompartments, encapsulins, and virus-like particles, have been increasingly utilized 

for the development of artificial metabolons due to their uniform sizes, engineerability and their 

capacity to serve as both nanoscale containers and as functionalizable templates (25-27). 
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Accordingly, several exciting examples in the last few years have illustrated either the covalent 

scaffolding of multienzyme systems on nanocontainer surfaces for the generation of high 

sensitivity biosensors (28, 29), or the encapsulation of multiple enzymes within container luminal 

spaces for the biocatalytic production of biofuel precursors and commercially relevant fabric dyes 

(30-32). 

Chapter 2 of this thesis details the polyvalent exterior surface decoration of T. maritima 

encapsulin nanocontainers with functional DHFR biocatalysts isolated from E. coli. The following 

chapter describes our efforts to expand upon this nanocontainer design in order to create a synthetic 

two-enzyme metabolon by coupling the enzymatic activity of DHFR to that of the THF-dependent 

aryl-O-demethylase enzyme LigM abstracted from the soil bacterium Sphingomonas paucimobilis 

SYK-6 (33, 34). Specifically, we seek to utilize both the encapsulin’s native role as a biological 

container for protein cargoes alongside its engineered function as a high-density symmetrical 

template. We plan to achieve this feat by covalently tethering DHFR enzymes to the container 

exterior surface while simultaneously performing the non-covalently packaging of LigM enzymes 

within the encapsulin lumen. LigM was chosen as the downstream enzyme in our metabolon 

design as it naturally participates in the catabolic utilization of aryl substrates derived from the 

degradation of lignin biopolymers as a carbon source for cellular growth (33, 34). The 

depolymerization and valorization of lignin’s heterogeneous phenylpropanoid constituents 

represents an important current challenge in industry and biotechnology as lignin is both the 

second most abundant polymer in nature and one of the largest untapped carbon sources on the 

planet due to its insolubility and its intractability (35-38). As such, nanocontainer-scaffolded 

synthetic metabolons, such as the one we propose herein, represent valuable methodologies for the 

ecologically friendly and sustainable production of biofuels and high value chemical synthons.  
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3.2 – Results and Discussion 
 

 Building off of our successful high-density display of active E. coli DHFR-M42W variant 

biocatalysts (denoted DHFR* for brevity) on the exterior surface of TmE nanocontainers using the 

covalent SpyCatcher/SpyTag system (described in Chapter 2), we subsequently sought to expand 

our encapsulin-based architecture into a multienzyme nanoreactor capable of performing 

sequentially-acting catalytic steps. To this end, we decided to employ LigM from the soil 

bacterium Sphingomonas paucimobilis SYK-6 (33, 34), as the second biocatalyst in our system 

following the design scheme detailed in Figure 3.1. Specifically, our plan was to decorate the 

exterior surface of TmE-SC nanocontainers with DHFR* enzymes, as described in Chapter 2, 

while simultaneously loading LigM enzymes into the TmE interior, thus artificially bringing the 

two catalysts into close spatial proximity. In so doing, THF generated in situ from the reduction 

of DHF by surface-tethered DHFR* was expected to drive the THF-dependent demethylation of 

the aryl substrate vanillate by encapsulated LigM. The corresponding protocatechuate (PCA) 

formed from vanillate demethylation represents an industrially significant precursor used to 

generate the high value synthons cis,cis-muconic acid and 2-pyrone-4,6-discarboxylate, which in 

turn are used in the mass production of nylon and biodegradable polymers (38-40). Similarly, the 

N5-methyltetrahydrofolate (5-CH3-THF) produced upon methylation of THF represents an 

important biological supplement for the prevention of neonatal neural tube defects (41-43). 

Metabolite exchange was expected to occur between the two biocatalysts in our nanocontainer-

based system via the native pores located at the three distinct symmetry axes uniformly arrayed 

throughout the encapsulin shell. This overall nanoreactor design was chosen to examine whether 

the co-localization of DHFR* and LigM would permit substrate channeling-like effects for the 
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scaffolded metabolon enzymes, thereby yielding enhanced catalytic flux rates relative to the 

observed throughput for the two enzymes free in solution. 

 

Figure 3.1 – Cartoon representation of the proposed multienzyme nanoreactor design. Surface-bound DHFR* 

enzymes are depicted as green spheres while encapsulated LigM enzymes are depicted as yellow spheres. The 

encapsulin shell is depicted as a black  

 Previous works have shown that non-native cargoes can be directed into the TmE lumen 

using short aliphatic targeting peptides derived from the C-terminal region of the native ferritin-

like protein (FLP) cargo (44-46). As an initial test for our design strategy, we recombinantly fused 

the FLP’s C-terminal cargo localization peptide (Clp) sequence onto the C-terminus of LigM and 

purified the resulting fusion protein to homogeneity. The demethylation activity of the purified 

LigM-Clp was subsequently assessed using exogenously added THF as the methyl acceptor, 

yielding the activity profile depicted in Figure 3.2A. The resulting profile shows that the LigM-

Clp fusion protein (referred to as simply “LigM” from this point onward) retains enzymatic activity 

as approximately 20% conversion of the starting 2 mM vanillate is shown to occur over the 5 hour 

reaction period. In accordance with the inherent stoichiometry of LigM, the final PCA and 5-CH3-

THF reaction products emerge in the expected 1:1 molar ratio. Interestingly, we also noticed a 

discrepancy in the cofactor pools over the course of the reaction as approximately 3-fold more 



138 
 

THF was consumed relative to the amount of 5-CH3-THF that was produced. This phenomenon 

will be discussed in greater detail later.  

Using this activity data with LigM alone as our baseline for comparison, we next performed 

another activity assay, this time employing equimolar concentrations of purified DHFR*-CST and 

LigM with exogenously added DHF as the starting cofactor to examine if the in situ generation of 

THF by DHFR*-CST could effectively drive the demethylase activity of LigM. The resulting 

activity profile shows that the formation of THF is rapid as the starting DHF pool is completely 

depleted within the first hour of the reaction period Figure 3.2B. However, while both the 

consumption of DHF and the corresponding formation of THF could be readily observed among 

the 259 nm absorbance signals detected during the LC/MS analysis of the various reaction 

components, direct quantitation of DHF proved difficult as DHF was found to rapidly degrade in 

response to the acidic quenching conditions used when collecting time point samples. This 

susceptibility of DHF to lower pH values has been documented previously and hampered us from 

effectively generating standard curves necessary for accurate cofactor quantitation (47-48). 

Figure 3.2 – Enzymatic activity assays monitoring the production of PCA and 5-CH3-THF using either A) purified 

LigM alone in conjunction with THF, or B) equimolar concentrations of purified DHFR*-CST and LigM in 

conjunction with DHF. 
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Despite this inability to report DHF concentrations, standard curves for all other reaction 

components, including THF, could be generated with high accuracy, and thus we elected not to 

alter the assay parameters.   

Interestingly, though the conversion of DHF to THF appeared to be rapid in the coupled 

enzyme reaction, the downstream conversion of vanillate to PCA by LigM appeared identical to 

the previous reaction containing free LigM alone as roughly 20% total conversion was observed 

overall. This result was not entirely unexpected as a Michaelis-Menten assessment conducted 

previously with wildtype LigM reported a kcat value 5.76 ± 0.25 s-1 and of KM value 0.72 ± 0.11 

mM for THF (49). While the kcat value of LigM is nearly equivalent to that of our DHFR* variant, 

the KM value is more than 100-fold and 35-fold higher than the KM values exhibited for DHF by 

free DHFR*-CST (KM = 6.83 ± 0.83 μM) or TmE-immobilized DHFR*-CST (KM = 19.74 ± 2.57 

μM), respectively. We thus initially concluded that the nearly identical activity profiles observed 

Figure 3.3 – A) SDS-PAGE gel depicting the in vitro bioconjugation of DHFR*-CST (20.8 kDa) and LigM-SC 

(65.2 kDa). Lane 1: DHFR*-CST clarified lysate; Lane 2: LigM-SC clarified lysate; Lane 3: combined clarified 

lysate samples following 60 minute incubation; Lane 4: IMAC resin flow-through; Lane 5: IMAC resin buffer wash; 

Lane 6: elution of proteins bound to IMAC resin using 250 mM imidazole wash. Bioconjugated LigM-SC:DHFR*-

CST (86.0 kDa) visible in lanes 3 and 6. Numerical values in the middle lane represent the molecular weights (in 

kDa) of the adjacent protein ladder bands. B) Activity profile generated using LigM-SC:DHFR*-CST bioconjugates 

with DHF as the starting cofactor. 
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for the LigM only and coupled enzyme assays was likely due to the significantly weaker substrate 

binding of LigM serving as the primary rate-limiting factor in the overall cascade reaction. 

Having validated the feasibility of coupling the catalytic activities of DHFR*-CST and 

LigM into a complimentary reaction pathway, our next goal was to determine whether reducing 

the spatial proximity between the two metabolon biocatalysts could influence the overall flux 

through the two-step cascade by generating sufficiently high local concentrations of THF to 

compensate for its weaker binding affinity with LigM. Consequently, we genetically fused the 

SpyCatcher domain onto the C-terminus of LigM to generate a LigM-SpyCatcher (LigM-SC) 

variant that would permit us the ability to covalently tether LigM directly to DHFR*-CST via 

isopeptide bond formation. Clarified cell lysates derived from separate heterologous expression 

cultures of LigM-SC and DHFR*-CST were mixed in vitro to effect covalent bond formation 

(Figure 3.3A). Following a brief incubation period, the conjugated LigM-SC:DHFR*-CST 

complex was isolated as a >95% pure product through sequential IMAC and SEC chromatography 

steps. Interestingly, a subsequent activity assay performed with these covalently-tethered 

biocatalysts yielded identical results as were observed for the previous two reactions with 

approximately 20% conversion of the initial vanillate pool occurring over the 5 hour incubation 

period (Figure 3.3B). These results seemingly indicate that the spatial proximity of the two 

enzymes has no effect on the corresponding flux through the multistep catalytic pathway.  

 Given the good agreement of the preceding three activity assay datasets, we subsequently 

sought to probe the relative efficiency of our bi-enzymatic nanoreactor scaffold design. Based on 

the published crystal structures for both LigM (49, 50) and TmE (51), we estimated that a 

theoretical maximum of 32 LigM monomers could be packaged within each nanocontainer given 

an approximate volume of 128 nm3 for each LigM enzyme and a luminal void volume of 4189 
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nm3 for the assembled encapsulins. Though this theoretical maximum would likely never be 

reached in practice due to steric constraints within the encapsulin lumen, the combination of these 

estimates and our ability to achieve full covalent decoration of TmE-SC nanocontainers with 60 

immobilized DHFR* enzymes per container indicate that our multienzyme system should have an 

approximate minimum ratio of 2:1 DHFR* to LigM enzymes upon assembly. Nanoreactors were 

subsequently constructed by first co-expressing TmE-SC and LigM (TmE-encapsulated LigM 

referred to herein as TmE-SC●LigM), and then decorating the exterior surface of the 

nanocontainers in vitro by mixing the resulting clarified lysate from the TmE-SC●LigM culture 

with clarified lysate derived from an expression culture containing DHFR*-CST to avoid the 

metabolic burdens of expressing all three proteins in a single host. Due to the large culture sizes 

needed to achieve sufficient yields of the three protein components, the nanoreactors were only 

semi-purified following several chromatography and salt-mediated precipitation steps. However, 

distinct protein bands corresponding to the sizes of the encapsulated LigM enzyme and the TmE-

Figure 3.4 – A) SDS-PAGE gel image depicting the semi-purified TmE-SC●LigM:DHFR*CST nanoreactors (Lane 

S, left) and the corresponding gradient of purified LigM used for gel densitometry analysis. Numerical values in the 

second lane represent the molecular weights (in kDa) of the adjacent protein ladder bands. B) Gel densitometry plot 

containing the linear regression analysis derived from the purified LigM gradient SDS-PAGE data (R2 value = 0.979). 
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SC:DHFR*-CST fusion proteins were detectable via SDS-PAGE analysis (Figure 3.4A). The 

concentration of the encapsulated LigM population was subsequently determined by gel 

densitometry analysis (Figure 3.4B) and served as the basis for the preparation of our activity 

assays given that LigM represents the rate-limiting enzyme in the cascade reaction. 

 

Figure 3.5 – Relative performance of different activity assays assessed by normalizing the endpoint concentrations of 

the terminal PCA and 5-CH3-THF cascade products to the concentration of LigM used in each assay. 

 Activity assays performed with DHFR*-decorated TmE-SC●LigM nanoreactors (i.e. 

TmE-SC●LigM:DHFR*-CST) show that the bi-enzymatic cascade is indeed functional as DHF 

was readily converted to THF, and the concentrations of both PCA and 5-CH3-THF were observed 

to gradually increase in a linear fashion over the 5 hour reaction timeframe. However, in 

comparison to the preceding reaction profiles, encapsulation of LigM leads to an apparent 5-fold 

reduction in cascade efficiency when the final amounts of PCA and 5-CH3-THF are normalized 

relative to the concentration of LigM present (Figure 3.5). We reasoned that this inefficiency was 



143 
 

likely due to either some percentage of the encapsulated LigM enzymes being inactive (either from 

protein denaturation or due to crowding within the encapsulin lumen), or due to restricted diffusion 

of the bulky substrates and folate cofactors through the narrow 3 Å pores of the native encapsulin 

shell. The latter phenomenon has been reported previously for encapsulin-based systems, such as 

a ~1000-fold reduction in turnover observed for firefly luciferase encapsulated within an 

encapsulin nanocontainer isolated from Rhodococcus erythropolis N771 due to the restricted 

diffusion of the required adenosine triphosphate and D-luciferin substrates into the encapsulin 

lumen (52). Fortuitously, our lab has previously generated an encapsulin variant, referred to as 

TmEΔ9Gly2, possessing artificially enlarged pores located at the container’s 5-fold symmetry axes 

which have been shown to allow for the enhanced diffusion of small cation probes across the 

encapsulin shell relative to the wildtype TmE containers (46). An atomic level structure was 

recently obtained for the TmEΔ9Gly2 variant via cryogenic transmission electron microscopy, 

showing that the engineered pores of the variant are approximately 18 Å in diameter, or 6-fold 

wider than the 3 Å pores natively located at the 5-fold axes (53). We thus recombinantly introduced 

the same Δ9Gly2 pore mutations into the TmE-SC gene sequence (new variant referred to as 

TmEΔ9Gly2-SC) to examine if the diffusion of substrates and/or cofactors was indeed the source 

of the poor performance exhibited by our nanoreactors. 

 DHFR*-decorated TmEΔ9Gly2-SC●LigM nanoreactors were prepared and purified in the 

same fashion as the preceding nanoreactors containing wildtype-sized pores. Excitingly, activity 

assay data collected for the TmEΔ9Gly2-SC●LigM:DHFR*-CST scaffolds showed a complete 

recovery of cascade efficiency as the LigM-normalized endpoint concentrations of PCA and 5-

CH3-THF matched those obtained for all three of the assays performed with non-encapsulated 

LigM enzymes (Figure 3.5). These results indicate that restricted metabolite exchange was likely 
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the cause of the inefficiency exhibited by the initial TmE-SC●LigM nanoreactor scaffolds. 

Additionally, the recovery of cascade efficiency further indicated that the entire population of 

LigM enzymes within the TmEΔ9Gly2-SC●LigM nanoreactors are catalytically competent, and 

thus the physical sequestration of LigM enzymes within the encapsulin lumen does not negatively 

impact enzymatic function. However, as with the activity assay performed using conjugated LigM-

SC:DHFR*-CST fusion proteins, the co-localization of the two biocatalysts in our nanoreactor-

based metabolon design appears to offer no evidence of pathway flux enhancements resulting from 

cascade catalysis relative to the reactions performed with both enzymes freely dispersed in 

solution. 

 

Figure 3.6 – Scheme depicting the initial products generated from the aerobic oxidative degradation of 

tetrahydrofolate. The 2-amino-4-oxo-6-methylpteridine, p-aminobenzoate, and L-glutamate portions of the 

tetrahydrofolate cofactor are colored in blue, red, and green, respectively, in the chemical structure above.  

 Following the collection of our activity assay datasets for both freely dispersed and 

encapsulin-scaffolded enzymes, we began to investigate different strategies to enhance the 

catalytic performance of our cascade systems beyond the seemingly persistent 20% conversion 
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threshold observed in most of our activity tests. Upon closer examination of our enzymatic activity 

data, we noticed that the decline in THF concentration during the 5 hour reaction period was 

consistently greater than the amount of 5-CH3-THF produced, indicating that the THF pool was 

being prematurely depleted and was perhaps hampering the demethylase activity of LigM. THF is 

well known to be susceptible to oxidative degradation by molecular oxygen under aerobic 

conditions, resulting in cleavage of the C9-N10 bond joining the cofactor’s pterin and p-

aminobenzoic acid moieties to form 6-formylpterin and p-(aminobenzoyl)-L-glutamate (p-ABG) 

as degradation byproducts (Figure 3.6) (54, 55). Though excess sodium ascorbate salts were 

included in our reactions to serve as sacrificial oxidants intended to preserve the folate cofactor 

pools, we reassessed the raw LC/MS chromatograms from our activity assay datasets and located 

a product peak with a retention time of 5.1 minutes presenting positive and negative mode ion 

products directly corresponding to the molecular weight of p-ABG (Figure 3.7A). We 

subsequently performed parallel activity assays under aerobic and anaerobic conditions using a 

1:1 molar ratio of purified DHFR*-CST and LigM, the results of which show that the THF pool 

appears to be much more stable and the accumulation of p-ABG is significantly reduced under 

anaerobic conditions (Figure 3.7B). Overall, approximately 14% conversion was achieved during 

the 5 hour reaction period as a result of having to perform the anaerobic assay at 22°C within our 

anaerobic chamber, whereas all previous reactions had been incubated at 37°C. 

 In conjunction with our aerobic versus anaerobic assessment of THF stability, we also 

located literature sources reporting that LigM is susceptible to product inhibition by 5-CH3-THF 

with an apparent Ki value of 100 ± 1 μM, representing a product binding affinity more than 7-fold 

stronger than the enzyme’s KM value for the THF cofactor (49, 56). To verify if product inhibition 

was indeed contributing to the overall throughput limitations exhibited by our coupled enzyme 
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cascade, we subsequently prepared an activity assay under aerobic conditions, again containing a 

1:1 molar ratio of DHFR*-CST and LigM, using starting concentrations of 150 μM vanillate as 

the substrate and 2 mM DHF as the cofactor. This assay was designed to mimic reported conditions 

in which an excess of THF was able to overcome the higher binding affinity of the 5-CH3-THF 

generated by LigM during the reaction period (56). The resulting reaction profile generated with 

the reduced concentration of vanillate showed better conversion over the previous trials with more 

than 60% of the vanillate pool converted to PCA and 5-CH3-THF within 5 hours. 

 

Figure 3.7 – A) LC/MS chromatogram depicting the substrates and products of an activity assay. The p-ABG peak 

arising from the degradation of THF is highlighted within the dashed green box. B) Comparison of p-ABG formation 

under aerobic and anaerobic assay conditions. 
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 While increasing the in situ concentration of THF proved to be a viable option for 

improving the efficiency of our cascade when tested with enzymes heterogeneously dispersed in 

solution, this strategy is less attractive from an industrial perspective as it requires maintaining a 

persistently high concentration of a labile cofactor. As an alternative strategy, we began to explore 

the possibility of coupling our bi-enzymatic metabolon with a third biocatalyst designed to recycle 

the THF consumed by LigM, thereby permitting the solution concentration of THF to be kept at 

lower levels. Similar coupled-enzyme recycling systems have been effectively utilized in the past 

to recycle expensive and labile cofactors such as NAD(P)H using inexpensive feedstock 

metabolites (57). In living organisms, 5-CH3-THF is used by methionine synthase (MetE) enzymes 

as a methyl donor for the generation of L-methionine from L-homoserine (58-60). Accordingly, 

Rosini et al. recently isolated the plant MetE gene native to Catharanthus roseus and successfully 

coupled the 5-CH3-THF-dependent methylation of L-homoserine to the demethylation of a series 

Figure 3.8 – Expanded nanoreactor cascade scheme with the incorporated the C. roseus MetE to serve as a THF-

recycling system. 
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of methylated aryl substrates accepted by LigM (56). In light of these results, we obtained the C. 

roseus MetE gene for ourselves and sought to employ it towards THF recycling in our own 

nanoreactor cascade following the scheme depicted in Figure 3.8. However, while we were able 

to successfully heterologously express and purify the MetE gene, we were unable to proceed 

further with our studies due to the unforeseen closure of Emory University in response to the 

emerging public health threat of COVID-19 epidemic.  

 

3.3 – Conclusion 
 

 In this study, we have successfully constructed a multienzyme nanoreactor system utilizing 

the T. maritima encapsulin as a bifunctional scaffold for the simultaneous surface display of one 

enzyme in tandem with the specific encapsulation of another. Polyvalent decoration of the 

encapsulin surface with DHFR variant enzymes (described in Chapter 2) thus permitted the in situ 

generation of THF, which was then used to drive the LigM-catalyzed demethylation of an 

industrially-relevant aryl precursor molecule within the encapsulin lumen derived from the 

catabolism of plant-based lignin biopolymers. However, while the sequential catalysis steps were 

shown to function as intended with the initial TmE-SC●LigM:DHFR*-CST nanoreactor design, 

the overall throughput of the scaffolded metabolon cascade was approximately 5-fold less efficient 

than when the same cascade was performed with non-scaffolded enzymes freely distributed in 

solvent. We subsequently eliminated the observed reduction in cascade efficiency by 

recombinantly enlarging the 5-fold symmetry pores intrinsic to the encapsulin architecture using 

a reported mutagenesis strategy previously employed by members of our lab (46). This second 

nanoreactor design, deemed TmEΔ9Gly2-SC●LigM:DHFR*-CST, exhibited cascade efficiency 
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on par with the non-scaffolded cascade enzymes, indicating that diffusion of the necessary 

substrates and cofactors through the encapsulin shell was the primary factor limiting the  efficiency 

of the first nanoreactor chassis. 

 The initial intent of our encapsulin-based multienzyme platforms was to achieve faster 

cascade flux, akin to the metabolic substrate channeling observed in nature, by co-localizing our 

DHFR* and LigM biocatalysts on a common proteinaceous scaffold. Though our nanoreactor 

scaffolds were shown to effectively facilitate sequential catalytic steps, no evidence of cascade 

flux accelerations was observable with our system due to product inhibition of LigM by 5-CH3-

THF masking any such benefits. However, flux enhancements resulting from enzyme co-

localization may still be revealed upon the elimination of the 5-CH3-THF inhibition. To that end, 

we have begun attempts to couple the encapsulin-scaffolded cascade to the methyltransferase 

activity of plant-based MetE, which utilizes 5-CH3-THF as a methyl donor for the production of 

L-methionine. Successful incorporation of MetE into our cascade design would also offer the 

added benefit of recycling the THF cofactor needed to drive further rounds of catalytic turnover 

with the encapsulated LigM.  

 In biological systems, multistep cascade reactions are often designed to maintain lower 

concentrations of pathway intermediates as a means of mitigating metabolite loss in order to better 

maximize atom economy (1, 2). In this light, our nanoreactor design, though functional, requires 

further optimization to behave more like a biologically-inspired enzymatic cascade. Specifically, 

the kinetic imbalance between the catalytic efficiencies of DHFR* and LigM were shown to lead 

to a rapid accumulation of THF as an intermediate cofactor, which was subject to deleterious 

oxidative degradation under the aerobic assay conditions. Transitioning from aerobic to anaerobic 

assay conditions resulted in better retention of the THF pool, which could be especially beneficial 
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when coupled with the THF-recycling activity of MetE. Additionally, the design of the actual 

nanoreactor itself could be further optimized as the encapsulin scaffolds are inherently imbalanced, 

possessing a theoretical minimum of a 2-fold higher concentration of the faster DHFR* relative to 

the slower LigM catalysts. Future designs could account for the higher catalytic efficiency of 

DHFR* relative to LigM by switching the orientation of the two enzymes (i.e. surface tethered 

LigM in conjunction with encapsulated DHFR*). Given that each DHFR* monomer is 

approximately 3-fold smaller than a corresponding LigM monomer, however, this strategy might 

not be as effective since higher concentrations of DHFR* could theoretically be packaged within 

the lumen of each nanocontainer. Alternatively, varying concentrations of purified DHFR*-CST 

could be used during in vitro decoration of the TmE-SC surfaces to determine an optimal DHFR*-

LigM cascade ratio.  

 

3.4 – Materials and Methods 
 

3.4.1 – Reagents and Materials 

 

 Vanillate and protocatechuate were purchased from Oakwood Chemical (West Columbia, 

SC). Tetrahydrofolate and 5-methyltetrahydrofolate were purchased from Cayman Chemical (Ann 

Arbor, MI). All other chemicals and reagents were purchased from Sigma Aldrich (St. Louis, MO). 

All pre-packed chromatography columns were purchased from GE Healthcare (Marlborough, 

MA). DH5α competent E. coli cells were purchased from ThermoFisher Scientific (Waltham, MA) 

and BL21(DE3) and competent E. coli cells were purchased from New England Biolabs (Ipswich, 

MA). All commercial enzymes used for molecular cloning were purchased from New England 
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Biolabs unless otherwise noted. The Sphingomonas paucimobilis SYK-6 gene (GenBank: 

BAD61059.1) was ordered as two gBlock gene fragments from Integrated DNA Technologies 

(Coralville, IA), which were recombinantly assembled and cloned into the pMATT2 vector using 

standard molecular cloning techniques. All DNA primers were ordered from Integrated DNA 

Technologies. The TA cloning kit was purchased from Invitrogen (Waltham, MA). The 

pET24b:MetE plasmid was a generous gift from Dr. Elena Rosini and Dr. Loredano Pollegioni 

(Università degli Studi dell’Insurbia, Varese, Italy). 

 

3.4.2 – Molecular Cloning 

 

The pET23b:TmE-SC and pCDF:DHFR*-CST plasmids were prepared as described in 

Chapter 2. The pET23b:TmE(Δ9Gly2)-SC variant plasmid was generated using mutagenic primers 

to perform whole-plasmid amplification with the pET23b:TmE-SC plasmid serving as the 

amplification template. Successful incorporation of the Δ9Gly2 pore mutation was confirmed via 

DNA sequencing. The Sphingomonas paucimobilis SYK-6 LigM gene was ordered as two gBlock 

fragments and assembled into a single continuous gene by overlap extension PCR. The LigM 

sequence was modified slightly from the wildtype sequence to reduce certain G/C-rich regions of 

the DNA sequence in order to facilitate the chemical synthesis of the gBlocks. The assembled 

overlap extension product, containing encoded HindIII and SpeI restriction sites at the 5’ and 3’ 

ends, respectively, was generated using Taq polymerase. The overlap extension product was then 

directly ligated into linear pCR™2.1 vector using a T/A cloning kit. Gene incorporation was 

confirmed by standard colony PCR. Subsequently, the full-length LigM gene was excised from 

the pCR™2.1 vector via digestion with HindIII and SpeI, and it was then transferred to pMATT2 
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vector that had been linearized with the same enzymes. The final pMATT2:LigM plasmid 

construct was confirmed via DNA sequencing. The pCDF:LigM-SC vector was prepared by first 

fusing the LigM and SpyCatcher gene sequences using overlap extension PCR and terminal 

primers encoding HindIII and AvrII restriction sites within the forward and reverse primers, 

respectively. The full length gene hybrid was then digested with HindIII and AvrII, and it was then 

ligated into linear pCDFDuet-1 vector that had been digested with the same enzymes. The final 

vector product was confirmed via DNA sequencing. 

 

3.4.3 – Protein Overexpression and Purification 

 

 All recombinant proteins were overexpressed in E. coli BL21(DE3) cells. Cells containing 

the pCDF:DHFR*-CST vector were grown in LB medium at 37°C in the presence of 0.05 mg/mL 

streptomycin to an OD600 value between 0.5 – 0.7, and then protein expression was induced with 

the addition of a final concentration of 0.3 mM IPTG. The cells were harvested via centrifugation 

after 16 hours of expression time at 30˚C. For LigM and LigM-SC, cells containing the respective 

vector were grown in LB medium at 37°C in the presence of 0.05 mg/mL streptomycin to an OD600 

value between 0.5 – 0.7, and then protein expression was induced with the addition of a final 

concentration of 0.1 mM IPTG. The cells were harvested via centrifugation after 20 hours of 

expression time at 18°C. In vivo cargo loading of LigM into TmE nanocontainers was performed 

by co-expression of the pET23b:TmE-SC or pET23b:TmE(Δ9Gly2)-SC vectors and the 

pMATT2:LigM vector. Cells containing the respective encapsulin and LigM vectors were grown 

in LB medium at 37°C in the presence of 0.1 mg/mL ampicillin and 0.05 mg/mL streptomycin to 

an OD600 value between 0.5 – 0.7, and then protein expression was induced with the addition of a 
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final concentration of 0.05 mM IPTG. The cells were harvested via centrifugation after 20 hours 

of expression time at 18˚C. All cell pellets were frozen and stored at -20°C until purification. 

Both LigM and LigM-SC were purified in an identical manner by first resuspending the 

respective cell pellets in 50 mM Tris-HCl (pH 7.5), 20 mM NaCl containing Protease Inhibitor 

Cocktail (Sigma Aldrich, P8849), 0.1 μg/mL PMSF, and 5 μg/mL DNaseI. The cell solution was 

then lysed via sonication (10 second pulses, 20 seconds rest between pulses) for 3.5 minutes. 

Insoluble debris was removed via centrifugation at 4000 rpms for 40 minutes at 4°C, then the 

clarified lysate was loaded into a 5 mL HiTrap Q-FF anion exchange chromatography column 

(pre-equilibrated with 5 column volumes of lysis buffer). The resin bed was washed with 3 column 

volumes of lysis buffer to remove non-specifically bound proteins, and then bound LigM or LigM-

SC was eluted with 3 column volumes the same buffer containing 200 mM NaCl. The elution 

fraction was then gently concentrated in an Amicon Ultra centrifugal filter (10 kDa MWCO) at 

4°C. The concentrated protein product was then recovered and loaded into a Superdex 200 Increase 

10/300 GL column that had been pre-equilibrated with 50 mM K-Phosphate (pH 7.5), 100 mM 

NaCl. The same buffer was used subsequently as the mobile phase during size exclusion 

chromatography. Protein elution was monitored spectrophotometrically at 280 nm. Purified LigM 

or LigM-SC collected from the chromatography fractions was flash frozen in liquid nitrogen and 

stored at -80°C until use in experiments. Protein concentrations for LigM and LigM-SC were 

determined spectrophotometrically at 280 nm using theoretical extinction coefficient values: 

108,750 M-1cm-1 and 120,210 M-1cm-1, respectively. 

 Bi-enzymatic nanoreactors were generated by resuspending cell pellets from a > 800 mL 

of TmE-SC (or TmEΔ9Gly2-SC) and LigM co-expression cell culture and cell pellets from a 100 

– 200 mL of DFR*-CST expression culture in 50 mM Tris-HCl (pH 7.5) containing Protease 
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Inhibitor Cocktail, 0.1 μg/mL PMSF, and 5 μg/mL DNaseI. The cell solutions were then lysed 

separately by sonication in the same manner as described above. Insoluble debris was removed via 

centrifugation at 4000 rpms for 40 minutes at 4°C. Subsequently, the clarified lysates derived from 

the TmE-SC●LigM and DHFR*-CST expression cultures were pooled into a fresh Falcon tube 

and in vitro surface decoration of the encapsulins’ SpyCatcher domains was carried out for 60 

minutes at 4°C on an orbital rocking table. The pooled clarified supernatants were then loaded into 

a HiTrap Q-FF anion exchange column (pre-equilibrated with 5 column volumes of lysis buffer) 

and the column flow-through was collected. Solid ammonium sulfate was added to the flow-

through sample to reach a final concentration of 20% (w/v), and then the sample was incubated 

for 20 minutes at 4°C on an orbital rocking table to promote precipitation of unwanted contaminant 

proteins. Following the incubation period, the sample tube was centrifuged at 4000 rpms for 20 

minutes at 4°C to isolate precipitated contaminant proteins. The resulting supernatant was decanted 

into a fresh Falcon tube, and additional solid ammonium sulfate was added to reach a final 

concentration of 40% (w/v). The same 4°C incubation and centrifugation steps were repeated to 

isolated precipitated nanoreactors. The resulting solid pellet was resuspended in 5 to 10 mL of 50 

mM Tris-HCl (pH 7.5) and was immediately loaded into a cellulose dialysis bag (14 kDa MWCO). 

The dialysis bag was immersed sequentially into two beakers containing 1 L of 50 mM HEPES-

KOH (pH 7.5), 100 mM NaCl each with a minimum of 4 hours dialysis at 4°C with gentle stirring 

in each beaker to remove residual ammonium sulfate. The dialyzed sample was then recovered, 

passed through a 0.2 μm syringe filter, and then loaded into a HiPrep 16/60 Sephacryl S-500 HR 

size exclusion column that had been pre-equilibrated in 50 mM HEPES-KOH (pH 7.5), 100 mM 

NaCl and was connected to an NGC Chromatography FPLC system (Bio-Rad, Hercules, CA). The 

same buffer was used as the mobile phase during this second chromatography step. Assembled 
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encapsulins were isolated from the size exclusion column and stored at 4°C until use in 

experiments. Concentrations of encapsulated LigM were determined via 12% SDS-PAGE gel 

densitometry analyses using purified LigM to generate standard curves. All densitometry analyses 

were performed in triplicate and were processed using the FIJI image analysis software (61).  

 

3.4.4 – LC/MS Analyses 

 

 Multienzyme cascade activity assays were performed at either 37°C under aerobic 

conditions or at 22°C under anaerobic conditions using a reaction mixture containing 100 mM K-

Phosphate (pH 7.0), 100 mM NaCl, 2 mM dithiothreitol, 5 mM sodium ascorbate, 3 mM NADPH, 

2 mM DHF, and 2 mM vanillic acid. For the conversion reactions performed with LigM in the 

absence of DHFR*-CST, the reaction mixture was identical except that the NADPH was excluded 

and 2 mM THF was added in place of the DHF. Time point samples (35 μL each) were collected 

every hour for 5 hours. Each time point was immediately quenched by adding an equal volume of 

240 mM HCl to the sample and mixing thoroughly. Samples were subsequently subjected to 

LC/MS analysis by injecting 50 μL of each quenched mixture into a Shimadzu LCMS-2020 Single 

Quadrupole Liquid Chromatograph Mass Spectrometer equipped with an Agilent Zorbax Eclipse 

Plus C-18 column (5 μm particle size; 4.6 x 250 mm; Santa Clara, CA) and were separated at a 

flow rate of 1.5 mL·min-1. The mobile phase consisted of a mixture of (A) acetonitrile with 0.1% 

(v/v) formic acid and (B) water with 0.1% (v/v) formic acid. For compound separation, the 

following mobile phase gradient was used: 0 minutes, 5% A; 0.1 to 15 minutes, linear gradient 

from 5% to 20% A; 15.1 to 25 minutes, 5% A to re-equilibrate the column for subsequent 

injections. Elution of reaction components were monitored at 259 nm, and the retention times for 
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the components were as follows: THF (5.6 min); N5-CH3-THF (6.4 min); protocatechuic acid (7.7 

min); DHF (9.9 min); vanillic acid (12.5 min). For mass spectroscopy analysis, the interface 

temperature was set at 350°C, the drying line was set at 250°C, and the heat block was set at 200°C. 

Nitrogen gas was used as both the nebulizing and drying gas, and the respective flow rates for the 

nebulizing and drying lines were 1.5 and 3.0 L·min-1, respectively. All reactions were conducted 

in triplicate with error values representing one standard deviation from the mean. Curve fits for all 

activity assays were generated using GraphPad Prism 8.4.1 (La Jolla, CA). 
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User-triggered Assembly of Encapsulin Nanocontainers for the in vitro 

Loading of Non-native Cargo Under Mild Conditions 
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4.1 – Introduction 
 

 Naturally occurring proteinaceous cages are often inherently designed to encapsulate 

specific cargoes related to their respective biological functions, including genomic materials, 

proteins, and metal ions, to name a few (1). For nucleic acid and protein-based cargoes, 

encapsulation is typically directed in vivo using prescribed intermolecular interactions between the 

cargo in question and the luminal faces of the individual coat protein subunits from which the cage 

is constructed. In recent decades, the ability to specifically charge both naturally occurring and 

engineered protein containers with non-native cargoes by exploiting these pre-programmed 

interactions has gained increasing interest as a powerful tool for the generation of biocompatible 

nanomaterials and nano-vehicles with diverse applications in medicine, industry, and 

biotechnology. Commonly employed non-native cargoes include fluorogenic reporter proteins (2-

6), enzymes (3, 7-11), nucleic acids (12-14), metal nanoparticles (15-18), small molecule drugs or 

cytotoxins (12, 19-22), and chemocatalysts (23-25). Similar to the process of native cargo loading, 

many foreign cargoes can be packaged within protein nanocages during the natural cage assembly 

process in vivo by simply co-expressing the cargo of interest and the cage’s coat protein subunits 

heterologously (26-29). However, in vivo cargo loading has certain limitations, such as difficulties 

with regard to controlling the amount of packaged cargo per container, non-specific encapsulation 

of unwanted cargoes, and the inability to load cargoes that cannot be synthesized by the host 

organism, such as chemocatalysts and small molecule drugs (6, 30). 

 As an alternative to the in vivo packaging of foreign cargoes, many protein cage assemblies 

can be artificially loaded in vitro by prompting the cage to first disassemble into its individual 

protomeric subunits (or into smaller oligomeric structures such as dimers and pentamers) and then 
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subsequently reassemble in the presence of the cargo of interest. This strategy presents several 

advantages over in vivo methods as it allows for the encapsulation of non-biocompatible cargoes, 

and in many cases, containers can be quantitatively packaged with distinct cargo concentrations 

by modulating the cargo to protomer stoichiometry prior to prompting container reassembly (5, 

31-33). For some cage architectures, mild modulation of solution pH and ionic strength is 

sufficient to induce reversible disassembly of the nanocage structure, with the virus-like particle 

derived from cowpea chlorotic mottle virus (CCMV) serving as perhaps the best studied example 

of this phenomenon (34-36). For more recalcitrant nanocontainers, however, harsher treatments 

such as extreme pH values and the use of chaotropic salts are needed to incite container 

disassembly (37-39). Container reassembly is subsequently accomplished using dialysis or 

dilution to neutralize the solution pH or reduce the solution concentration of chaotropes. 

 Following the resolution of several atomic level structures in the mid to late 2000s, 

encapsulin nanocontainers have been increasingly utilized as modular chassis for the encapsulation 

and/or delivery of foreign cargoes due to their uniform sizes, their ability to natively encapsulate 

proteinaceous cargoes using known cargo loading peptide (Clp) sequences, and their generally 

robust natures (40). However, no native disassembly mechanisms have been identified for any of 

the encapsulins assemblies characterized to date. Recent accounts have instead shown that 

encapsulin nanocontainers, specifically those originating from the hyperthermophilic bacterium 

Thermotoga maritima (TmE), are among the ranks of other recalcitrant cage assemblies, requiring 

extreme pH values (i.e. ≤ 2 or ≥ 13) or high concentrations of either guanidine hydrochloride 

(GdnHCl, 7 M) or urea (12 M) denaturants in order to undergo reversible disassembly (18, 38). 

Using these methods, Cassidy-Amstutz et al. were able to artificially load GdnHCl-disassembled 

TmE nanocontainers with superfolder GFP-Clp fusion proteins (sfGFP-Clp) (38). Several years 
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later, Kunzle et al. followed this same general strategy to charge acid-disassembled TmEs with 

gold nanoparticles possessing chemically synthesized Clp peptides covalently appended to their 

surfaces (18).  

 

Figure 4.1 – Non-native cargo loading of TmE nanocontainers using GdnHCl-mediated disassembly. A) Schematic 

of the process used to perform in vitro loading of a GCaMP reporter protein. B) Assessment of retained GCaMP 

fluorescence with and without trypsin digestion. Addition of the calcium trigger used to initiate GCaMP fluorescence 

is indicated by the “ Ca2+ ” labels within the circles representing the GCaMP reporters above the chart. GCaMP 

proteins loaded into TmE via GdnHCl-mediated disassembly/reassembly are indicated by the hexagonal black shell 

around the GCaMP label (right-hand data bar). C) Attempted GdnHCl-mediated cargo loading of an enzyme, OPR1, 

from the OYE family of flavoenzyme, which resulted in rapid precipitation of the enzyme.   

While both the pH and denaturant-based methods used to charge encapsulins with foreign 

cargoes previously proved effective, between 5 to 40% of the starting nanocontainer populations 

were lost during the different disassembly and reassembly processes, presumably due to 

misfolding and aggregation of the encapsulin protomers (38). Further, residual denaturants remain 

present during the container reassembly phase, which can be detrimental to certain cargoes of 

interest. Initial attempts to recapitulate the reported in vitro cargo loading of TmEs in our own lab 

using GdnHCl to prompt container disassembly proved successful when GCaMP, a green 

fluorescent protein variant exhibiting Ca2+-dependent fluorescence (41), was used as a non-native 
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reporter cargo (Figure 4.1A, see Materials and Methods for full details). Following the 

disassembly and reassembly of TmEs in the presence of excess GCaMP-Clp fusion proteins, 

approximately 60% of the original GCaMP population was found to be protected from proteolytic 

cleavage, indicating successful encapsulation within assembled TmEs in accordance with previous 

reports (Figure 4.1B) (42), while non-encapsulated GCaMP was completely degraded under 

identical exposure to protease. However, when the same in vitro loading procedure was repeated 

using several flavoprotein enzymes originating from the Old Yellow Enzyme family, rampant 

precipitation of the cargo proteins was repeatedly observed during the reassembly phase (Figure 

4.1C). In light of both the previously published results and the experiments conducted in our own 

lab, the ability to perform the in vitro loading of non-native cargoes under benign solvent 

conditions thus represents an unmet challenge for encapsulin-based nanocontainer systems. 

As an alternative to the process of sequentially disassembling and reassembling protein 

cage structures, herein we report a novel methodology of preventing the native in vivo assembly 

of heterologously expressed TmE nanocontainers by recombinantly grafting the E. coli maltose 

binding protein (MBP) onto the N-terminus of the TmE protomer gene (i.e. MBP-TmE). 

Specifically, fused MBP proteins were introduced to exploit the limited volumetric constraints 

within the interior of assembled encapsulin cages, thus generating sufficiently strong steric 

repulsion between adjacent MBP-TmE fusion proteins to prevent full container assembly due to 

the N-terminus of each TmE protomer being natively oriented into the container lumen (Figure 

4.2A) (43). Subsequent proteolytic liberation of the MBP proteins using protease cleavage sites 

encoded in a flexible linker interspaced between the MBP and TmE proteins was used to alleviate 

the steric obstructions, permitting user-defined temporal control over nanocontainer assembly 

(Figure 4.2B). This new method, referred to as cleavage-prompted assembly (CPA), was 
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investigated as an alternative method for the facile loading of non-native protein cargoes under 

benign solvent conditions. 

 

Figure 4.2 – A) TmE protomer atomic structure with the N-terminal methionine residue depicted as red spheres (PDB 

ID: 3DKT). B) Schematic representation of the proposed CPA method of user-prompted nanocontainer assembly in 

vitro. Encapsulin protomers are represented as black tiles while tethered MBP proteins are represented as red cylinders. 

 

4.2 – Results and Discussion 
 

4.2.1 – TmE Critical Assembly Concentration Determination 

 

 Though potential dynamic behavior has been speculated for certain encapsulin species 

(44), no native disassembly or reassembly pathway has been formally established for the subset of 

currently characterized encapsulin nanocontainers, as stated previously. This lack of dynamic 

behavior is in stark contrast to that of the structurally homologous viral capsids presumed to share 
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a common ancestor with encapsulin cages, such as the HK97 bacteriophage (43, 45), which readily 

undergo assembly and disassembly in vivo as part of the infectious viral lifecycle. In nature, viral 

capsids are assembled in a concentration-dependent manner, and in many cases a distinct minimum 

concentration of viral coat proteins must be achieved in order to initiate the polymerization-based 

assembly of full capsids structures (46-49). This minimum concentration, referred to as the 

apparent critical assembly concentration (CACapp), is an intrinsic property characteristic of 

different viral species (50). Based off of these studies, we attempted to determine the CACapp value 

for TmE nanocontainers both to better understand the native assembly behavior of encapsulins in 

general and to enhance the effectiveness of our proposed CPA strategy.  

Determination of the CACapp value for TmE encapsulins was attempted by following a 

recently reported methodology used to experimentally elucidate a similar value in the low 

micromolar range for VLPs derived from the MS2 bacteriophage (50). Specifically, purified TmE 

nanocontainers were completely disassembled in low pH buffer and the resulting protomers were 

Figure 4.3 – Attempted determination of the CACapp value for TmE via analytical HPLC-SEC. All of the reassembly 

mixtures are normalized to one another while the “Pre-disassembly” and “Disassembled” samples were not normalized 

to prevent them from overshadowing the reassembly mixture data. 
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diluted to varying final concentrations between 1 and 11 μM. Reassembly of encapsulin containers 

in the various samples was then initiated by dialyzing the samples into a buffered solution at pH 

7.5. The dialyzed samples were then assessed via HPLC-based analytical SEC (Figure 4.3). 

Interestingly, untreated encapsulin nanocontainers presented two distinct peaks in the resulting 

chromatograms, possibly due to aggregation or due to the presence of a subpopulation of 

incompletely assembled full container shells. Acid-based treatment of the TmEs subsequently 

caused a dramatic downfield shift in the sample elution volume, indicating successful disassembly 

of the nanocontainers. However, diluted samples of encapsulin protomers exhibited elution 

volumes directly corresponding to the size of fully assembled nanocontainers for all concentrations 

tested upon dialysis into pH 7.5 buffer. These results indicate that TmE nanocontainers have a 

CACapp value less than 1 μM (below the limit of detection for our HPLC-SEC assay), which in 

turn suggests that the intermolecular interactions that govern the assembly of the encapsulin cages 

are likely quite strong. This strong preference for nanocontainer formation at low protomer 

concentrations seems logical given that encapsulins are designed to function as nanoscale 

organelles in vivo, and as such do not necessarily require the ability to undergo reversible 

disassembly and reassembly to fulfill their specific biological roles. 

 

4.2.2 – CPA Proof-of-Principle 

 

 To determine if the introduction of steric bulk within the TmE lumen could prevent the 

formation of fully assembled nanocontainers, the TmE protomer gene was recombinantly fused to 

the C-terminal end of the E. coli MBP gene. A 24 amino acid flexible linker sequence was encoded 

between the MBP and TmE genes to provide a small degree of separation between the translated 
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proteins. Additionally, a Factor Xa protease recognition site (recognition sequence “…IEGR↓…”) 

was encoded within the flexible linker 4 amino acids upstream of TmE gene’s N-terminal 

methionine residue (Figure 4.4A). Following heterologous expression in E. coli BL21(DE3) cells, 

amylose resin affinity chromatography was performed as an initial test to assess whether the MBP-

TmE fusion proteins could still adopt fully assembled cage structures. Specifically, the proper 

assembly of nanocages was expected to effectively sequester the fused MBP proteins within the 

encapsulin lumen, thereby abrogating the ability of the MBP domains to interact and bind to the 

amylose resin. Figure 4.4B shows, however, that high molecular weight MBP-TmE fusion protein 

(73.4 kDa) was highly enriched upon amylose chromatography and could be easily isolated in high 

yield with excess MBP (40.3 kDa) as the predominant co-eluted species. These results indicate 

both that the fused MBP domains are solvent exposed and that encapsulin assembly was thus 

interrupted. 

  

Figure 4.4 – A) Cartoon representations of the MBP-TmE tandem genes and the corresponding translated protein 

products (TmE PDB ID: 3DKT; MBP PDB ID: 1ANF). The 24 amino acid flexible linker joining the MBP and 

TmE genes is depicted in the pop-out text box. The Factor Xa “IGER” cleavage site is colored in purple text with 

the site of proteolytic cleavage following the terminal arginine residue indicated by the black wedge. B) SDS-PAGE 

image of fractions collected during amylose-affinity purification of the expressed MBP-TmE protein fusion. The 

lane labels represent the clarified cell lysate (CL), the column flow-through (FT), a subsequent wash of the resin bed 

(W), and sequential elution fractions with buffer containing 10 mM maltose (E1-E4). 
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Figure 4.5 and Table 4.1 – A) Analytical SEC profile of MBP-TEV. A plot of the retention times for the protein 

collection from the SEC molecular weight standard kit are plotted above the MBP-TEV chromatogram. B) SDS-

PAGE analysis of the protein composition of each numbered peak from the SEC chromatogram. C) A plot of the 

distribution coefficient (Kav) versus the logarithm of the corresponding molecular weight for each of the proteins from 

the standard kit. The equation derived from the linear fit of the Kav versus log (MW) was used to generate the molecular 

weight interpretations of the MBP-TmE peaks presented in Table 4.1. 

While the amylose affinity chromatography results promisingly imply that encapsulin 

assembly was disrupted due to the steric bulk of the fused MBP domains, the extent of the 

disruption remains unclear. To further determine whether MBP-TmE fusion proteins could still 

self-assemble to some degree or whether they existed as entirely monomeric proteins in solution, 

purified fusion protein was subjected to size exclusion chromatography analysis. The resulting 

chromatogram, along with the corresponding SDS-PAGE fractions generated from SEC profiling 
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(Figure 4.5A and 4.5B), shows multiple distinct elution peaks spanning a broad range of molecular 

weights. Comparison of the elution peak retention times with those of protein standards run over 

the same chromatography column indicate that the MBP-TmE fusion proteins self-assemble into 

a series of higher order oligomeric states, though the large nature of these states coupled with the 

intrinsic error of the standard curve made precise characterization of the oligomeric states’ 

molecular weight values difficult (Figure 4.5C and Table 4.1). The highest molecular weight peak 

shares a similar retention time with fully assembled encapsulin nanocontainers. Given that these 

protein samples were capable of binding to the amylose affinity resin prior to SEC analysis, this 

shared retention time indicates that the MBP-TmE fusion proteins are possibly dynamic, partially 

constructed cage structures, undergoing equilibrium-driven assembly and disassembly processes 

in solution. 

 Having shown that the MBP-TmE fusion proteins exist in a series of incompletely 

assembled oligomeric states, we next sought to determine whether treatment of the fusion protein 

with protease could specifically trigger CPA in vitro. As stated above, a Factor Xa cleavage site 

was encoded 4 amino acids upstream of the TmE’s initial methionine residue. We subsequently 

tested the cleavage efficiency of both commercial Factor Xa and bovine trypsin and found that 

both proteases were capable of cleaving our fusion proteins in vitro. However, we subsequently 

elected to treat our MBP-TmE fusions with bovine trypsin in order to initiate CPA as an alternative 

to Factor Xa for several practical reasons: 1) previous studies from our own laboratory have shown 

TmE to be resistant to trypsin protease treatment (42); 2) in vitro trypsin cleavage is typically rapid 

with non-encapsulated test proteins often being degraded in less than one hour at room temperature 

while Factor Xa treatments tend to require longer incubation periods (42); 3) commercially 
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purchased bovine trypsin (~24 kDa) is approximately half the size of commercial bovine Factor 

Xa (~43 kDa, activated form), which we reasoned would likely be beneficial for achieving 

effective cleavage of the MBP domains given the semi-preassembled nature of the TmE containers 

(51, 52). SEC analysis using a larger, preparative scale chromatography column shows that 

Figure 4.6 – Comparison of SEC chromatograms generated from MBP-TmE prior to (blue trace, bottom) and after 

(purple trace, middle) treatment with trypsin. A chromatogram of wildtype TmE (red trace, top) is included for 

reference. The peak maximum corresponding to the elution of assembled TmE nanocontainers is denoted by the 

vertical dashed blue line intersecting all three chromatograms. SDS-PAGE gel images depicting relevant fractions are 

immediately to the right of each chromatogram. The numerical values above each SDS-PAGE lane represent the 

elution volume (in mL) corresponding to sample lane below. The “Pre” and “Post” labels represent the undigested and 

digested MBP-TmE samples, respectively, prior to SEC analysis. TEM images corresponding to samples collected at 

specific elution volumes from each SEC run are depicted to the far right of each chromatogram. Each TEM image is 

labeled in the upper right corner with the elution fraction from which it was taken. Scale bars = 40 nm.  
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purified MBP-TmE presents a series of closely overlapping absorbance peaks between the 85 and 

135 mL elution volume range (Figure 4.6). Corresponding SDS-PAGE assessment of these peaks 

shows that the majority of the MBP-TmE fusion protein elutes in the initial peak whose maximum 

is centered around ~91 mL while a combination of residual fusion protein and contaminant MBP 

eluted in the adjacent peak centered around ~105 mL. However, the resulting chromatogram 

generated upon treatment of MBP-TmE fusion protein with trypsin for 15 minutes at 37°C shows 

several dramatic shifts as a new peak emerges centered around the ~84 mark while the peak as the 

~105 mL mark grows significantly in intensity. SDS-PAGE assessment of these fractions reveals 

that the former peak contains a faint protein band consistent with the size of wildtype TmE while 

the latter peak presents a band consistent with the size of free MBP, indicating that successful 

scission of the two proteins has occurred. Further, the ~84 mL retention peak directly corresponds 

to the established retention volume observed for purified wildtype TmE (Figure 4.6). 

 In conjunction with the SEC and SDS-PAGE analyses, select fractions collected from the 

separate SEC purifications were examined via TEM imaging. Images collected for samples 

originating from the ~91 mL elution fraction of the pre-digestion MBP-TmE purification 

consistently exhibited what appear to be amorphous protein assemblies of indeterminate structure 

(Figure 4.6). In contrast, image samples collected from the ~84 mL elution fractions for both the 

trypsin treated MBP-TmE and wildtype TmE purifications show clearly defined encapsulin 

assemblies corresponding to literature established sizes and morphologies (43). These data further 

indicate that CPA is a viable methodology for the user-initiated construction of whole encapsulin 

nanocages. 
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4.2.3 – Optimization of CPA Method Using TEV Protease 

 

 Following our initial tests proving the viability of the CPA methodology, we subsequently 

exchanged the Factor Xa cleavage site within the flexible linker interspersed between the MBP 

and TmE genes with a tobacco etch virus (TEV) protease cleavage site (Figure 4.7A). This 

alteration was deemed necessary as trypsin, while rapid and effective, is a non-specific protease 

which could easily degrade intended non-native cargo proteins during the CPA process. This point 

was exemplified experimentally as GCaMP, the reporter protein used previously in our in vitro 

loading tests, was rapidly degraded in the presence of trypsin (Figure 4.7B). By comparison, TEV 

protease is well known to exhibit strict selectivity for its ENLYFQ↓G/S cleavage recognition 

sequence, thus reducing the potential for cargo protein loss (53). Indeed, treatment of GCaMP with 

TEV protease led to no observable degradation of the protein by SDS-PAGE analysis nor a 

Figure 4.7 – A) Successive optimization of the flexible linker sequence between the MBP and TmE genes. MBP-

TEV-TmE was formed by exchanging the Factor Xa cleavage (purple IGER, top) site for a TEV cleavage site (green 

ENLYFQG, middle). MBP-TEVext-TmE was formed by adding 5 additional residues (orange GSGSG, bottom) after 

the TEV cleavage site. B) Comparison of the retained fluorescence signal for GCaMP following treatment with either 

TEV protease or trypsin. The SDS-PAGE gel below the chart depicts a time course assessment of GCaMP digestion 

at 0, 30, and 60 minutes following the addition of protease. 
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reduction in its fluorescence signal (Figure 4.7B). It is worth noting that while Factor Xa also 

offers higher selectivity relative to trypsin and could have been used with the corresponding 

cleavage site already present in our MBP-TmE fusion construct, TEV protease adopts a similar 

size and fold relative to trypsin (i.e. ~27 kDa), and it requires significantly less upstream processing 

compared to Factor Xa, thus making it easier and faster to produce via recombinant methods (51, 

52, 54, 55). 

 

Figure 4.8 – SDS-PAGE assessments of proteolytic cleavage efficiency using TEV protease at varying temperatures 

and over varying timeframes. Protein molecular weights are as follows: MBP-TEVext-TmE (74.1 kDa); cleaved MBP 

(42.8 kDa); TmE (30.5 kDa). 

 Proteolytic cleavage tests performed on the new fusion variant containing the TEV 

cleavage site (i.e. MBP-TEV-TmE) with wildtype TEV protease show that while cleavage does 

occur, it is significantly slower with minimal liberation of TmE observed after either 1 hour at 

37°C or 18 hours at 4°C (Figure 4.8). Increasing the concentration of TEV protease yielded no 

appreciable increases in the degree of fusion protein cleavage under the same reaction conditions 

(not shown). We attributed this lack of proteolytic activity to either the reported slow processivity 

of TEV protease (54, 56), or to the 4 amino acid spacer peptide between the C-terminal end of the 

TEV cleavage site and the N-terminal methionine of the TmE protein leaving insufficient physical 
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space for TEV protease to effectively bind to its recognition site. To address these issues, we first 

redesigned our MBP-TEV-TmE fusion protein by recombinantly adding a 5 amino acid GSGSG 

spacer following the TEV recognition site to generate an extended MBP-TEV-TmE variant (i.e. 

MBP-TEVext-TmE, Figure 4.7A). Subsequent cleavage tests with the MBP-TEVext-TmE variant 

showed enhanced scission, with > 50%  cleavage occurring after a 1 hour incubation at 37°C and 

> 70% cleavage occurring after an 18 hour incubation at 4°C (Figure 4.8). 

 

Figure 4.9 - SDS-PAGE assessments of proteolytic cleavage efficiency using the uTEV2Δ protease variant. Cleavage 

efficiency was assessed at varying temperatures, over varying timeframes, and at varying ratios of protease relative to 

the MBP-TEVext-TmE fusion protein target (10 μM). The leftmost sample lane (directly to the right of the protein 

ladder lane) contains no uTEV2Δ, the second sample lane contains 2.5 μM uTEV2Δ (0.25:1.0 ratio), and the rightmost 

sample lane 20 μM uTEV2Δ (2.0:1.0 ratio). 

Sanchez and Ting recently reported a series of engineered TEV protease variants 

displaying accelerated cleavage rates relative to wildtype TEV (56). One TEV variant containing 

two point mutations and a C-terminal truncation following residue 219, referred to as uTEV2Δ, 

yielded turnover rates approximately 6-fold faster than wildtype TEV. We thus recombinantly 

introduced the same point mutations and C-terminal truncation into the wildtype TEV protease 
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gene to recreate the uTEV2Δ variant ourselves. Subsequent cleavage tests of MBP-TEVext-TmE 

using heterologously expressed and purified uTEV2Δ show greatly enhanced cleavage with >90% 

of the initial fusion protein target degraded after 1 hour at 37°C or 18 hours at 4°C (Figure 4.9). 

Collectively, the combination of the extended linker region in MBP-TEVext-TmE and the 

accelerated cleavage rates of uTEV2Δ are able to adequately achieve TmE liberation on par with 

the trypsin protease used previously. 

 

4.2.4 – Attempted Non-native Cargo Loading via CPA 

 

 We next sought to attempt in vitro cargo loading using the CPA method optimized for TEV 

protease in conjunction with the MBP-TEVext-TmE fusion protein. Using the GCaMP reporter 

protein containing a fused Clp peptide tag (48.4 kDa) as our non-native test cargo, we first 

attempted in vitro cargo loading by simply incubating MBP-TEVext-TmE, GCaMP, and uTEV2Δ 

in solution for 1 hour at 37°C before loading the sample mixture into an analytical SEC column 

for analysis. Comparison of chromatograms generated for untreated MBP-TEVext-TmE, MBP-

TEVext-TmE treated with protease, and MBP-TEVext-TmE treated with protease in the presence 

of a 2-fold excess of GCaMP (Figure 4.10) show that the fusion protein was efficiently cleaved in 

both samples containing uTEV2Δ; however, no GCaMP appears to have been packaged into the 

containers in the third sample, as evidenced by the lack of a 495 nm absorbance signal 

(corresponding to the absorbance of the GCaMP chromophore) in the same 8-10 mL elution 

volume range as the assembled encapsulins. Instead, a strong 495 nm absorbance signal is 

observed later around the 16-18 mL range. SDS-PAGE analysis of fractions collected during each 

SEC run confirm that no other protein bands co-elute with the assembled encapsulins. Instead, a 
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48 kDa band corresponding to the molecular weight of GCaMP is observed to co-elute alongside 

the cleaved ~43 kDa monomeric MBP-linker protein in the fractions collected from the 16-18 mL 

range. 

 

Figure 4.10 – Comparison of analytical SEC chromatograms generated for untreated MBP-TEVext-TmE (dark blue 

trace, bottom), MBP-TEVext-TmE treated with uTEV2Δ (blue trace, middle), and MBP-TEVext-TmE treated with 

uTEV2Δ in the presence of a 2-fold excess of GCaMP (purple trace, top). The absorbance at 485 nm is represented 

by the green trace in each chromatogram, showing that only the top chromatogram possesses a GCaMP signal. 

Fractions from each chromatogram were assessed via SDS-PAGE and are numbered on the SEC traces in red. The 

“PC” lanes in each SDS-PAGE gel show the sample composition “pre-column” (i.e. prior to SEC analysis). 
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Figure 4.11 – SDS-PAGE assessment of revised attempt to perform in vitro cargo loading via CPA by increasing the 

excess of GCaMP relative to MBP-TEVext-TmE from 2-fold up to 5-fold. The contents of each lane in the gel image 

above are denoted by the plus (+) and minus (–) symbols in the same horizontal plane as the respective protein 

component in the right-hand legend. 

In light of these results, we suspected that while CPA does liberate the majority of the TmE 

monomers from the MBP-TEVext-TmE fusion proteins, some population of whole MBP-TEVext-

TmE proteins may not only survive the treatment with uTEV2Δ, but they may also become 

incorporated into the newly assembling encapsulin nanocontainers. In particular, our suspicions 

were based on the broadness of the encapsulin-containing peaks in the SEC chromatograms 

presented in Figure 4.10, the fact that this same 8-10 mL elution range contains multiple 

absorbance peaks, and due to some percentage of full length MBP-TEVext-TmE seeming to persist 

in SDS-PAGE gels from both the test cleavage trials with uTEV2Δ presented in Figure 4.9 and 

the pre-SEC samples presented in Figure 4.10. If this is indeed the case, then the residual MBP-

TEVext-TmE population could be filling the void space within the nascent nanocontainers, thus 

preventing effective GCaMP binding. In an attempt to eliminate this possible interference by full 

length MBP-TEVext-TmE, we repeated the in vitro loading experiment using a larger, 5-fold 
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excess of GCaMP relative to the starting concentration of MBP-TEVext-TmE under the rationale 

that higher concentrations of GCaMP might better outcompete any residual fusion protein for 

encapsulation within the assembling nanocontainers. Figure 4.11 shows, however, that excess 

GCaMP alone is insufficient to address this problem as the entire GCaMP population added into 

the in vitro mixture was rapidly degraded by trypsin treatment following a 2 hour prior incubation 

with uTEV2Δ, indicating that none of the reporter protein had been sequestered within encapsulin 

shells during the nanocontainer assembly phase. 

 

Figure 4.12 – Attempted in vitro cargo loading by dropwise elution of MBP-TEVext-TmE into a Falcon tube 

containing molar excesses of both GCaMP (48.4 kDa) and uTEV2Δ (24.8 kDa) to promote rapid cleavage upon the 

addition of each drop. The left-most sample lane in the SDS-PAGE gel image depicts the contents of the collection 

tube prior to the elution of any MBP-TEVext-TmE. The next sample lane depicts the contents of the collection tube 

following a brief incubation period after the dropwise addition of MBP-TEVext-TmE was completed (cleaved MBP = 

42.8 kDa, TmE = 30.5 kDa). The final lane depicts the same sample following a brief incubation with trypsin. 

 As an alternative method intended to limit potential MBP-TEVext-TmE interference during 

in vitro loading of GCaMP, we next attempted to effectively increase the molar excess of GCaMP 

even further by first loading MBP-TEVext-TmE onto amylose affinity resin, and then slowly 
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eluting the bound fusion protein in a dropwise fashion into a collection tube containing uTEV2Δ 

and concentrated GCaMP (Figure 4.12). In so doing, we hoped that sequential addition of fusion 

protein would allow the GCaMP to immediately bind to the luminal surfaces of freshly cleaved 

TmE protomers in order to ensure incorporation of the reporter proteins into the assembling cages. 

The concentration of uTEV2Δ was also increased 12-fold in the collection tube relative to previous 

tests as a means of promoting rapid cleavage of the fusion protein. After eluting the MBP-TEVext-

TmE into the collection tube containing GCaMP and uTEV2Δ over the span of approximately 20 

minutes, the collection tube was sealed and incubated at room temperature (~22°C) for 1 hour. 

Cleavage of the fusion protein was clearly evident by SDS-PAGE analysis (Figure 4.12). Despite 

the alterations to the in vitro loading procedure, however, no GCaMP appears to have been loaded 

into the newly formed encapsulins as trypsin treatment was again shown to completely eliminate 

the GCaMP protein band in the final sample. 

  

4.3 – Conclusion 
 

 In the works presented in this chapter, we have effectively introduced a novel method for 

preventing the complete assembly of T. maritima encapsulin nanocontainers in vivo through the 

simple genetic fusion of the globular E. coli MBP protein to the N-terminus of the encapsulin 

monomeric coat protein. This methodology, which exploits the interior-facing orientation of the 

encapsulin protomers’ N-termini, relies on the generation of unfavorable steric interactions within 

the limited volume of the nanocontainer lumen as the key factor preventing assembly of the full 

cage architecture. We subsequently showed that proteolytic separation of the MBP and TmE 

proteins using specific cleavage sites encoded within a flexible linker peptide connecting the two 
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proteins led to the full assembly of nanocontainers presenting wildtype-like morphologies and SEC 

profiles. We thus refer to this technique as “cleavage-promoted assembly.” However, the original 

intent of this study was to utilize this novel technique as a means to artificially load non-native 

cargoes into encapsulin nanocontainers in vitro without the need for dramatic shifts in pH or the 

use of highly concentrated denaturing chaotropic salts. Unfortunately, attempts to load a modified 

GFP derivative reporter protein using CPA were unsuccessful whereas successful in vitro loading 

of the same protein can be achieved using high concentrations of GdnHCl to reversibly 

disassemble TmE nanocontainers in accordance with previously published procedures (38). 

 Several results from our experiments presented herein provide possible explanations for 

the current failures of CPA as an in vitro cargo loading technique. When using uTEV2Δ to perform 

CPA, a persistent amount of full-length MBP-TEVext-TmE remained present in all of our tests. 

We thus suspected that un-cleaved MBP-TEVext-TmE starting proteins were being incorporated 

into the newly-forming nanocontainer cages and preventing the productive binding of GCaMP 

reporters to TmE protomers due to the residual fused MBP proteins occupying a majority of the 

available luminal space within the cages. Several attempts to outcompete any residual MBP-

TEVext-TmE fusion protein from being incorporated into nascent encapsulin shells by increasing 

the concentrations of both GCaMP and uTEV2Δ were unsuccessful. The failure of these 

optimization tests implies that alternative of additional factors may be contributing to the inability 

to perform non-native cargo loading using the CPA technique. 

 Analysis of the original MBP-TmE fusion protein via analytical SEC showed that the steric 

bulk generated by the MBP proteins did not completely abolish the native oligomerization of TmE 

protomers as multiple peaks corresponding to several oligomeric assemblies were observed. 

Similarly, the modified MBP-TEVext-TmE variant displayed a nearly identical SEC profile with 
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multiple oligomeric states present at largely the same retention volumes (not shown). Given that 

the majority of the observed oligomeric states for both fusion protein variants seem to possess 

approximate molecular weights above 1 MDa, it appears that the encapsulin protomers are still 

able to adopt fairly extensive semi-assembled states in spite of the artificially introduced 

unfavorable steric interactions. These data collectively suggest that the persistence of some un-

cleaved MBP-TEVext-TmE in our CPA experiments may be the result of the largely pre-assembled 

nanocontainers needing only a few wildtype-sized encapsulin protomers to fill in the remaining 

gaps in order to form completed cage structures. If such is the case, exogenous GCaMP may not 

have sufficient time to enter the container interior prior to the completion of cage assembly. 

Additionally, then the presence of un-cleaved MBP proteins occupying the cages’ luminal spaces 

is again implicated as a possible cause of in vitro cargo loading failure. 

 

Figure 4.13 – Cross-sectional view of the assembled TmE nanocontainer (PDB ID: 3DKT). The N-terminal 

methionine residue of each shell monomer is colored in red while the adjacent Clp binding site it colored in slate blue. 
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 Lastly, we reexamined the reported T. maritima atomic structure to look for further 

physical insights that might explain the failure of in vitro cargo loading via CPA. We subsequently 

noticed that the N-termini of the TmE monomers are directly adjacent to the luminal hydrophobic 

binding clefts where the Clp in known to dock during the native in vivo encapsulation process 

(Figure 4.13). Given that N-terminally fused MBP proteins are thus in close spatial proximity to 

the Clp binding clefts, it is likely that GCaMP is unable to effectively bind to the TmE monomers 

until scission of the MBP proteins occurs. If the resulting rate of encapsulin assembly following 

scission is rapid and exceeds the binding rate of GCaMP-Clp fusion proteins, then effective 

encapsulation of GCaMP would likely not occur. Alternatively, both the original MBP-TmE and 

the MBP-TEVext-TmE fusion designs leave behind 4 and 9 amino acid peptide segments, 

respectively, attached to the protomers’ N-termini. It is also possible that these residual peptide 

segments could interfere with access to the Clp binding clefts in a manner which precludes 

effective in vitro cargo loading.  

 Ultimately, CPA is a facile and benign means of interrupting the native in vivo assembly 

of TmE nanocontainers. Furthermore, it represents a general strategy which could easily be applied 

to other protein-based nanocage architectures presenting luminally-oriented termini. However, 

further refinement of the technique is currently necessary to eliminate the pre-assembly of 

individual protomers and to ensure that residual fusion proteins do not become incorporated into 

nascent cages. A more detailed understanding of a given container’s assembly kinetics may be 

beneficial in addressing these practical concerns as such information may afford researchers new 

insights into the temporal constraints that ultimately affect in vitro cargo loading methods. 
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4.4 – Materials and Methods 
 

4.4.1 – Reagents and Materials 

 

 All chemicals and reagents were purchased from Sigma Aldrich (St. Louis, MO) unless 

otherwise noted. Carbon film 200 mesh copper electron microscopy grids were purchased from 

Electron Microscopy Sciences (Hatfield, PA). All pre-packed chromatography columns were 

purchased from GE Healthcare (Marlborough, MA). Free TALON affinity resin was purchased 

from Genesee Scientific (San Diego, CA). Free amylose affinity resin was purchased from New 

England Biolabs (Ipswich, MA). Electrocompetent E. coli DH5α cells were purchased from 

ThermoFisher Scientific (Waltham, MA) while chemically competent E. coli BL21(DE3) cells 

were acquired from New England Biolabs (Ipswich, MA). All commercial enzymes used for 

molecular cloning were purchased from New England Biolabs. All DNA primers were ordered 

from Integrated DNA Technologies (Coralville, IA). The pMAL-c2x vector was a gift from Paul 

Riggs (Addgene plasmid # 75286; http://n2t.net/addgene:75286; RRID:Addgene_75286), and the 

pRK793 vector was a gift from David Waugh (Addgene plasmid # 8827; 

http://n2t.net/addgene:8827; RRID:Addgene_8827). The pD434-SR vector containing a copy of 

the T. maritima encapsulin gene that had been codon-optimized for recombinant expression in E. 

coli host cells was purchased from ATUM (Newark, CA). 
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4.4.2 – Molecular Cloning 

 

 The MBP-TmE fusion protein was generated by PCR amplifying the codon-optimized 

TmE gene with primers encoding EcoRI and HindIII restriction sites at the 5’ and 3’ ends, 

respectively, using the pD434-SR:TmE vector as template. The resulting amplification product 

was digested with EcoRI and HindIII restriction endonucleases, and then the digested DNA 

product was ligated into pMAL-c2x vector that had been linearized using the same two restriction 

enzymes. DNA ligation was performed using T4 DNA ligase, and the resulting plasmid containing 

the MBP-TmE fusion gene was verified via DNA sequencing. The MBP-TEV-TmE variant was 

generated by PCR amplifying the TmE gene in three sequential PCR reactions using a common 3’ 

primer and iterative 5’ primers designed to construct the TEV cleavage site 12 base pairs upstream 

from the TmE gene’s start codon. The common 3’ primer and the final 5’ primers also encoded a 

regions of sequence homology corresponding to regions directly upstream from the native Factor 

Xa site and directly downstream from the HindIII restriction site in the pMAL-c2x vector. The 

pMAL-c2x vector was then amplified with 5’ and 3’ primers containing encoded segments 

homologous to the 5’ and 3’ ends of the TEV-TmE amplification product. Both the TEV-TmE and 

pMAL-c2x linear amplification products were produced with 5’ overhangs using the polymerase 

incomplete primer extension (PIPE) method reported previously (57). Subsequently, the two 

amplifications were digested with DpnI restriction endonuclease for 1 hour at 37°C to remove 

residual template plasmid, and then the two products were mixed in vitro to promote annealing of 

homologous single-stranded overhangs. The combined DNA mixture was then used to transform 

aliquots of E. coli DH5α cells. Successful production of the pMAL-c2x:MBP-TEV-TmE plasmid 

was confirmed via DNA sequencing. The MBP-TEVext-TmE variant was also produced following 

an identical PIPE cloning method as used for MBP-TEV-TmE with sequential 5’ primers designed 
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to insert a GSGSG peptide linker sequence directly downstream from the TEV cleavage site. 

Successful production of the final pMAL-c2x:MBP-TEVext-TmE variant plasmid was confirmed 

via DNA sequencing. The uTEV2Δ variant reported previously by Sanchez & Ting (56) was 

produced using a TEV-S219V variant encoded in the pRK793 vector (54) as an initial template. 

Specifically, three sequential whole-plasmid mutagenic PCR reactions were performed to 

introduce successive mutations into the TEV gene. The individual mutations included two point 

mutations (T30A and S153N), and the introduction of a new stop codon immediately after residue 

219 to truncate the C-terminal end of the translated TEV protein. For each reaction 50 ng of 

template DNA (either the pRK793 vector or one of the downstream mutated vector products) were 

used for PCR amplification. The template DNA was then removed via 1 hour digestion with DpnI 

at 37°C. Subsequently, amplified linear product DNA was transformed into chemically competent 

DH5α cells. The successful incorporation of each mutation was verified by DNA sequencing prior 

to proceeding to the next mutagenesis step. The final vector containing the uTEV2Δ variant was 

also confirmed via DNA sequencing.  

 

4.4.3 – Protein Overexpression and Purification 

 

 All MBP-TmE variants were overexpressed and purified in an identical manner. Briefly, 

electrocompetent E. coli BL21(DE3) cells were transformed with the corresponding pMAL-c2x 

vector containing a given MBP-TmE variant. Transformed cells were then grown overnight on LB 

agar selection plates containing a final concentration of 0.1 mg/mL ampicillin at 37°C. Single 

colonies from the selection plate were used to inoculate 5 mL of liquid LB media containing a 

final concentration of 0.1 mg/mL ampicillin. Following overnight growth at 37°C, 3 mL from the 
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saturated starter culture were used to inoculate 300 mL of fresh LB media containing final 

concentrations of 10 mM glucose and 0.1 mg/mL ampicillin. The large culture was then grown at 

37°C to an OD600 value between 0.5 – 0.7, and then protein expression was induced with a final 

concentration of 0.1 mM IPTG. Protein expression was conducted at 37°C for 18 hours prior to 

harvesting the cell pellets via centrifugation. Cell pellets were stored at -20°C until purification. 

 Wildtype TmE was overexpressed according to previously established procedures (42). 

Briefly, the pET23b-TmE vector was transformed into electrocompetent E. coli BL21(DE3) cells 

and the resulting transformed cells were grown overnight at 37°C on LB agar selection plates 

containing a final concentration of 0.1 mg/mL ampicillin. A single was then used to inoculate 600 

mL of liquid LB media supplemented with 0.1 mg/mL ampicillin. The liquid culture was grown 

at 37°C to an OD600 value between 0.5 – 0.7, and then protein expression as induced with a final 

concentration of 0.3 mM IPTG. Protein expression was conducted at 37°C for 18 hours prior to 

harvesting the cell pellets via centrifugation. Cell pellets were stored at -20°C until purification. 

 The GCaMP-Clp fusion protein was overexpressed according to previously established 

procedures (42). Briefly, the pMATT2:GCaMP vector was transformed into electrocompetent E. 

coli BL21(DE3) and the resulting transformed cells were grown overnight at 37°C on LB agar 

selection plates containing a final concentration of 0.05 mg/mL streptomycin. Single colonies from 

the selection plate were used to inoculate 5 mL of liquid LB media containing a final concentration 

of 0.05 mg/mL streptomycin. Following overnight growth at 37°C, 3 mL from the saturated starter 

culture were used to inoculate 300 mL of fresh LB media containing a final concentration of 0.05 

mg/mL streptomycin. The large culture was then grown at 37°C to an OD600 value between 0.5 – 

0.7, and then protein expression was induced with a final concentration of 0.3 mM IPTG. Protein 
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expression was conducted at 20°C for 18 hours prior to harvesting the cell pellets via 

centrifugation. Cell pellets were stored at -20°C until purification. 

 For uTEV2Δ, the pRK793:uTEV2Δ vector was transformed into electrocompetent E. coli 

BL21(DE3) and the resulting transformed cells were grown overnight at 37°C on LB agar selection 

plates containing a final concentration of 0.1 mg/mL ampicillin. Single colonies from the selection 

plate were used to inoculate 5 mL of liquid LB media containing a final concentration of 0.1 

mg/mL ampicillin. Following overnight growth at 37°C, the entire saturated starter culture was 

used to inoculate 600 mL of fresh LB media containing final concentrations of 10 mM glucose 

and 0.1 mg/mL of ampicillin. The large culture was then grown at 37°C to an OD600 value between 

0.5 – 0.7, and then protein expression was induced with a final concentration of 0.3 mM IPTG. 

Protein expression was conducted at 18°C for 18 hours prior to harvesting the cell pellets via 

centrifugation. Cell pellets were stored at -20°C until purification. 

 All MBP-TmE fusion proteins were purified following an identical protocol. Cell pellets 

containing a given MBP-TmE variant were resuspended in 5 -10 mL of 50 mM HEPES-KOH (pH 

7.5), 300 mM NaCl containing Protease Inhibitor Cocktail (Sigma Aldrich, P8849), 0.1 μg/mL 

PMSF, and 5 μg/mL DNaseI. The resuspended cells were then lysed by sonication (10 second 

pulses, 20 second rest between pulses) for 3.5 minutes on ice. Insoluble cellular debris was 

removed via centrifugation at 4000 rpms for 40 minutes at 4°C. The clarified supernatant was then 

decanted into a 30 mL polypropylene disposable column containing 1 mL of amylose affinity resin 

(pre-equilibrated with 5 column volumes of lysis buffer) and the sealed column tube was then 

incubated on a rocking table at 4°C for 20 minutes. The column was then unsealed and the flow-

through was collected. The resin bed was subsequently washed with 15 column volumes of the 

resuspension buffer, and then bound MBP-TmE proteins were eluted by washing the resin bed 
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with 3 – 5 column volumes of 50 mM HEPES-KOH (pH 7.5), 300 mM NaCl, 10 mM maltose. 

Purified MBP-TmE proteins were stored at 4°C until use. Protein concentrations were determined 

spectrophotometrically at 280 nm using the following theoretical extinction coefficients: 102,915 

M-1cm-1 for MBP-TmE and 104,405 M-1cm-1 for both MBP-TEV-TmE and MBP-TEVext-TmE. 

 Purification of wildtype TmE was according to previously established procedures (42, 58). 

Cell pellets were resuspended on ice in 10 mL of 50 mM Tris-HCl (pH 7.5) containing Protease 

Inhibitor Cocktail, 0.1 μg/mL PMSF, and 5 μg/mL DNaseI and then the cells were lysed by 

sonication (10 second pulses, 20 seconds rest between pulses) for 3.5 minutes. Insoluble debris 

was removed via centrifugation at 4000 rpms for 40 minutes at 4°C. The clarified supernatant was 

then loaded into a HiTrap Q-FF anion exchange column (pre-equilibrated with 5 column volumes 

of lysis buffer) and the column flow-through was collected. Subsequently, 1 g of PEG-800 and 0.2 

g of NaCl were added to the flow-through fraction and dissolved at room temperature with gentle 

mixing. The sample was then incubated at 4°C for 1 hour to promote precipitation of the encapsulin 

nanocontainers. The solution was then centrifuged at 5000 rpms for 45 minutes at 4°C to collect 

all solid precipitates. Following centrifugation, the supernatant was decanted, and then the 

precipitated protein pellet was resuspended in 5 mL of 50 mM HEPES-KOH (pH 7.5), 100 mM 

NaCl. A final concentration of 0.1 mg/mL bovine trypsin was then added, and then the sample was 

incubated at 37°C for 10 minutes to proteolytically remove non-encapsulin contaminants. The 

sample was then passed through a 0.20 μm nylon syringe filter, and then loaded into a HiPrep 

16/60 Sephacryl S-500HR size exclusion chromatography column pre-equilibrated in 50 mM 

HEPES-KOH (pH 7.5), 100 mM NaCl and connected to an NGC Chromatography FPLC system 

(Bio-Rad, Hercules, CA). The same buffer was used as the mobile phase during SEC. Fractions 

with assembled TmE nanocontainers were pooled and stored at 4°C until use. The concentration 
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of isolated TmE was determined spectrophotometrically at 280 nm using the theoretical extinction 

coefficient 36,440 M-1cm-1. 

 Purification of GCaMP-Clp fusion proteins was performed as reported previously (42). 

Briefly, cell pellets were resuspended in 10 mL of 50 mM Tris-HCl (pH 7.5), 20 mM NaCl 

containing Protease Inhibitor Cocktail, 0.1 μg/mL PMSF, and 5 μg/mL DNaseI and then the cells 

were lysed by sonication (10 second pulses, 20 seconds rest between pulses) for 3.5 minutes. 

Insoluble debris was removed via centrifugation at 4000 rpms for 40 minutes at 4°C. The clarified 

supernatant was then loaded into a HiTrap Q-FF anion exchange column (pre-equilibrated with 5 

column volumes of lysis buffer) connected to an ÄKTA Explorer 10 FPLC system (GE Life 

Sciences, Little Chalfont, Buckinghamshire, UK). The bound protein was eluted by increasing the 

NaCl content of the mobile phase linearly from 20 mM to 1 M. Fractions containing GCaMP were 

pooled and the protein concentration was determined spectrophotometrically at 280 nm using the 

extinction coefficient 31,860 M-1cm-1. The purified protein was divided into aliquots, which were 

then flash frozen in liquid nitrogen and stored at -70°C until use. 

 Purification of uTEV2Δ was by first resuspending cell pellets in 10 mL of 50 mM Tris-

HCl (pH 7.5), 50 mM NaCl, 2.5 mM β-mercaptoethanol, 10 mM Imidazole containing 0.1 μg/mL 

PMSF and 5 μg/mL DNaseI. The cells were then lysed by sonication (10 second pulses, 20 seconds 

rest between pulses) for 3.5 minutes. Insoluble debris was removed via centrifugation at 4000 rpms 

for 40 minutes at 4°C, then the clarified lysate was loaded into a 30 mL polypropylene disposable 

column containing 1 mL of TALON affinity resin (pre-equilibrated with 5 column volumes of 

lysis buffer). The column was sealed and placed on a rocking table at 4˚C for 20 minutes. The 

column was then unsealed and the flow-through was collected. Subsequently, the resin bed was 

washed with 15 column volumes of the resuspension buffer, then bound protein was eluted by 
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washing the resin bed with 3 column volumes of 100 mM Tris-HCl (pH 7.5), 50 mM NaCl, 2.5 

mM β-mercaptoethanol, 250 mM Imidazole. The eluted protein was then loaded into a cellulose 

dialysis bag (14 kDa MWCO) and dialyzed overnight at 4°C into 100 mM K-Phosphate (pH 7.0), 

100 mM NaCl, 2.5 mM β-mercaptoethanol to remove excess imidazole. The concentration of 

purified uTEV2Δ was determined spectrophotometrically using the theoretical extinction 

coefficient 31,970 M-1cm-1. 

 

4.4.4 – In vitro Loading via GdnHCl-based Denaturation 

 

 To perform in vitro cargo loading following the methodology established by Cassidy-

Amstutz et al. (38), purified TmE nanocontainers were first dialyzed into 25 mM HEPES-KOH 

(pH 7.5) overnight at 4°C. Following dialysis, the TmEs were concentrated using Amicon Ultra 

0.5 mL centrifugal filters (10 kDa MWCO, Millipore Sigma, Burlington, MA) to reach a final 

concentration of approximately 0.5 mM. Subsequently, 8 μL of the concentrated TmE stock were 

mixed with 42 μL of concentrated 8 M GdnHCl to generate a final 50 μL sample solution 

containing 6.7 M GdnHCl and 80 μM TmE. The solution was incubated on ice for 1 hour to 

promote encapsulin disassembly, and then 450 μL of reassembly buffer containing 100 mM 

HEPES-KOH (pH 7.5), 1 mM DTT, and 16 μM GCaMP were added to the 50 μL disassembly 

mixture to initiate reassembly of the nanocontainers. The reassembly phase was allowed to proceed 

for 16 hours at 22°C, and then non encapsulated GCaMP was removed by adding a final 

concentration of 0.1 mg/mL bovine trypsin (Millipore Sigma, Burlington, MA) into the sample 

mixture. Trypsin digestion was carried out for 10 minutes at 37°C, and then 5 μL of 2 M CaCl2 

was spiked into the sample mixture to both inactivate the proteolytic activity of trypsin and to 
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initiate the Ca2+-dependent fluorescence of any surviving GCaMP reporter proteins. Fluorescence 

measurements from surviving GCaMP proteins were collected using a HORIBA Jobin Yvon 

FluoroMax®-3 fluorimeter (Edison, NJ). Samples were excited at 485 nm and the resulting 

emission data was collected over the range of 450 to 600 nm. Excitation and emission slits were 

set at 1 nm each, and the data integration time was set at 0.1 seconds. 

 

4.4.5 – Encapsulin CACapp Determination 

 

 Attempted determination of the CACapp value for TmE was performed following the 

procedure described by Li et al. (50). To initiate encapsulin disassembly, a 10 mL solution 

containing 40 μM of purified TmEs in 50 mM HEPES-KOH (pH 7.5), 0.1 mM NaCl was mixed 

with a 10 mL solution of 2x Disassembly Mix containing 0.4 M HCl and 2 mM DTT. The resulting 

mixture had a pH of ~1.0, as determined using MColorpHast™ pH-indicator strips (Millipore 

Sigma, Burlington, MA). The disassembly mixture was incubated on ice for 90 minutes, and then 

individual samples containing final TmE concentrations between 1 – 11 μM were prepared by 

diluting disassembled TmEs in additional 1x Disassembly Mix solution. The individual TmE 

samples were then loaded into cellulose dialysis bags (14 kDa MWCO) and dialyzed overnight at 

4°C against 3 L of 50 mM HEPES-KOH (pH 7.5), 100 mM NaCl. The samples were recovered 

from the dialysis bags the following morning and assessed via HPLC-based SEC by injecting 50 

μL from each sample mixture sequentially into an Agilent 1200 HPLC (Agilent Technologies Inc., 

Santa Clara, CA) equipped with a Sepax SRT SEC-500 gel filtration column (4.6 x 300 mm, 5 

μm).  Sample elution was monitored spectrophotometrically at 280 nm at a flow rate of 0.4 mL/min 

using 50 mM HEPES-KOH, 100 mM NaCl as the isocratic mobile phase. 
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4.4.6 – Size Exclusion Chromatography Analyses 

 

 The SEC-based oligomeric state analysis of MBP-TmE was carried out by injecting 1 mL 

of purified fusion protein into an ÄKTA Explorer 10 FPLC system equipped with a Superdex 200 

Increase 10/300 GL column that had been pre-equilibrated with 50 mM HEPES-KOH (pH 7.5), 

100 mM NaCl. SEC was performed at a flow rate of 0.5 mL/min using the same pre-equilibration 

buffer as the isocratic mobile phase. Protein elution was monitored spectrophotometrically at 280 

nm. Subsequently, a MWGF200 molecular weight standard kit (Sigma Aldrich, St. Louis, MO) 

containing horse heart cytochrome C, bovine carbonic anhydrase, bovine serum albumin, yeast 

alcohol dehydrogenase, sweet potato β-amylase, and blue dextran was loaded into the same column 

and SEC was performed under identical conditions as for MBP-TmE. The resulting elution 

volumes were used to determine the partition coefficients (KAV) for the respective protein 

standards, and a plot of KAV versus logMW was subsequently used to generate a linear calibration 

curve for the SEC column (59). 

 Comparisons of untreated MBP-TmE, samples of MBP-TmE treated with bovine trypsin 

only, and samples treated with bovine trypsin in the presence of GCaMP were performed by 

loading 5 mL of the respective MBP-TmE sample into an NGC Chromatography FPLC system 

equipped with a HiPrep 16/60 Sephacryl S-500HR column that had been pre-equilibrated in 50 

mM HEPES-KOH (pH 7.5), 100 mM NaCl. SEC was carried out at speeds between 0.3 to 0.7 

mL/min using the same pre-equilibration buffer as the isocratic mobile phase. Protein elution was 

monitored spectrophotometrically at 280 nm. 
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4.4.7 – Proteolytic Cleavage Assays 

 

 Proteolytic cleavage assays using bovine trypsin were performed at either 4, 22, or 37°C 

for a total of 15 minutes up to 18 hours. A final trypsin concentration of 0.1 mg/mL was used in 

all cleavage assays, and proteolytic cleavage was halted by the addition of a final concentration of 

10-20 mM CaCl2. For samples containing GCaMP, the large excess of CaCl2 was simultaneously 

utilized to initiate Ca2+-dependent fluorescence of the GCaMP chromophore. For proteolytic 

assays using TEV protease, variable concentrations of uTEV2Δ between 0.5 and 10 μM were used 

for cleavage assays performed at 4, 22 or 37°C.  

 

4.4.8 – Transmission Electron Microscopy Imaging 

 

Individual TEM grids were prepared by applying 4 μL of biological sample onto the carbon 

surface of carbon-copper grids for five minutes. Samples were diluted to a final protein 

concentration between 0.1 – 0.3 mg/mL to prevent overcrowding of proteins on the grid surface. 

After five minutes had elapsed, the edge of the grid was gently blotted against a sheet of Whatman 

1 filter paper. The grid was then inverted and quickly immersed sequentially into two drops of 

deionized water. The edge of the grid was again blotted against filter paper, and then negative 

staining was accomplished by applying 4 μL of 1% (w/v) phosphotungstic acid (pH 6.5, prepared 

in double distilled water and pH adjusted with KOH) onto the surface of the grid and allowing it 

to incubate for 20 seconds. The edge of the grid was then blotted against filter paper one final time, 

and then the grids were allowed to air dry for five minutes before being placed into a vacuum 

desiccator for five additional minutes prior to imaging. TEM imaging was performed on a Hitachi 
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HT7700 transmission electron microscope (Hitachi, Tokyo, Japan) operating at an accelerating 

voltage of 80.0 kV. 
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General Conclusions and Final Thoughts 
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5.1 – General Conclusion 
 

 In recent decades, naturally-derived proteinaceous nanocontainers have garnered 

increasing interest in the biological, chemical, and physical science communities due to the broad 

scope of their potential applications. Particularly, the inherent plasticity, biocompatibility, and the 

ease with which numerous protein cage architectures can be produced have led to their 

incorporation in diverse biotechnologically-related fields, such as the development of vaccines and 

tissue-specific drug delivery vehicles (1-6), the generation of robust scaffolds for single and 

multistep catalytic transformations (7-13), and the creation of novel biomaterials displaying unique 

higher-order physiochemical properties (14-18). While the variegated feats accomplished thus far 

are certainly impressive, we anticipate that both nanocontainer engineering strategies and the 

incorporation of proteinaceous scaffolds into manifold experimental designs will likely continue 

to flourish in the coming years as researchers, armed with both a mélange of well-established cage 

assemblies and an ever-expanding repertoire of atomic level structural data, will be able to more 

precisely tailor scaffolds in a site-specific manner through both chemical and genetic means. 

Furthermore, increasingly powerful bioinformatic technologies are continuing to routinely identify 

new biological nanocontainers derived from viruses and from metabolically-active assemblies 

abstracted from all other kingdoms of life (19-23). Many recently characterized nanocontainers 

have been shown to exhibit novel biophysical properties, which is unsurprisingly considering the 

ubiquitous prevalence of protein-based cage architectures native to every natural biome on Earth 

(23, 24). Accordingly, we envision that the continued expansion of established nanocontainers and 

structural data will facilitate improved experimental designs by permitting researchers the ability 

to rationally choose specific architectures displaying properties suited to the intended downstream 

application as starting scaffolds. 
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5.2 – Nanocontainer-based Superstructure Assemblies 
 

In this dissertation, I have described several parallel strategies employed to rationally 

engineer encapsulin nanocontainers derived from the hyperthermophilic bacterium T. maritima 

with the intent of generating nanocontainer-based scaffolds designed to facilitate multistep 

catalysis through a synthetic metabolon. The first half of chapter 2 describes our initial efforts to 

take advantage of non-covalent protein-protein interactions intrinsic to several small, naturally-

derived peptide-binding domains and their corresponding peptide ligands to construct organized 

supramolecular assemblies composed of heterogeneous TmE variants displaying PBDs or PLs on 

their exterior surfaces. The original intent of our efforts in this regard was to produce highly 

ordered encapsulin arrays in a bottom-up fashion such that we could differentially package 

separate biocatalysts into the TmE-PBD and TmE-PL pairs, ultimately generating superstructures 

with high density catalysts loads that could perform multistep catalysis via communication of 

metabolites through the native pores located at the various symmetry axes on each encapsulin 

nanocontainer. Excitingly, we were able to show that the encapsulin shell is tolerant to genetic 

insertion of two separate PBDs roughly 7-10 kDa in size within several solvent-exposed flexible 

loops, and that in vitro mixtures of TmE-PBDs with TmE-PLs produced observable association of 

the two nanocontainer populations. However, rather than generating ordered assemblies, we 

routinely witnessed the formation of disordered aggregates. 

Three-dimensional nanocontainer arrays displaying highly ordered crystalline packing 

geometries have been successfully produced by several research groups in the last two decades. In 

the majority of these cases, such defined lattice structures have been accomplished by allowing 

containers to assemble using electrostatic interactions between a given nanocontainer and some 
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form or polyvalent bridging element capable of binding to multiple nanocontainers 

simultaneously, such as multivalent ions (25, 26), synthetic dendrimers (27-29), or symmetrically 

anisotropic proteins (30, 31). In all of these cases, careful modulation of both the solution ionic 

strength and pH were necessary to reduce the degree of electrostatic attraction between 

nanocontainers and bridging elements as solution conditions favoring strong electrostatic 

attractions consistently led to the formation of kinetically-trapped disordered aggregates (16, 25, 

31, 32). Maintaining containers near their pI values or using higher ionic strengths to effectively 

tune the solution Debye screening length has been shown to reduce the strength of electrostatic 

attractions, allowing containers to instead assemble into thermodynamically-controlled lattice 

structures mediated by the polyvalent interactions of the employed bridging element (16, 32). In 

an exciting work recently reported by Uchida et al., the authors successfully generated two P22 

VLP populations differentially loaded with either ketoisovalerate decarboxylase or alcohol 

dehydrogenase enzymes that were assembled into ordered superlattices using polycationic 

dendrimers and recombinantly engineered anionic peptide tags on their VLPs’ exterior surfaces 

(16). The resulting superlattice structures were capable of producing isobutanol from 

ketoisovalerate in a multistep catalytic fashion, similar to the goal we sought to achieve with our 

encapsulin-based nanocontainer system. 

While these electrostatic-based strategies have been successful, they are not immediately 

translatable to our TmE-PBD and TmE-PL design as the protein-protein interactions between these 

container variants are not necessarily controlled by electrostatic interactions. The SH3 domain in 

particular interacts with its ligand, which forms a unique proline helix structure, largely through 

the binding of the N-substituted amides of the ligand’s proline residues within defined grooves 

located in the SH3 domain binding pocket that are shaped as to disfavor the binding of all other 
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amino acids natively lacking substituted backbone amines (33). Recently, however, McCoy et al. 

reported a successful blending of the both the electrostatic and protein-protein interaction-based 

assembly methodologies (17). Specifically, P22 VLPs were first assembled into ordered three-

dimensional lattices using weak electrostatic interactions mediated by polycationic dendrimers, 

and then engineered bifunctional protein domains that have been shown previously to non-

covalently bind to P22 exterior surfaces with low nanomolar affinity were used to lock the lattice 

structures in place (17, 34). Subsequently, the dendrimers could be removed following the addition 

of the bifunctional protein linkers without any loss of lattice stability. However, attempts to 

construct the lattice arrays using only the bifunctional protein domains without prior electrostatic 

preassembly led to the formation of disordered aggregates, which the authors attribute to the fast 

on-rate and slow off-rate of the protein-protein interactions due to the linker’s tight binding affinity 

(17, 35). It is likely that our own encapsulin-based system suffered from a similar problem due to 

the low to sub-micromolar binding affinities of both the PDZ and SH3 domains grafted into the 

TmE shells, and that revision of our strategy to incorporate a weak assembly method prior to the 

introduction of PBD/PL interactions would likely yield a similar outcome as that reported above. 

Rather than using heterogeneous populations of TmE-PBDs and TmE-PLs, we would likely be 

better suited using a single population of TmE-PBDs assembled via electrostatics that could then 

be locked in place using chemically synthesized peptide linkers possessing specific PL sequences 

at both the N- and C-termini. 
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5.3 – Synthetic Metabolons Using Nanocontainer Scaffolds 
 

The generation of novel metabolic pathways represents an exciting avenue for the 

enhanced industrial production of value-added synthons, fine chemicals, and advanced biofuels in 

a green manner from renewable carbon sources such as feedstock-derived carbohydrates and lignin 

(36-39). Using modern recombinant DNA and microbial engineering technologies, synthetic 

multistep metabolic pathways (i.e. metabolons) can be constructed both in vivo within common 

host organisms, such as E. coli and baker’s yeast, and in vitro for one-pot syntheses. Within the 

last decade, synthetic biologists have placed a special emphasis on the artificial co-localization of 

metabolon enzymes on or within protein, DNA, and lipid-based scaffolds in order to mimic the 

functional benefits observed in nature for biocatalysts similarly co-localized with organelles and 

macromolecular enzyme assemblies (40, 41). In particular, multiple experimental examples have 

shown that brining biocatalysts into close spatial proximity through both natural and synthetic 

scaffolding mechanisms can result in enhanced metabolon flux due to reductions in the diffusion 

loss of pathway intermediates, the establishment of local concentration gradients, and limiting the 

influence of competing substrates or ligands (41-45). Additionally, synthetic scaffolds permit 

researchers the ability to modulate the relative stoichiometries of specific metabolon enzymes in 

order to eliminate pathway bottlenecks resulting from kinetic imbalances between sequentially-

acting biocatalysts (42, 43). 

In recent years, engineered proteinaceous nanocontainers have been utilized as highly 

uniform and monodisperse scaffolds in several instances for the co-localization of multienzyme 

biosensor and metabolon systems (10, 11, 46, 47). However, in all of these cases, biocatalysts were 

functionalized onto only one face of the nanocontainer shell: either the exterior surface or the 
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interior luminal wall.  The second half of chapter 2 and chapter 3 of this dissertation collectively 

describe the generation of a functional nanocontainer-templated metabolon (i.e. a multienzyme 

nanoreactor) that utilizes both the exterior and luminal surfaces as unique scaffolding points for 

the simultaneous localization of complimentary biocatalysts. Specifically, we first showed that the 

covalent SpyCatcher/SpyTag bacterial superglue system (48) could be used to effectively and 

uniformly adhere up to 60 copies of an E. coli dihydrofolate reductase (DHFR) variant onto the 

exterior surface of TmE nanocontainers near the containers’ 5-fold symmetry axes. Subsequently, 

a THF-dependent aryl-O-demethylase derived from S. paucimobilis SYK-6, referred to as LigM, 

was non-covalently packaged within the encapsulins’ luminal spaces by taking advantage of a 

known protein-protein interaction between a C-terminal cargo-loading peptide (Clp) abstracted 

from the encapsulins’ native ferritin-like protein cargo and the interior surface of the encapsulin 

shell. Nanoreactors constructed using this “inside and out” approach were shown to be 

metabolically competent as a THF cofactor pool generated by surface-immobilized DHFR 

enzymes was capable of entering the encapsulin lumen to fuel the demethylase activity of 

encapsulated LigM catalysts. While the overall turnover of our two-step metabolon was 

approximately 5-fold lower than the turnover observed for non-scaffolded DHFR and LigM 

biocatalysts in vitro, the introduction of previously-established mutations designed to enlarge the 

5-fold symmetry pores within the encapsulin shell were found to increase the nanoreactors’ 

efficiency to match that of the non-scaffolded enzymes (49). These results indicate that the 

individual performances of the two biocatalysts were not adversely affected through incorporation 

into the nanoreactor assembly, but rather the exchange of substrates through the narrow 3 Å pores 

within the native encapsulin shell was the likely bottleneck resulting in the suppressed flux rates 

observed for the initial nanoreactor design. 
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Frustratingly, we observed none of the metabolon flux enhancements reported for other 

synthetically scaffolded metabolons with our encapsulin-based system due to potent product 

inhibition of our LigM biocatalyst by 5-CH3-THF. Additionally, we observed the linear aerobic 

degradation of the THF cofactor pool generated by surface-immobilized DHFR enzymes due to 

the slower relative activity of the LigM enzymes in our engineered metabolon. The loss of THF 

can be mitigated by performing reactions under anaerobic conditions, though the retention of the 

THF pool alone was insufficient to outcompete the observed 5-CH3-THF inhibition of LigM. 

Recently, Rosini et al. showed that coupling a plant-based MetE enzyme, which natively 

demethylates 5-CH3-THF in order to synthesize L-methionine from L-homocysteine, can serve as 

a viable THF-cofactor recycling system capable of eliminating the product inhibition that cripples 

LigM turnover (50). We have thus begun work to couple the same MetE enzyme to our own 

nanoreactors in the hopes that the removal of 5-CH3-THF will allow us to both increase the 

turnover of our encapsulated LigM catalysts and to subsequently better understand if further 

nanoreactor modifications are needed to enhance pathway flux for our artificial metabolon. 

Specifically, previous works with scaffolded multienzyme systems have emphasized that careful 

balancing of the individual kinetic properties of metabolon enzymes is often necessary to achieve 

efficient pathway flux (10, 42, 43). Our nanoreactor system innately possesses a higher 

stoichiometry of DHFR enzymes relative to LigM enzymes due to the larger surface area of the 

encapsulin outer surface versus the limited interior volume of the encapsulin lumen. Both DHFR 

and LigM have nearly identical kcat values, but the KM for THF exhibited by LigM is two orders 

of magnitude higher than the corresponding KM for DHF exhibited by our DHFR variant (51). We 

hope that removal of 5-CH3-THF inhibition will allow us to determine if the excess of DHFR is in 

fact beneficial for providing sufficiently high THF concentrations to accommodate the lower 
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inherent binding affinity of LigM, or if methods to alter the relative DHFR to LigM stoichiometry 

will be necessary to better optimize metabolon flux. 

 

5.4 – In vitro Cargo Loading Strategies 
 

 The ability to reversibly disassemble purified protein nanocontainers in vitro represents a 

powerful strategy for the user-directed encapsulation of diverse non-native cargoes in 

predetermined stoichiometric ratios (7, 52-55). In many cases, nanocontainer disassembly and 

reassembly phases can be initiated by modulating solvent pH and ionic strength or by using mild 

levels of chemical denaturants (54, 56, 57). However, while several research groups have 

successfully directed the encapsulation of non-native protein and inorganic metal nanoparticle 

cargoes within TmE nanocontainers in vitro in recent years, the solvent conditions used to prompt 

TmE disassembly were significantly harsher, involving the use of extreme pH values or high 

concentrations of chaotropic salts (58, 59). Efforts to replicate these in vitro cargo loading methods 

for TmE in our own laboratory showed that while certain protein cargoes are tolerant of the harsh 

solution conditions, others are significantly less so as rapid aggregation was observed for several 

candidate enzyme cargoes we tested. 

In light of these observations, Chapter 4 of this dissertation discusses our attempts to 

generate a novel methodology designed to simultaneously abrogate the native in vivo assembly of 

TmE nanocontainers and to introduce a user-triggerable “switch” that could allow the arrested 

container assembly to subsequently be re-initiated in vitro. More specifically, we sought to develop 

this methodology in order to allow researchers to perform in vitro cargo loading of encapsulins in 

a facile manner under benign solvent conditions. We subsequently showed that the native in vivo 
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assembly of TmE nanocontainers could be arrested through the introduction of unfavorable steric 

clashes within the encapsulin lumen by genetically grafting a bulky 40.3 kDa E. coli MBP onto 

the N-terminus of the TmE gene. Further, encoded protease recognition sites located within a 

flexible linker sequence between the MBP and TmE genes could be used to liberate the TmE 

monomers and permit their subsequent assembly into wildtype-like nanocontainers. However, 

attempts to use this methodology, which we have deemed “cleavage-prompted assembly,” to load 

GCaMP, a fluorescent reporter protein possessing a recombinantly-fused Clp affinity tag, into 

TmE nanocontainers in vitro were repeatedly unsuccessful. Attempts to optimize both the design 

of the MBP-TmE fusion proteins and the specific in-lab experimental processes were similarly 

ineffective. 

Several of our experiments offer possible explanations as to our repeated failures to achieve 

effective in vitro cargo loading using our CPA method. Analytical size exclusion chromatography 

performed with both the original MBP-TmE fusion protein and the modified MBP-TEVext-TmE 

variant (the chromatogram for the latter variant was not shown in chapter 4 as it was highly similar 

to the one reported for MBP-TmE) showed the presence of multiple oligomeric states in both 

samples, indicating that the introduction of the MBP domains into the TmE lumen only somewhat 

abolishes the ability of TmE protomers to self-assembly during in vivo expression. Additionally, 

we noticed a persistent amount of un-cleaved fusion protein in many of our samples following 

treatment with protease, leading us to suspect that the liberated TmE monomers were able to 

rapidly fill in the gaps of the partially assembled fusion protein structures, effectively sealing them 

off without GCaMP ever gaining access to the TmE luminal spaces. Given the close proximity of 

the TmE N-terminus to the Clp binding cleft, it is also unlikely that GCaMP is able to pre-bind to 

the luminal faces of the TmE monomers prior to CPA, further hampering their encapsulation. 
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The native assembly pathways for encapsulins of any size (i.e. T = 1, 3, or 4) have, to the 

best of our knowledge, been largely underexplored to date. High resolution mass spectrometry 

analyses of the 60-mer encapsulins originating from Brevibacterium linens indicate that dimers of 

the encapsulin shell protomers likely represent the smallest functional shell units, and that 

assembly of the full shell structure occurs via the polymerization of dimeric subunits (60). While 

the affiliated kinetics of the encapsulin nanocontainer assembly process remain unknown, previous 

in vitro assembly studies with similarly sized icosahedral viral capsids have elucidated several 

common trends relating to the kinetic behaviors of capsid construction (61, 62). In particular, many 

icosahedral capsids undergo assembly according to a sigmoidal, “nucleation-and-growth” process 

in which the initial assembly of low number oligomeric subunits is slow (61, 63, 64). Once a 

sufficiently large base oligomer is established, however, it serves as a nucleation point for the rapid 

polymerization of the full capsid structure with few to no equilibrium intermediates detected in 

between the two oligomeric states, indicating that the capsid assembly process follows a steep 

downhill energy landscape under physiological conditions (61, 63, 65, 66). For some viral capsids, 

the rapid assembly phase is completed in under one second at rates exceeding the diffusion limit 

(65). Given that encapsulins are evolutionarily related to viral capsids and that several low number 

oligomeric states were detected in conjunction with the fully assembled B. linens encapsulins in 

the previously referenced high resolution mass spectrometry analyses, it is entirely possible that 

encapsulins undergo a similar rapid assembly process in vitro (60, 67). Such rapid assembly would 

further support our notion that proteolytically liberated TmE protomers in our CPA method could 

be assembling at rates that do not leave sufficient time for effective encapsulation of our GCaMP 

reporter proteins. 
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Another observed trait of viral capsids related to their “nucleation-and-growth” behavior 

is that many viral capsids will not assemble in vitro until a sufficiently high concentration of capsid 

shell proteins is reached, presumably due to the inability to form sufficiently large nucleation 

centers capable of triggering the rapid assembly phase (64, 68, 69). Recently, Li et al. were able 

to determine the apparent critical assembly concentration (CACapp), which represents the minimum 

capsid monomer (or minimum biological oligomer) concentration in solution that will incite full 

capsid assembly, for VLPs derived from the bacteriophage MS2 (69). Adapting the reported 

methodologies, we attempted to determine the CACapp value for TmE nanocontainers by 

disassembling the encapsulins under acidic conditions, diluting the resulting monomers to varying 

concentrations between 1 and 11 μM, and then gradually dialyzing the samples back into 

physiological-like buffer conditions to promote reassembly of the nanocontainers. However, while 

were able to show that we could both disassemble and reassemble the encapsulins using the acid 

treatment followed by a return to physiological pH using dialysis, we were unable to determine a 

CACapp value as all of the concentrations tested showed complete reassembly of the encapsulin 

nanocontainers with no observable disassembled protomers remaining in analytical SEC traces. 

These data indicate that the CACapp value for TmE is likely in the nanomolar range, and thus the 

TmE protomers have a strong affinity for one another. Taken collectively, these data also indicate 

that TmE nanocontainers likely assemble rapidly in vitro.  

In summary, the CPA methodology described in chapter 4 does not currently represent a 

viable strategy for the encapsulation of non-native cargoes in TmE nanocontainers. However, we 

believe that it does represent a starting point from which a more refined system could be rationally 

engineered. For example, one could ask the question as to whether or not the sub-micromolar 

CACapp value observed for TmE is inherent to all encapsulins, or whether this observed high 
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affinity of the TmE protomers for one another is in fact the result of these encapsulins originating 

from an extremophilic organism. If so, then perhaps the CPA methodology is better suited to 

encapsulins arising from mesophilic organisms, such as Brevibacterium linens or Mxyococcus 

xanthus (67, 70), as these homologues may not experience the same degrees of container pre-

assembly that we believe is a major factor hampering effective cargo loading with TmE. 

Alternatively, alterations to the steric-based obstruction of encapsulin assemblies by engineering 

new tethering points for the MBP (or another sterically bulky protein) could both reduce 

encapsulin pre-assembly while also granted the non-native cargoes greater access to the luminally-

oriented Clp binding clefts prior to the initiation of encapsulin assembly. 
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